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ABSTRAK 

Pelepasan efluen kilang kelapa sawit (POME) ke tanah pertanian menyebabkan 

pencemaran alam sekitar kesan daripada ketinggian kepekatan komponen fenolik, 

keperluan oksigen kimia (COD) dan keperluan oksigen biokimia (BOD). Malah, 

penyusutan progresif bahan api fosil dan sumber mineral turut dikenal pasti sebagai 

cabaran pada masa hadapan. Kaedah penghasilan lipid mikrobial secara serentak melalui 

rawatan air sisa berpotensi menjadi penyelesaian terhadap kedua-dua isu tersebut. Kajian 

ini bertujuan untuk menghasilkan lipid microbial menggunakan bakteria dan yis 

oleaginous yang kuat iaitu Bacillus cereus (B. cereus) dan Lipomyces starkeyi (L. 

starkeyi) melalui bioremediasi POME dengan penapaian secara berkelompok. Kepekatan 

substrat POME yang berbeza (25%, 50%, 75%, dan 100%) digunakan sebagai nutrien 

untuk mengkaji tahap optimum kepekatan POME bagi pengeluaran hasil biojisim dan 

lipid paling maksimum. Hasil pemerhatian menunjukkan larutan POME yang 

mempunyai kepekatan sederhana (POME 50%) mempunyai kadar pertumbuhan 

mikrobial dan pengumpulan lipid yang lebih tinggi serta tahap bioremediasi yang 

signifikan. Tahap bioremediasi dinilai menggunakan beberapa parameter sisa air (BOD, 

COD, jumlah fenol, jumlah karbon organik dan lain-lain) dan indeks percambahan benih 

(GI) kacang hijau (Vigna radiata). POME yang dirawat menggunakan gabungan 

inokulum kultur (B. cereus dan L. starkeyi) menunjukkan penurunan ketara kadar 

pencemaran, khususnya COD bagi POME 50%, iaitu kecekapan penyingkiran sebanyak 

83.66%. POME tersebut turut mencapai nilai GI yang lebih tinggi berbanding sampel 

yang lain (dirawat menggunakan kultur tulen dan tanpa rawatan) kesan daripada 

remediasi yang ketara terhadap kehadiran organik berbahaya di dalam POME seperti 

yang dibuktikan oleh analisis Gas Kromatografi-Spektometri Jisim (GC-MS). Gabungan 

inokulum kultur telah menyumbang kepada pertumbuhan biojisim tertinggi (9.16 g/L) 

dan penghasilan lipid (2.21 g/L), dengan kandungan lemak 24.12% (berasaskan berat 

kering) dalam 50% (v/v) POME. Komposisi lipid dianalisa berdasarkan metil ester asid 

lemak menggunakan GC-MS. Kajian mendapati bahawa C16 dan C18 adalah asid lemak 

utama dalam lipid inokulum kultur yang membolehkan lipid mikrobial dapat digunakan 

sebagai bahan biodiesel. Satu kaedah baru pengekstrakan lipid, iaitu elektroporasi (EP) 

telah digunakan untuk mengekstrak lipid mikrobial dan kecekapan EP turut dibandingkan 

dengan beberapa kaedah konvensional yang lain. EP menunjukkan tahap kecekapan 

pengekstrakan lipid yang lebih tinggi sebanyak 31.88% (wt.%) berbanding dengan 

kaedah ultrabunyi (11.89%), reagen Fenton (16.80%), dan pengekstrakan pelarut 

(9.60%). Pengaruh parameter kajian seperti komposisi inokulum, pH, suhu, dan masa 

bagi penilaian kecekapan proses penyingkiran COD dan penghasilan lipid dioptimumkan 

menggunakan kaedah rangsangan permukaan. Pengoptimuman gabungan inokulum 

kultur menunjukkan bahawa komposisi inokulum, pH, suhu, dan masa mempunyai kesan 

yang signifikan terhadap prestasi penyingkiran COD dan pengumpulan lipid. Kecekapan 

maksimum penyingkiran COD sebanyak 86.54% dan pengumpulan lemak 2.95 g/L 

tercapai dengan komposisi inokulum, pH, suhu, dan masa inkubasi masing-masing 

adalah 50:50, 6.50, 32.5 ℃ dan 90 h. Oleh itu, hasil kajian ini menunjukkan bahawa 

gabungan kultur B. cereus dan L. starkeyi adalah inokulum yang berpotensi untuk 

mencapai pertumbuhan biojisim dan penghasilan lipid yang lebih tinggi dengan 

bioremediasi POME. Pendekatan kaedah gabungan bagi mencapai dwi-objektif kajian 

(bioremediasi POME dan penghasilan lipid mikrobial) memberikan sebuah strategi baru 

kepada pengilang minyak kelapa sawit. 



 iv 

ABSTRACT 

The discharge of palm oil mill effluent (POME) on arable land causes large amounts of 

environmental distress due to its high concentration of phenolic compounds, chemical 

oxygen demand (COD), and biochemical oxygen demand (BOD). On the other hand, the 

progressive depletion of fossil fuels and mineral resources have also been identified as a 

future challenge. The approach of simultaneous microbial lipid production through the 

wastewater treatment could be a potential option to address both renewable energy 

production and environmental resilience. This study aims to produce microbial lipids 

using robust oleaginous bacteria and yeast of Bacillus cereus (B. cereus) and Lipomyces 

starkeyi (L. starkeyi) through the bioremediation of POME in batch mode fermentation. 

Different concentrations of POME substrates (25%, 50%, 75%, and 100%) were used as 

nutrients to determine the optimum POME concentration for achieving maximum yield 

of biomass as well as lipid production. It was observed that among the different dilutions, 

the moderately diluted solution of POME (50% POME) showed higher microbial growth 

and lipid accumulation and offered a significantly higher degree of bioremediation. The 

degree of bioremediation was assessed by evaluating several wastewater parameters (i.e., 

BOD, COD, total phenol, total organic carbon, etc.) and determining the seed germination 

index (GI) of Mung bean (Vigna radiata). POME treated with a co-culture inoculum (B. 

cereus and L. starkeyi) substantially reduced the pollution load, particularly, in COD for 

50% POME, thus demonstrating a removal efficiency of 83.66%. Furthermore, POME 

treated with co-culture inoculum obtained a higher GI value than the other samples 

(treated by pure cultures and untreated) due to the significant remediation of detrimental 

organics present in the POME as evidenced by Gas Chromatography-Mass Spectrometry 

(GC-MS) analysis. Nevertheless, the co-culture inoculum was found to have potential for 

the highest biomass growth (9.16 g/L) and lipid accumulation (2.21 g/L), with a lipid 

content of 24.12% (dry weight basis) in the 50% (v/v) POME. Lipid composition was 

analyzed in terms of fatty acid methyl esters using GC-MS. C16 and C18 were found to 

be the predominant fatty acids in the lipid of co-culture inoculum suggesting the potential 

of microbial lipid to be used as a biodiesel feedstock. A novel lipid extraction method, 

namely electroporation (EP) was used to extract microbial lipid and the efficiency of EP 

was compared with some other conventional methods. The EP demonstrated a higher 

lipid extraction efficiency of 31.88% (wt.%) compared to the ultrasound (11.89%), 

Fenton’s reagent (16.80%), and solvent extraction (9.60%). Finally, the influence of 

several process parameters such as inoculum compositions, pH, temperature, and time on 

the performance of the COD removal efficiency and lipid accumulation were optimized 

using response surface methodology. Optimization of co-culture inoculum showed that 

the inoculum composition, pH, temperature, and time had a significant effect on the 

performance of the COD removal and lipid accumulation. The maximum COD removal 

efficiency of 86.54% and lipid accumulation of 2.95 g/L could be obtained while the 

inoculum composition, pH, temperature, and incubation time were 50:50, 6.50, 32.5 ℃, 

and 90 h, respectively. Therefore, the results of this study suggest that the co-culture of 

B. cereus and L. starkeyi could be a promising inoculum for attaining higher biomass 

growth and lipid production in conjunction with the bioremediation of POME. This 

combined approach of achieving dual objectives (bioremediation of POME and microbial 

lipid production) that is utilized in the present study provides a novel strategy for palm 

oil millers. 
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CHAPTER 1 

 

 

INTRODUCTION 

1.1 Background of the Research 

The modern world is confronting several burning issues such as energy crisis, 

wastewater generation, air pollution and global warming. However, environmental 

pollution caused by excessive wastewater generation and depletion of energy are the most 

important for human society (Chowdhary et al., 2018). Moreover, the increase in 

worldwide energy consumption due to population growth and economic development is 

becoming greater day by day (Schneider et al., 2013). To meet our energy needs, 

industrialization is necessary and hence, an overwhelming amount of industrial 

wastewater has been generated (Baranitharan et al., 2015). Mostly non-renewable fossil 

fuels such as petroleum, coal and natural gas are being used to fulfill this demand (Nayak 

et al., 2016). Generally, fossil fuels include about 88% of the global energy consumption 

which constitute oil (35%), coal (29%) and natural gas (24%) as the major fuels. Nuclear 

energy and hydroelectricity cover another 5–6% of the global energy consumption 

(Brennan & Owende, 2010). The use of fossil fuels as energy sources is unsustainable 

due to limited resources and accumulation of greenhouse gases (GHGs) in the 

environment (Ahmad et al., 2016). Compounding the problem further, the reserve of 

fossil fuel and mineral resources is depleting more than it can meet the demand from the 

population growth and industrialization (Nayak et al., 2016). In 2030, the world will be 

in need of almost 60% more energy than what is needed today (Ahmad et al., 2016). 

Therefore, the global research community is looking for substitutes for nonrenewable 

energy sources to meet energy demands and support an eco-friendly environment. In the 

past decade, intensive research efforts have been dedicated to finding alternative 

renewable energy sources, particularly energy generation, through a sustainable 

treatment of wastewater (Li et al., 2014; Nayak et al., 2016). A number of renewable 

energy sources, such as biodiesel, biogas, bioethanol, biohydrogen, etc., have been 

identified as potential options to replace the typical fossil fuels (Yousuf et al., 2017d). 

According to the European Renewable Energy Council, around 50% of the global energy 
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supply will be supported by renewable energy by 2040 (Sun et al., 2016). In this context, 

the ideal solution would be to use wastewater as a source of renewable energy, which 

would address both wastewater treatment and energy depletion issues. 

The wastewater, palm oil mill effluent (POME) is one of the major pollutants in 

Southeast Asia. Specifically, the production of palm oil is abundant in Indonesia, 

Malaysia, and Thailand, which produce a large volume of effluents with a high organic 

carbon content (Bala et al., 2015). Several reports have shown that these values are 100 

times higher than those of municipal sewage (Iwuagwu & Ugwuanyi, 2014). In Malaysia, 

the palm oil industry has grown by leaps and bounds over the last five decades and the 

number of palm oil mills was 454 with an estimated palm oil production of 19.9 million 

tonnes in 2017 (Chan & Chong, 2019; Chin et al., 2013). POME is a low pH wastewater, 

containing a high level of biochemical oxygen demand (BOD) and chemical oxygen 

demand (COD) in the range of 25,000–54,000 mg/L and 50,000 to >100,000 mg/L, 

respectively. POME is often discharged directly to the environment from a mill, which is 

objectionable and could pollute streams, rivers, and the surrounding lands (Choong et al., 

2018). When POME is discharged into water bodies, it turns the water brown, smelly, 

and slimy, and causes de-oxygenation that may kill fish and other aquatic organisms 

(Islam et al., 2017b). The disposal of untreated POME into soil alters its physicochemical 

properties and nutritional status and causes undesirable decreases in pH and increases in 

salinity (Islam et al., 2017a). In addition, environmental pollutants such as heavy metals, 

high amounts of ammonia, phenolic compounds, large concentrations of organic contents 

and low pH severely affect plant seed germination as well as root elongation 

(Gopalakrishnan et al., 2015). The soil quality can be deteriorated, and seed germination 

can be slowed down due to raw POME discharge. With that goal in mind, POME must 

be treated before it is discharged into the natural environment. Therefore, different 

techniques have been used for POME treatment before disposal. Generally, ponding-

based anaerobic and aerobic digestion are the most commonly used techniques for POME 

treatment. The ponding system has low maintenance costs due to operational and process 

simplicity; therefore, it is considered to be a feasible means of treating high strength 

organic wastewater (Ismail et al., 2013; Lek et al., 2018). However, it entails a long 

hydraulic retention time (~ 40 to 200 days) and a large land area (1 to 5 ha). In general, 

the existing POME treatment strategy requires several stages, hence, it is an intensive and 

expensive process with high energy demand and in many cases, not the most sustainable 
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option for economic and environmental reasons (Nizami et al., 2017). Currently, 

significant amounts of wastewater are being treated using different techniques (i.e., 

coagulation and flocculation, sedimentation, adsorption, filtration, photocatalytic 

treatment, aerobic and anaerobic digestion, etc.), which are considered either energy 

intensive or environmentally unfriendly (Alhaji et al., 2016). In this quest, an eco-friendly 

treatment method is required to develop a no-loss waste treatment process (Iwuagwu & 

Ugwuanyi, 2014). 

The biofuels (e.g., biochar, biogas, biohydrogen, biodiesel, bioethanol, etc.) 

produced from renewable sources (e.g., wood and wood residues, plants, animal matters, 

wastewater feedstocks, algae or algae derived biomass, etc.) have been considered as 

sustainable renewable sources to meet the future energy demand (Bharte & Desai, 2018). 

Among the different biofuels, the biodiesel is regarded as a promising alternative to the 

petroleum-based fuels, especially, for the transportation sector. Conventional biodiesel is 

produced by the transesterification of triacylglycerols (TAGs) from vegetable oils and 

animal fats with short chain alcohols, usually, methanol or ethanol (Kirubakaran & 

Selvan, 2018). Currently, the biodiesel is produced from edible substances (such as corn, 

soybean, rapeseed, and sugarcane) and plant feedstocks (like Jatropha, Miscanthus and 

switchgrass). However, these sources of triglycerides cannot satisfy the demand for 

biodiesel production due to the food versus feed competition and the limited availability 

of cultivable land for edible and non-edible feedstocks. Moreover, a significant amount 

of crude glycerol is produced as a by-product of this process and creates a bioburden to 

the environment (Kirubakaran & Selvan, 2018). In addition, the cost of the biodiesel, 

mainly due to the vegetable oils used as feedstocks, still exceeds that of the mineral diesel 

properties (Pinzi et al., 2014). Consequently, alternative sources of TAGs are required. 

In recent years, microbial lipids, also known as single-cell oils (SCOs), have piqued 

industrial interest due to their particular and precise biochemical and physicochemical 

properties (Kirubakaran & Selvan, 2018). The microbial lipids are regarded as promising 

alternatives to vegetable oils used for biodiesel production since the oil properties are 

similar in type, composition, and structure to the fatty acids (Kumar et al., 2020). Certain 

microorganisms (like algae, yeast, mold, bacteria, and fungi) are capable of accumulating 

more than 20% of lipids inside their cells as TAGs, which are known as oleaginous 

microorganisms (Kumar et al., 2020). Generally, the lipid yield of common oil crops is 

very poor. For example, canola yields only 1200 L/ha and palm oil approximately 6000 
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L/ha because the plant oil content is often less than 5% of their biomass. In contrast, some 

microorganisms achieve a much higher oil content but do not require fertile land. 

Furthermore, they are not affected by the seasons and the climate (Chen et al., 2018). In 

addition, microbial oils could be produced in a much shorter time than vegetable oils due 

to the short life cycle of microbes and the comparatively smaller amount of space and 

labor needed. However, in the case of microbial lipid production, the key setback is the 

cost of the growth medium (raw material cost) for cultivating microbes, which is up to 

80% of the total production cost (Patel et al., 2020). Therefore, exploring other carbon 

sources instead of glucose is imperative to reduce the cost of microbial oils, especially, 

for such oils used in biodiesel production. The use of industrial wastewater like POME 

as a feedstock to produce microbial lipids could be an ideal solution, as it simultaneously 

addresses the need for renewable carbon fuels and the reduction of the environmental 

burden posed by palm oil milling. 

1.2 Problem Statement 

Current scenario of POME treatment pointed out a necessity to investigate other 

non-traditional ways of POME valorization. Oleaginous microbes including bacteria 

(Patel et al., 2020), yeasts (Pirozzi et al., 2015), molds (Patel et al., 2020), and algae 

(Dong et al., 2016) are capable of converting several wastewater like POME into lipids 

(Pirozzi et al., 2014). Several studies have been reported to treat POME using various 

microbes, however, most of the techniques focused on bioremediation of POME only but 

not simultaneous valorization of POME (Bala et al., 2015; Ganapathy et al., 2019). In 

addition, the yield of lipid production is comparatively lower while pure cultures of 

microbes were used (Kumar et al., 2020; Patel et al., 2020). Usually, environmental stress 

conditions, like nutrition deficiency, are produced for oleaginous microbes to obtain high 

lipid content. However, the high lipid content achieved through this way using 

monocultures is often offset by decreased growth rates, that leads to lower biomass and 

lipid productivity (Magdouli et al., 2016). Lipid production performance could 

significantly be enhanced using different technique particularly by metabolically 

engineered strain production (Xu et al., 2016; Yang et al., 2018); however, the 

proliferation and stability of modified microbes may be sensitive in complex medium, 

especially, while an industrial wastewater is used as a nutrient source. Moreover, 

monocultures are associated with high risk of contamination which results in product and 
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capital losses during production process. Several symbiotic co-cultures possess traits that 

could overcome not only these limitations but also boost up in biomass, lipid, and other 

products yield, though not universally applicable to all cell systems (Padmaperuma et al., 

2018). In this context, a sustainable approach is highlighted in the present study with a 

possibility of valorizing POME to microbial lipid and concurrent bioremediation of 

POME using oleaginous microorganisms that could add a net positive value to this waste 

material from the environmental point of view. 

The cell wall disruption is the most challenging part of lipid extraction process 

from microbial cells, since lipids are located inside the cell (Liu et al., 2016). Numerous 

disruption methods including physical, chemical and enzymatic have been developed to 

achieve selective release of biomolecules (Middelberg, 1995; Yusaf & Al-Juboori, 2014). 

The non-mechanical methods are often limited to small scale and usually result in less 

intracellular product release and low process efficiency (Günerken et al., 2015; Liu et al., 

2016). The chemical-based method e.g., Bligh-Dyer is mostly used for lipid extraction 

because of its simple and easy operating procedure; however, practical application could 

be restricted due to various difficulties, such as extensive chemical usage, lower product 

yield, higher retention time, etc. Additionally, the practice of using chemicals and 

enzymes can lead to greater complexity in minimizing environmental impact (Liu et al., 

2016). Consequently, those have found limited commercial application to date (Günerken 

et al., 2015). Though mechanical methods such as high-pressure homogenization (Clarke 

et al., 2010), ultrasonication (Chemat & Khan, 2011), osmotic shocks (Yousuf, 2012) are 

popular, they are associated with high energy input (Günerken et al., 2015), high heat 

generation (Byreddy et al., 2015) and time consumption (Liu et al., 2016). Moreover, 

some of these methods can destroy the biomolecules of interest (denaturation of proteins) 

(Byreddy et al., 2015; Liu et al., 2016). Therefore, a new cell disruption approach is 

required to enhance lipid extraction from microbial biomass within a short time and in an 

eco-friendly manner. Recently, a cell disruption approach called electroporation (EP) is 

proposed to extract lipid from microbial biomass for the direct transesterification process 

(Yousuf et al., 2017b). However, the application of irreversible EP to damage cell wall 

to enhance lipid extraction from the yeast and bacteria have not been studied in detail. 

In co-culture system, the composition of co-culture inoculum, could have 

significant influence on the growth performance and lipid accumulation. Besides the 
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inoculum compositions, experimental conditions such as pH, time and temperature 

strongly influence the performance of microbial lipid production. In some recent studies, 

it has been observed that lipid content and fatty acid compositions vary depending on the 

nature of microorganisms and the environmental conditions including substrate type and 

concentration, incubation temperature and period, medium pH, static and shaking 

condition, nutrients etc. (Subhash & Mohan, 2014; Wang et al., 2015b). Therefore, 

optimization of operational parameters is emergent to enhance the performance of 

microbial lipid production by increasing the process efficiency in the optimized 

conditions. However, optimization of inoculum compositions along with the afore-

mentioned parameters (i.e., pH, temperature, time) which determine the performance of 

lipid accumulation in a yeast-bacteria co-culture has not been studied.  

1.3 Research Objectives 

The main objective of this study is to focus on the valorization of POME for 

producing microbial lipid through the bioremediation by using yeast-bacteria co-culture 

and to investigate the efficiency of microbial lipid extraction using EP technique. The 

specific objectives of this study are the following: 

1. To investigate the bioremediation efficiency of POME by B. cereus, L. starkeyi 

and their co-culture inoculum. 

2. To study the efficiency of microbial lipid extraction using a novel EP technique 

compared to several conventional extraction techniques.  

3. To evaluate lipid accumulation performance of B. cereus, L. starkeyi and their co-

culture through POME bioremediation. 

4. To optimize the yeast-bacteria co-culture for enhancing lipid production and 

bioremediation efficiency (COD removal) using response surface methodology 

(RSM). 

1.4 Scope of the Study 

The scope of this study is discussed as following based on each objective: 

The raw POME samples were collected and characterized with different 

concentrations (25, 50, 75, and 100% POME) to evaluate the optimum POME 
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concentration in terms of microbial growth profile. The performance of B. cereus, L. 

starkeyi, and their co-culture in remediating the pollutants from POME were investigated 

to elucidate the efficiency of co-culture consortia of yeast-bacteria compared to 

monocultures. Several wastewater parameters such as BOD, COD, total phenolic content 

(TPC), total organic carbon (TOC), total nitrogen (TN), nitrate nitrogen (NN), 

ammoniacal nitrogen (AN), total solids (TS), total suspended solids (TSS), total dissolved 

solids (TDS), and oil and grease were determined to calculate the removal efficiencies by 

different inoculums in the targeted POME concentration. The seed germination profiles 

were studied for untreated (raw) and treated (after digestion by different inoculums) 

POME to investigate the bioremediation efficiency and their influence on the plant 

environment. Furthermore, the treated and untreated POME samples were characterized 

using gas chromatography and mass spectrophotometry (GC-MS), to evaluate pollutant 

remediation from POME by B. cereus, L. starkeyi and their co-culture inoculum. 

To evaluate the efficiency of EP technique, lipid extraction was carried out using 

several conventional methods such as solvent extraction, Fenton’s method, ultrasound. 

An EP circuit (comprised high voltage power supply, pulse generator and switching 

circuit) and an EP reactor were designed and fabricated for EP treatment. The optimal 

conditions of EP such as voltage (4 kV), frequency (0-100 Hz), treatment time (0 to 10 

min), and distance between electrodes (2, 4, and 6 cm) in the reactor were investigated 

for EP technique by evaluating the microbial cell disruption and the lipid extraction yield. 

Finally, the lipid extraction yield of EP technique was compared with other methods to 

justify the efficiency of EP. 

The biomass harvesting, lipid accumulation capacity, and productivity in different 

POME concentrations (25, 50, 75, and 100%) were evaluated to determine the 

performance of B. cereus, L. starkeyi, and their co-culture inoculum through the 

bioremediation of POME. The extraction of lipid was performed by EP technique and the 

microbial cell disruption was visualized by field emission electron microscopy (FESEM). 

Furthermore, the fatty acid methyl esters (FAME) composition of lipids accumulated by 

B. cereus, L. starkeyi, and their co-culture in POME was characterized using gas 

chromatography and mass spectrophotometry (GC-MS). 

The lipid production performance and bioremediation efficiency (COD removal) 

were optimized using RSM to maximize the performance of the targeted co-culture 
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inoculum. The operational parameters (inoculum composition, initial pH, incubation 

temperature, and time) were considered as independent variables while the COD removal 

efficiency and lipid production were dependent variables. 

1.5 Justification of the Study 

In this study, a combined approach has been attempted for the first time to 

bioremediate POME wastewater and concurrently synthesize the microbial lipids using a 

pure culture of B. cereus, L. starkeyi, and their co-culture. In designing co-culture 

inoculum, B. cereus was selected due to its capability of utilizing a broader range of 

substrates including real wastewater, especially POME, while L. starkeyi was preferred 

as a robust lipid producer. Furthermore, B. cereus can survive in the harsh environmental 

conditions (i.e., low pH, high temperature) due to their spore forming capability and L. 

starkeyi can degrade oily substrate like POME by excreting several enzymes such as 

lipases. In addition, a novel electroporation technique was applied to extract lipid from 

microbes and the lipid extraction yield was compared with several typical extraction 

methods to justify the efficiency. Finally, the optimization of the operational conditions 

such as pH, temperature, cultivation period, and inoculum compositions were carried out 

using central composite statistical design (CCD) to maximize the lipid production as well 

as COD removal efficiency. To the best of our knowledge, no study has reported the 

potential of a pure bacterium, especially B. cereus, a yeast like L. starkeyi and their co-

culture to accumulate lipids through the bioremediation of POME. Thus, this approach 

of microbial lipid production and simultaneous bioremediation of POME can be 

considered as a novel study combining renewable energy production and environmental 

resilience. 

1.6 Organization of the Thesis 

The first part of the thesis presents the background and importance of 

accumulating microbial lipid through bioremediation using a pure culture of B. cereus, 

L. starkeyi, and their co-culture. The second part of the thesis provides a detailed literature 

review and methodology, while the final part presents the results and discussions. Chapter 

1 mainly focuses on the background of the study, along with the study objectives; Chapter 

2 describes the past research efforts related to POME treatment, microbial lipid synthesis, 
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and lipid extraction methods. The effect of microbial community composition on the 

performance of lipid accumulation and POME remediation is also discussed. Chapter 3 

discusses the materials and methods used in this research. The sample collection and 

culture medium preparation, inoculum preparation, determination of cell concentration 

and growth kinetics study, wastewater treatment analysis, biomass harvesting and lipid 

extraction, effect of different extraction methods are discussed. This chapter also provides 

the detailed information regarding the optimization of several parameters using co-

culture inoculum, experimental design and data analysis for optimization and statistical 

analysis. Chapter 4, 5, 6 and 7 describe the significant findings of this study, including 

the bioremediation efficiency of yeast-bacteria co-culture, efficiency of EP for microbial 

lipid extraction, lipid accumulation performances using different inoculum, effect of 

different process parameters on the performance of COD removal efficiency and lipid 

accumulation, and optimization of the performance. In addition, Chapter 8 presents the 

conclusion derived from the study and the recommendations for future studies. 
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CHAPTER 2 

 

 

LITERATURE REVIEW 

2.1 Palm oil mill treatment and bioenergy production 

2.1.1 Palm oil mill effluent (POME) 

The wastewater, POME is one of the major pollutants in Southeast Asia. 

Specifically, the production of palm oil is abundant in Indonesia, Malaysia, and Thailand. 

Approximately, there were around 94.76 and 60.88 million tonnes of POME produced in 

the year of 2015, by Indonesia and Malaysia, respectively (Choong et al., 2018). 

Moreover, the production of each tonne of crude palm oil usually results in the production 

of at least 2.5 ton of POME (Chan & Chong, 2019). Thus, Malaysia is estimated to be 

producing around 80 million tons of POME annually (Taha & Ibrahim, 2014). In 

Malaysia, the palm oil industry has grown by leaps and bounds over the last five decades 

and the number of palm oil mills was 454 with an estimated palm oil production of 19.9 

million tonne in 2017 (Chan & Chong, 2019; Chin et al., 2013). According to Malaysian 

Palm Oil Board, Malaysia recorded 19.5 million tonnes in palm oil production in 2018. 

The production had last pegged 2019 output at 20 million tonnes and is forecasted to rise 

to 20.3 million tonnes this year (Akhbari et al., 2019; Chan & Chong, 2019). 

POME is the most problematic pollutant from the palm oil industry due to its high 

load of organic contents. POME contains a mixture of wastewater from clarification 

(60%), sterilization (36%) and hydro-cyclone (4%) units (Akhbari et al., 2019). Raw 

POME is a colloidal matter which contains 95-96% water, 0.6-0.7% oil and 4-5% total 

solids containing 2-4% suspended solids. The suspended solids are mostly from palm 

fruit mesocarp (1) sterilizer condensate, (2) sludge separator and (3) hydro-cyclone 

waste (Ohimain & Izah, 2017). Several suspended components includes cell walls, 

organelles, short fibers, and carbohydrates spectrum ranging from hemicellulose to 

simple sugars, a range of nitrogenous compounds from proteins to amino acids, free 
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organic acids and an assembly of minor organic and mineral constituents (Ahmad et al., 

2016). 

Table 2.1 Typical characteristics of POME. 

Parameter 
Average 

(mg/L) 
Metal 

Average 

(mg/L) 

pH 4.7 Phosphorus 180 

Oil and grease 4,000 Potassium 2,270 

Biochemical oxygen demand (BOD) 25,000 Magnesium 615 

Chemical oxygen demand (COD) 50,000 Calcium 439 

Total solids (TS) 40,500 Boron 7.6 

Suspended solids (SS) 18,000 Iron 46.5 

Total volatile solids (TSS) 34,000 Manganese 2.0 

Ammoniacal nitrogen (AN) 35 Copper 0.89 

Total nitrogen (TN) 750 Zinc 2.3 

Source: Ahmad et al. (2016) 

Palm oil industry produces huge pollution load into the rivers, due to its high 

chemical and biological oxygen demand of POME as shown in Table 2.1. Many palm 

oils mills have not adhered to the wastewater discharge limits. If every human being is 

supposed to produce 14.6 kg BOD yearly, the BOD of POME is equal to the waste 

produced by 75 million populations which is around thrice the existing population in 

Malaysia (Ahmad & Chan, 2009). POME is considered as one of the major sources of 

pollution load in the water bodies when discharge does not meet the requirements of the 

Department of Environment Malaysia (Ding et al., 2016). 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/science/article/pii/S1364032116303197?via%3Dihub#t0010
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2.1.2 Palm oil mill effluent treatment 

POME is a viscous brown liquid with fine suspended solids at 4-5 pH (Ohimain 

& Izah, 2017). Naturally POME contains high organic content mainly composed of oil 

and fatty acids, carbohydrates (29.55%), proteins (12.75%), nitrogenous compounds and 

a significant amount of cellulose and non-toxic minerals, which can be a good source for 

microbial fermentation (Sangeetha et al., 2016). POME contains high chemical and 

biological oxygen demand and oil and grease, due to the lignocelluloses and 

hemicelluloses components of the material. This can cause considerable environmental 

problems if discharged without proper treatment. The characteristics and the parameter 

limits for POME discharge into water courses in Malaysia are summarized in Table 2.2. 

Table 2.2 Characteristics and parameter limits for POME discharge into water 

courses in Malaysia. 

Parameter 
Mean 

(mg/L) 
Range (mg/L) 

Limits of discharge 

(mg/L) 

pH 4.2 3.4-5.2 5.0-9.0 

Temperature - 80-90 45 

Biochemical oxygen 

demand 
25,000 10,250-43,750 100 

Chemical oxygen demand 51,000 
15,000-

100,000 
- 

Total solids 40,000 11,500-79,000 - 

Suspended solids 18,000 5,000-54,000 400 

Volatile solids 34,000 9,000-72,000 - 

Oil and grease 6,000 130-18,000 50 

Ammoniacal nitrogen 35 4-80 150 

Total nitrogen 750 180-1400 200 

Note: Units in mg/L except pH and Temperature (°C); the sample for BOD analysis is incubated at 30°C 

for 3 d. 

Source: Ahmad et al. (2016)  

https://www-sciencedirect-com.acces.bibl.ulaval.ca/science/article/pii/S1364032116303197?via%3Dihub#t0020
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Various treatments methods have been used to treat POME including: (a) 

anaerobic/facultative ponds; (b) tank digestion and mechanical aeration; (c) tank 

digestion and facultative ponds; (d) decanter and facultative ponds; (e) physico-chemical 

and biological treatment; (f) membrane treatment; (g) evaporation and clarification pond 

coupled with filtration and aeration (Ahmad et al., 2016). The conventional treatment is 

the pond system and biological treatment. In most mills, the under-sized biological 

treatment system is unable to cope with increasing POME volume (Ahmad et al., 2016). 

Cost effective treatment is needed to ensure sustainable economic growth of oil palm 

industry whilst protecting the environment. Anaerobic treatment of POME is widely used 

because of its low operational cost. During anaerobic treatment, a large amount of biogas, 

a mixture of colorless flammable gases, are produced. Nevertheless, there are more than 

85% of palm oil mills in Malaysia treating POME by using the low-cost ponding system 

(Choong et al., 2018). There are several disadvantages associated with conventional 

POME treatment such as long hydraulic retention times (HRT), low treatment 

effectiveness, more sludge production, wide land area requirement. Besides the 

disadvantage of large area required, the escaping greenhouse gases (CHGs, such as 

CO2 and CH4) to the atmosphere is another serious environmental problem of this 

treatment system. In fact, every tonne of POME treated in the anaerobic ponding system 

will generate 12.36 kg of methane gas (Choong et al., 2018). Obviously, the POME 

management system critically needs to be switched to the more sustainable treatment 

practice for the cleaner palm oil industry development. Table 2.3 shows different 

treatment systems used for POME treatment. 
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Table 2.3 Treatment methods of POME with comparison of economical, environmental and operational aspects. 

Treatment method Example 
Economical Aspect Environmental Aspect Operational Aspect 

Pros Cons Pros Cons Pros Cons 

Anaerobic digestion 

Rotating 

biological 

contactor 

 

Very 

energy 

intensive 

 
Inefficient 

treatment 
 

Requires incorporation of 

other treatment systems 

 
Activated 

sludge reactor 
      

Anaerobic ponding system  Low cost   
Large area 

required 

Reliable 

and stable 
Long HRT 

     
Uncaptured 

GHGs 
Simple  

Anaerobic digestion high 

rate closed system 

Continuous 

stirred tank 

reactor 

 High cost 
Captured 

GHGs 
  

Relatively more 

sophisticated 

 

Up flow 

anaerobic 

sludge blanket 

reactor 

  

Higher 

treatment 

effectiveness 

   

        

 

Anaerobic 

fluidized bed 

reactor 

      

Chemical treatment 

Coagulation 

and 

flocculation 

 
Extra cost 

required 
 

Inefficient 

treatment 
 

Pretreatment of POME 

required 

 Flotation       

 Adsorption       

Physical treatment Sedimentation Low cost   
Inefficient 

treatment 
 

Pretreatment of POME 

required 

 Centrifugation       
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Generally, ponding-based anaerobic and aerobic digestion are the most commonly 

used techniques for POME treatment. The ponding system has low maintenance costs due 

to operational and process simplicity; therefore, it is economical and considered to be a 

feasible means of treating high strength organic wastewater (Ismail et al., 2013; Lek et 

al., 2018). However, it entails a long hydraulic retention time (generally 40 to 200 days) 

and a large land area (approximately 1 to 5 ha). Moreover, it is not considered 

environmentally friendly because the methane produced by this technique is wastefully 

released into the atmosphere, and the system cannot be certified for carbon emission 

reduction trading (Ismail et al., 2013; Lek et al., 2018). In some cases, POME was 

subjected to physical and chemical pretreatment consisting of coagulation and 

flocculation aid, sedimentation, and adsorption using activated carbon or membrane 

filtration (Liew et al., 2015). However, the applicability of a wastewater processing 

system associated with a higher cost might be unpersuasive to the palm oil millers. 

Therefore, economically viable and environmentally friendly treatment methods should 

be developed by valorizing POME. It has been presented in some recent reports that 

POME contains a significant amount of nutrients such as carbohydrates, proteins, 

vitamins and mineral salts which can stimulate the growth of heterotrophic 

microorganisms (bacteria, yeast, fungi, and microalgae) (Bala et al., 2015; Gobi & 

Vadivelu, 2013). Moreover, the highly concentrated nitrogenous compounds in POME 

could be beneficial for the cultivation of various types of microorganisms (Bala et al., 

2015). Oleaginous microorganisms are capable of converting several waste substrates like 

POME into lipids (Pirozzi et al., 2014). Therefore, POME can be treated by oleaginous 

microorganisms to produce microbial lipids that could be a potential substitute for plant 

oils, as a future source of biodiesel (Cheirsilp & Louhasakul, 2013) as well as the 

bioremediation of POME. 

2.1.3 Bioremediation of wastewater and biodiesel 

Generation of biogas is a significant part of the biogeochemical carbon cycle. 

Methanogens (methane producing bacteria) are the last link in a chain of micro-organisms 

which decompose organic material and return the decomposition products to the 

environment. Other than that, since early days, microalgae are being used for human 

health food products, feeds for fish and livestock, and cultured for their high value of oils, 

chemicals, pharmaceutical products, and pigments. Microalgae can produce varied forms 
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of renewable biofuels including biomethane, biodiesel, bioethanol, and photobiologically 

produced biohydrogen (Suganya et al., 2016). The concept of biofuel production from 

microalgal biomass is not ideal, but getting more attention due to increasing petroleum 

prices and more widely, the concern about global warming and climate change from the 

burning of fossil fuels (Shuba & Kifle, 2018). Microalgae can use solar energy for 

biomass production with relatively less land requirement than conventional agriculture. 

Figure 2.1 shows a conceptual model of biofuel production from algae. 

 

 

Figure 2.1 A conceptual model for integrated microalgal biomass and biofuel 

production. 

Source: Ahmad et al. (2016) 

Among earliest research into the development of microbial biofuels, National 

Renewable Energy Laboratory has been the pioneers from 1978 to 1996. It concludes that 

a more practical method for the microbial biodiesel production is to utilize wastewater 

treatment for cultivation, an already well-developed technology (Ahmad et al., 2016). 

Oleaginous microbes like algae or yeast readily take up heavy metals like cadmium from 

the environment and then make a heavy metal stress response, which includes production 

of heavy metal binding factors and proteins. Several macroalgal species such as Lamiaria, 
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Sargassum, Macrocystis, Ecklonia, Ulva, Lessonia, and Durvillaea have been reported 

for binding of heavy metals such as copper, nickel, lead, zinc and cadmium (Manzoor et 

al., 2019). Higher heavy metal levels may hinder other main processes (e.g. 

photosynthesis and growth) and finally may kill the cells. Treatments of industrial, 

municipal and agricultural wastewaters by microalgae culture systems have been 

reported (Samorì et al., 2013; Zhu et al., 2013). Algae enhance degradation; improve 

CO2 balance and lower energy demand for oxygen supply in aerobic treatment stages. 

The algae have a dual role of incorporating nutrients and to provide oxygen to bacteria. 

Bacteria, in turn, involve in the degradation of organic material in wastewater, the same 

process utilized in activated sludge. Cyanobacteria and Chlorella sp. are reported to be 

efficient for the treatment of organic pollutants from paper industry wastewater (Pandey 

et al., 2019). 

Besides, oleaginous microorganisms are capable of reducing the COD and BOD 

in wastewater and a more economical way to eliminate pathogens, phosphorus, and 

nitrogen than activated sludge (Mujtaba et al., 2018). Cheah et al. (2018b) reported that 

the microalgae C. sorokiniana produce a higher biomass (2.12 g/L) and lipid yields 

(11.21%) in pretreated POME and simultaneous pollutants removal efficiencies were 

62.07% (TN), 47.09% (COD) and 30.77% (TP). Louhasakul et al. (2016) valorized 

POME into lipid (1.64 ± 0.03 g/L) and lipase (3353 ± 27 U/L) by marine yeast Yarrowia 

lipolytica and evaluated their potential application in biodiesel production. The yeast 

Galactomyces reessii was cultured in POME, and the activity of the ligninolytic enzymes 

(laccase and manganese peroxidase) and phenol removal was demonstrated by Chaijak et 

al. (2018). In another study, Ganapathy et al. (2019) studied the boremediation POME 

using Meyerozyma guilliermondii which resulted in a substantial reduction of COD of 

72%, total nitrogen of 49.2% removal, ammoniacal nitrogen of 45.1%, total organic 

carbon of 46.6%, and 92.4% removal of oil and grease after 7 days of treatment period. 

2.1.4 Waste substrates for biodiesel production 

SCOs produced by oleaginous microorganisms is the supplementary source of 

conventional oil and fat. The economic values of these bioprocess has become more 

favorable when zero or negative value waste substrates are utilized as carbon or nitrogen 

sources (Madani et al., 2017). Glucose is the most common and suitable substrate used in 

lipid production process because most oleaginous microorganisms are capable of 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/micro-organism
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/bioprocesses
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/carbon-source
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/carbon-source
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assimilating glucose for producing SCO. Although it is the best choice for evaluation of 

lipid production in oleaginous micro-organisms (Fakas et al., 2009), but the high cost 

of biodiesel is the major obstacle for its commercialization. Using of waste oil and other 

cheap raw materials can reduce the cost of process (Fei et al., 2011; Karatay & Dönmez, 

2010). 

Abundance and low cost of lignocellulosic compounds is very important from 

economical point of view (Madani et al., 2017). Lignocellulosic materials are good 

substrates for microbial oil production because of the abundance and low cost (Khot et 

al., 2012; Zheng et al., 2012). Hemicellulose is the main component of lignocellulosic 

materials; also it is the second polysaccharide in the nature and a good source of xylose. 

The most abundant monomers in hemicellulose are xylose compounds, so identification 

of yeasts and bacteria with the ability of assimilating xylose and converting it to desired 

product is valuable (Madani et al., 2017). Some of oleaginous yeasts and bacteria can 

metabolize pentoses. This shows the ability of TAG production from lignocelluloses 

substrates and other low cost materials (Sabirova et al., 2011; Zheng et al., 2012). Pan et 

al. (2009) isolated oleaginous yeasts with assimilating capacity of xylose and the best 

yeast strain could produce 5.8 g/L lipid while using 40 g/L xylose. Dai et al. 

(2007) used environmental residues such as corn stalk and rice straw as sole carbon 

sources for lipid production using yeast like Rhodotorula glutinis. The results for lipid 

content were 11.78 and 5.74% on corn stalk and rice straw, respectively. Enshaeieh et al. 

(2018) used R. mucilaginosa on xylose, wheat straw, rice bran, grass hydrolysate and 

leaves hydrolysate and obtained lipid yield of 8.1, 5.9, 6.2, 7.5 and 6.8 g/L, 

respectively. Enshaeieh et al. (2012) reported lipid yield of 7.12 and 6.54 g/L for R. 

aurantiaca on rice bran and wheat straw, respectively. 

2.1.5 Wastewater as a source of microbial lipid for biodiesel production 

Recently, the use of industrial wastewater as a feed stock to produce microbial 

lipids for non-fossil biofuels (i.e., biodiesel) production is considered as a sustainable 

solution as it simultaneously addresses the need for low cost growth medium for 

cultivating microbes and the reduction of the environmental burden posed by wastewater. 

A variety of organic wastes, especially, industrial wastewater like palm oil mill effluent 

(POME) (Bala et al., 2015; Karim et al., 2019; Louhasakul et al., 2016), citrus wastewater 

(Karim et al., 2018b; Qadeer et al., 2018), dairy waste effluent (Gawai et al., 2017; Kumar 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/biodiesel
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/commercialisation
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/lignocellulosics
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/lignocellulosic-material
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/microbial-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/hemicelluloses
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/polysaccharide
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/xylose
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/monomer
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/pentose
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/lignocelluloses
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/corn-stalk
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/hydrolysate
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et al., 2015), milk processing wastewater (Cea et al., 2015), apple waste (Qadeer et al., 

2018) have been widely used in the microbial lipid production. It has been reported in 

several recent studies that the wastewater like POME contains a significant amount of 

nutrients such as carbohydrates, proteins and mineral salts which can stimulate the growth 

of heterotrophic microorganisms including bacteria, yeast, fungi, and microalgae (Bala et 

al., 2015; Islam et al., 2018c; Karim et al., 2019). Although various strains of several 

oleaginous microbes could accumulate significant amount of lipids but not all of them 

may not be able to efficiently utilize the nutrients from wastewaters like POME. However, 

certain microorganism native to special environments may be more prone to produce 

cellular lipids by assimilating the nutrients from POME. 

2.2 Cell disruption and lipid extraction techniques for potential biofuel 

production 

2.2.1 Overview of cell disruption 

Biofuels from microbial lipids are considered as one of the most promising 

substitutes to the non-renewable fossil fuels. However, the efficient recovery of microbial 

lipids is emergent for the overall process economics and sustainability. The conventional 

lipid extraction technique entails direct use of organic solvents to liberate the intracellular 

lipids, thus making the extraction process more time-consuming and less eco-friendly. 

Furthermore, the efficiency of extraction process is affected by several problems, such as 

the rigid structure and composition of microbials cell walls, the water content of biomass, 

the limited accessibility of lipids, the reduced mass transfer, the formation of stable 

emulsions, etc. Various modifications (e.g., use of green solvents, direct 

transesterification, pretreatment for disrupting microbial cells, etc.) to conventional lipid 

extraction have been proposed to mitigate the problems associated with lipid extraction. 

Among them, the pretreatment approach (i.e., mechanical, chemical, biological cell 

disruption) in combination with solvent based extraction would be a promising approach 

to address the problems during lipid extraction. Therefore, intensive research, review and 

analysis are required to understand the challenges in lipid extraction and to develop a 

useful extraction process in terms of biomass status (dry/wet), solvent use, lipid yield, 

extraction time, and scalability. In this chapter, we have reviewed the composition and 

possible applications of microbial lipids with the main challenges in their extraction 
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process. Furthermore, the advantages and limitations of several pretreatment methods for 

cell disruption have been comprehensively discussed. 

2.2.2 Importance of cell disruption in microbial lipid extraction 

The conventional fossil fuels such as petrol, diesel, coal, natural gas, etc. are 

considered as the basic sources to meet this energy demand (Yousuf et al., 2017c). 

However, the progressive depletion of these petroleum-based fuels is recognized as a 

future challenge. In this context, the concern regarding alternative sources of energy to 

replace the fossil fuels is increasing tremendously (Alhattab et al., 2019; Yousuf et al., 

2017c). The increasing demand for bioenergy sources and bioactive compounds has 

intensified research into biofuels as a viable renewable source to fulfil these needs. The 

biofuels (e.g., biochar, biogas, biohydrogen, biodiesel, bioethanol, etc.) produced from 

biomass (e.g., wood and wood residues, plants, animal matters, waste energy feedstocks, 

microbial biomass, etc.) have been considered as sustainable renewable sources to meet 

the future energy demand (Bharte & Desai, 2018; Karim et al., 2018b). Among them, 

microbes-derived biodiesel has gained widespread interest as one of the promising 

substitutes to the non-renewable fossil fuels. 

 

Figure 2.2 Key route of the oleaginous microbes processing to obtain different 

valuable products.  



 21 

Oleaginous microorganisms produce a wide range of valuable nutrients useful in 

various industries, such as proteins and carbohydrates, along with the lipids used to 

produce biofuels (Chew et al., 2017). For example, the microbial lipid yield were 

estimated to be 20,000-80,000 L/acre/year, which are about 30 times more than those 

obtained from seed crops fuels (Enamala et al., 2018). In addition, oleaginous microbes 

are considered as effective source of biodiesel due to the rapid growth rate; capable to 

grow in various complex environments including wastewaters; high biomass 

productivity; low land use; non-toxic; biodegradable; less harmful gas emissions (Arenas 

et al., 2017); diverse biochemical composition (Papazi et al., 2012); and limited 

competition with the edible crops; etc. (Bharte & Desai, 2018). However, large quantities 

of chemicals or high energy inputs are required for the extraction of intracellular 

compounds (Figure 2.2) due to the recalcitrance, complexity, and diversity of microbial 

cell walls (Gerken et al., 2013). Consequently, the use of oleaginous microbes as a 

feedstock for biofuel production is hindered by the process economics and sustainability 

(Alhattab et al., 2019). For instance, about 25-75% of the microbial biomass comprises 

stored lipids, however, extraction of lipids is the most challenging and energy intensive 

procedure due to the tiny microbial cells, rigid cell walls, and limited contact between the 

solvents during lipid extraction (Bharte & Desai, 2018). 

 

Figure 2.3 The potential applications of microbes and different valuable products.  
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Generally, the cell walls of microorganisms are structurally robust, complex, and 

chemically diverse and therefore, the disruption of the microbial cell wall is the most 

crucial step to extract different valuable biomolecules (Figure 2.3) from the cells. 

Moreover, the lipid extraction process is often influenced by the water content of biomass, 

selection of suitable solvents, the blocking effects from insoluble biomass residues, the 

limited lipid accessibility, and the formation of stable emulsions, etc. Therefore, several 

alternative approaches (e.g., use of green solvents, direct transesterification, pretreatment 

for disrupting microbial cells, etc.) for lipid extraction have been proposed to mitigate the 

problems associated with conventional lipid extraction process. Among them, the 

pretreatment approach in conjunction with solvent based extraction can be an emerging 

approach to address the problems during the extraction of microbial lipids. Recently, the 

extraction processes are often conducted with solvents using untreated, chemically treated 

or mechanically treated cells. These methods of treating microbial cell to enhance 

intracellular lipid extraction are often called pretreatment methods or cell disruption 

techniques (Alhattab et al., 2019). Various cell disruption techniques (e.g., physical, 

chemical, and biological methods, etc.) have been reported to extract the desired 

compounds from microbial biomass (Bharte & Desai, 2018; Brennan & Owende, 2010; 

Dong et al., 2016). The physical techniques include bead beating, high-pressure 

homogenisation, ball milling, microwave heating (Iqbal & Theegala, 2013), 

ultrasonication, hydrodynamic cavitation, thermolysis, electrocoagulation, osmotic 

shocks, electroporation and laser treatments (Sati et al., 2019), whereas the chemical 

methods are based on selective interaction of the cell walls with certain chemicals, such 

as, chloroform; methanol; hexane; isopropanol; acetone; dichloromethane; and so on. 

Some other methods include autoclaving and lyophilisation (Lee et al., 2010), 

supercritical carbon dioxide extraction (Crampon et al., 2013), etc. However, there is no 

agreed conclusion of the most suitable pretreatment method for different algal species. 

Therefore, in this chapter, the challenges of lipid extraction and the proposed alternatives 

to overcome the challenges for enhanced product recovery are discussed. The importance 

of a suitable cell disruption technique for enhanced product recovery is also focused in 

this regard. 
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2.2.3 Microbial lipid composition and distribution 

Oleaginous microorganisms are gaining increased interest compared to other 

sources (Borowitzka, 2013; Mehta et al., 2018), since they can accumulate diverse kinds 

of value-added components (e.g., proteins, lipids, carbohydrates and pigments) (Figure 

2.3). Generally, oleaginous microorganisms contain a wide range of lipid classes (Figure 

2.4), such as free fatty acids (FFAs), glycolipids, phospholipids, acyl-glycerides, 

lipoprotein, hydrocarbons, sterols, and pigments. The lipid classes have different physical 

and chemical properties, like solubility, polarity, viscosity, etc. (Enamala et al., 2018). 

The lipids can be classified as polar and nonpolar, based on their polarity and chemical 

structure of molecular head group. The polar lipids of microbes are used to form the cell 

membranes and include glycolipids and phospholipids. On the other hand, the nonpolar 

lipids (i.e., neutral lipids) are usually used as the energy source and comprised of FFAs 

and acylglycerols (mono, di, and tri) (Subhash et al., 2017). The key ingredients of both 

polar and nonpolar lipid molecules are the long chain (comprising 12-22 carbon in length) 

fatty acids, which can be unsaturated (at least one double bond) or saturated (no double 

bonds). It is worthy to note that the quality and production of biodiesel is directly affected 

by the composition of fatty acids (Sati et al., 2019). However, triacylglycerols (TAGs) 

are the main target to produce biodiesel among the different lipid groups, because of their 

lower degree of unsaturation compared to other lipid fractions. 

 

Figure 2.4 Different classes of microbial lipids with examples.  
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Generally, lipids are stored in different locations in the cell and play a significant 

role since the have specific cellular functions. The lipid bodies (containing mostly of 

sterol esters and TAGs) are surrounded by a phospholipid monolayer and exist in the 

cytoplasm as a form of energy storage. These lipid-rich cell compartments are found in 

all eukaryotic organisms, and also in some prokaryotic genera, e.g., Streptomyces and 

Rhodococcus (Dong et al., 2016). However, the rigidity of microbial cell wall impedes 

the efficient extraction of lipids for biodiesel production. Eventually, the yield of 

biodiesel depends on the lipid contents of individual cells, which varies significantly for 

different microbial species. Biodiesel production from oleaginous microorganisms (such 

as microalgae, bacteria, yeast), includes several upstream and downstream operations, 

including cultivation of microbes; biomass harvesting; lipid extraction; and 

transesterification of the lipids (Figure 2.5). Among them, the extraction of lipids is the 

most challenging step, and it represents an significant bottleneck for industrial scale 

biodiesel production (Karim et al., 2018d). Since lipids are generally synthesized in the 

cellular compartments of the microbial cells in the form of lipid droplets; hence, it is 

essential to break up the cell walls in order to improve the extraction yield of the 

intracellular compounds from biomass. Various chemical, mechanical, biological, and 

physiochemical pretreatment methods could be applied to disintegrate the microbial 

cellular membranes (Patel et al., 2018). Therefore, a suitable cell disruption technique can 

be considered as a key factor to improve the lipid extraction efficiency in microbial oil 

based biodiesel production (Gerken et al., 2013). 

2.2.4 Microbial lipid extraction mechanisms 

The lipid extraction from microbes is generally carried out from dried biomass 

(dry route) or wet biomass concentrate (wet route) (Sati et al., 2019). In most cases, lipids 

are extracted using solvent based techniques, hence solvents play a vital role in both 

routes. In some cases, solvents are subjected directly into cell pellets while in other cases, 

solvents are employed during cell disruptions (Alhattab et al., 2019; Bharte & Desai, 

2018). Generally, lipids are dissolved into a number of solvents, such as methanol, 

ethanol, butanol, isopropanol, chloroform, n-hexane, acetone, benzene, and cyclohexane; 

however, hexane, chloroform and methanol are regarded as the most potential solvents to 

extract microbial lipids (Brennan & Owende, 2010; Dong et al., 2016). The solvents 

should have high specificity for intracellular lipids, insoluble in water, greater penetration 
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ability through the cell matrix, low boiling point, volatile, inexpensive, and non-toxic 

characteristics in order to be efficient for product recovery (Sati et al., 2019). 

 

Figure 2.5 Key steps of microbial oil-based biodiesel production process. 

Source: Modified from Sati et al. (2019) 

In solvent extraction, generally, a mixture of polar and nonpolar solvent, with a 

particular mixing ratio has been used for complete recovery of intracellular lipids 

(Brennan & Owende, 2010). The solvent molecules penetrate the cell walls, subsequently 

enter to the cytoplasm, and form the complex structures with neutral lipids (which exist 

in the cytoplasm in the form of globules) while microbial biomass is subjected to a 

nonpolar solvent (Figure 2.5). These lipid-solvent complexes diffuse out of the cell walls 

into the bulk solvent due to variation of concentration gradient (Dong et al., 2016). 

However, a certain fraction of neutral lipids is remained inside the cell as a complex with 

polar lipids (which attached to the cell membrane protein via hydrogen bond). Hence, the 

use of polar solvent is emergent to disperse these lipid fractions. The polar solvents 

separate these neutral lipids from the complex via formation of hydrogen bonds with the 

polar lipids (Sati et al., 2019). This process inevitably brings out the polar lipids into the 

bulk solvent. Finally, they are recovered by the distillation or evaporation of the solvents. 



 26 

2.2.5 Challenges in microbial lipid extraction process 

The rigid cell wall of microbes may prevent direct contact between the solvent 

and the cell membrane, and ultimately, hinders the lipid extraction. Besides, the 

physiological properties e.g., the location where the lipid is stored, and the process by 

which lipid contents accumulated in the cell can also influence the efficiency of the 

solvent (Brennan & Owende, 2010). Apart from these, lipid recovery from wet biomass 

in a practical extraction process, can be also affected by other factors such as, water 

content in cell biomass; selection of the solvents; mass transfer mechanism; lipid 

accessibility; formation of emulsions; etc. (Dong et al., 2016; Yousuf et al., 2017b). 

However, these important factors are overlooked since the cell disruption was mostly 

focused in all studies of wet lipid extraction, even though these factors are crucial to 

develop an economic and sustainable process. 

2.2.6 The role of cell wall structure and composition on product yield 

Some microbes such as microalgae or yeast form robust cell walls having a tensile 

strength of ~9.5 MPa, which about 3 times stronger than the plant cells (Bharte & Desai, 

2018). The robust cell wall structure of various species acts as a barrier to the commercial 

utilization of microbial oil. Generally, cell wall are comprises of cellulose, glycoproteins, 

protein, uronic acid, xylan, mannose, and minerals such as calcium or silicate (Bharte & 

Desai, 2018). For example, the complex sugars forming microbial cell walls (e.g., 

Tetraselmis striata, Tetraselmis suecica, etc.) are mainly made of up of galactose, 

mannose, xylose, rhamnose, and arabinose. The high content of glucose and mannose 

contributes to the rigidity of cell wall (Alhattab et al., 2019). Consequently, the cell wall 

structure and composition of microbes have a significant effect in lipid extraction 

efficiency and performance as well as in cell disruption techniques. Therefore, a deep 

insight into the role of cell wall structure, composition, and cell size need to be considered 

for selecting an appropriate pretreatment technique to increase product recovery. 

2.2.7 Effect of biomass water content on lipid extraction 

Drying of the biomass is emergent step for lipid extraction and trans-esterification 

from microbial cells. However, the drying of microbial biomass significantly increase the 

time and cost of the biodiesel production through transesterification (Brennan & Owende, 

2010). Moreover, the drying temperature may affect in the composition and amounts of 
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lipids during the extraction from algal biomass. For instance, drying the biomass at 60-

70 ℃, the TAG in lipids remain unchanged and the total lipid content may decrease 

slightly; however, both the concentration of TAG and lipid yield may decrease with a 

higher temperature than that of normal range (Brennan & Owende, 2010; Yousuf et al., 

2017b). Therefore, the wet biomass have been preferred to minimize the production cost 

and process difficulties; however, the extraction efficiency of lipids would be decreased 

if microbial biomass contains high water content (Yousuf et al., 2017b). In a recent study, 

Ehimen et al. (2010) reported that the oil to fatty acid methyl ester (FAME) conversion 

was practically hindered with microbial biomass having a water content more than 32%; 

however, 82% FAME conversion was achieved when water content was reduced to 0.7%. 

In these cases, a higher proportion of alcohol to total lipid content is required, which may 

not be eco-friendly. Nevertheless, the extraction of lipids from wet microbial biomass 

experienced several challenges such as reduced mass transfer, limited accessibility of 

lipids, and formation of stable emulsions, etc. (Dong et al., 2016). Therefore, intercellular 

products i.e. extraction of lipids with solvents are difficult from wet algal biomass without 

a suitable pretreatment (Brennan & Owende, 2010). 

2.2.8 The solvent extraction 

The solvent extraction is usually employed in extraction of lipids from wet 

biomass in most of the transesterification studies, particularly in direct transesterification. 

However, heating for reflux needs higher energy consumption and suffers from many 

difficulties in solvent extraction, hence, the scale-up process is still limited (Park et al., 

2015; Yousuf et al., 2017b). Cheirsilp and Louhasakul (2013) observed that the direct 

transesterification without addition of nonpolar solvent required longer reaction time (~6 

h) with a methanol/biomass ration of 125:1. However, the reaction time decreased to 1 h 

with an increase in methanol/biomass ratio to 209:1. This is due to the higher water 

content of reaction medium. In another study, Wahlen et al. (2011) reported that wet 

microbial cells having a water content of greater than 50% required a higher amount of 

methanol to obtain a FAME content of more than 70%. However, the uses of an excess 

amount of solvent would not be environmentally friendly; therefore, it is important to 

overwhelm this limitation. It is presumed that a suitable pretreatment method for cell 

disruption prior to the extraction could be effective to solve this problem. 
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2.2.9 Selection of solvent for lipid extraction 

In the solvent extraction, a suitable partition coefficient of extraction solvent is 

imposing the solute to migrate into the solvent phase from the aqueous phase. Therefore, 

a solvent should be selected so that the lipids have higher partition coefficient in it. 

However, neutral lipids (i.e., hydrophobic lipids) would be favorably partitioned into the 

nonpolar solvent phase based on the “like dissolve like” principle; whereas, polar lipids 

could not been extracted so readily with nonpolar solvents because of their bindings with 

biomass matrix (Dong et al., 2016; Sati et al., 2019). Thus, the co-solvents are typically 

used in lab scale extraction to disrupt the linkage between polar lipids and biomass matrix, 

and to improve the solubility of polar lipids as well. 

The efficiency of the solvent extraction is reliant on the selection of solvents and 

the ratio of the solvents in which these are used. Although, a lots of individual solvents 

and their combinations have been employed so far; the chloroform: methanol mixture has 

been reported as a quick, effective, and quantitative combination for extraction of 

microbial lipid in a number of comparative studies (Bligh & Dyer, 1959; Dong et al., 

2016; Folch et al., 1957; Sati et al., 2019). Besides, the chloroform: methanol, in the ration 

1:2 (v/v) (widely known as Bligh-Dyer method) (Bligh & Dyer, 1959) and 2:1 (v/v) 

(commonly known as Folch method) (Folch et al., 1957), are the mostly used mixtures 

for lab scale studies, having to the high effectiveness. Bligh-Dyer and Folch methods 

employed methanol and chloroform to increase solubility and accessibility of polar lipids 

that eventually improve the total yield of lipids (Dong et al., 2016). However, the 

extraction of lipids in lab-scale studies are mostly conducted in batch mode and limit the 

lipid extraction once the solvent becomes saturated with the lipid. As a consequent, a 

continuous organic solvent method (i.e., Soxhlet extraction) is commonly used to 

overcome this problem. 



 29 

 

Figure 2.6 a) The mechanism of lipid extraction from wet biomass (A: ruptured cells; 

B: solvent droplet dispersed in aqueous phase; C: neutral lipids droplet; D: polar lipids; 

E: polar lipid micelle; F: polar lipids accumulated on the interfacial surface; G: reverse 

micelle; H: intact microbial cell),. b) The concentration profile for solute transfer from 

the bulk (b) aqueous (aq) across the interface (i) to the bulk solvent (sol) phase based on 

two film theory. 

Source: Modified based on Liddell (1994) and Dong et al. (2016). 

Generally, nonpolar lipids (e.g., TAGs and FFAs) exist as the form of small oil 

droplets in an aqueous environment, since those have reduced solubility in water. These 

lipids seem to float on the surface of the aqueous phase because of their lighter density. 

However, these lipid bodies may adhere to or be encapsulated by insoluble cellular debris. 

Therefore, the mechanism of nonpolar lipid (by using nonpolar solvents) from aqueous 

environment is to dissolve the tiny lipid droplets into the bulk solvent phase (Figure 2.6a); 

thereafter, it can be separated from the aqueous biomass residue by phase separation 

(Dong et al., 2016). In contrast, the mechanism of polar lipid extraction (by using 

nonpolar solvents) is more critical compared to the nonpolar lipids. The polar lipids are 

generally ingredients of cell membranes or closely connected with other cellular 

components and might not be extracted so easily with nonpolar solvents. The polar lipid 

extraction from an aqueous phase would be imagined by releasing of an ion (or 

hydrophilic moiety) from its linked water molecule followed by transfer into the solvent. 

However, the breaking up of the liquid-water interaction needs additional energy to 

liberate the polar lipids (Liddell, 1994; Walde et al., 1990). Consequently, the extraction 

of these ionic (or amphiphilic) lipid molecules needs more energy input. In addition, the 

polar lipids adhere to the solvent-water interface may behave as surfactants and easily 

lead to emulsion formation through the reduction of interfacial tension (Figure 2.6a). In 
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conclusion, the co-solvents could be employed to increase the polar lipid recovery as 

illustrated above; however, they are unlikely to be practical for an industrial scale 

application due to the complex downstream processing. Alternatively, these lipids could 

be efficiently released by the biomass pretreatments, such as changing pH or 

chemical/enzymatic hydrolysis. On the contrary, extraction of the neutral lipids (e.g., 

TAGs and FFAs) are favored compared to the polar lipids because of their higher 

partitioning in nonpolar solvents, better solvent recovery, improved mass transfer, and 

reduced emulsion formation. Therefore, converting the polar lipids into the FFAs by a 

biomass pretreatment prior to the extraction would be preferred from an engineering 

perspective. 

2.2.10 Limitations of conventional solvent-based extraction and alternatives 

The solvent extraction has widely been employed to extract lipids from oleaginous 

microbes. However, the practical application of conventional solvent extraction is limited 

due to the huge amount of solvents requirement. In addition, the solvent based lipid 

extraction methods are time consuming, not eco-friendly and possess low efficiency 

(Table 2.4) (Dong et al., 2016; Sati et al., 2019). Therefore, intensive research efforts 

need to be addressed to minimize the problems associated with solvent extraction. 

Currently, the efforts have been focused in three parallel directions such as finding green 

solvents (e.g., bio-based solvents, ionic liquids, super critical fluids, switchable solvents, 

etc.); direct transesterification (i.e., concurrent extraction of lipids and conversion of 

lipids to biodiesel); and exploring pretreatment approaches of algal biomass (e.g., expeller 

press, microwave, ultrasound, chemical treatments, enzymatic methods, etc.) (Sati et al., 

2019). 
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Table 2.4 The advantages and limitations of microbial lipid extraction methods. 

Methods of 

extraction 
Advantages Limitations References 

Conventional 

Solvent extraction 

Generally inexpensive, solvents can be recycled, 

no set-up cost, ease of extraction 
Toxic, adverse effect on environment 

(Lee et al., 2010; 

Sati et al., 2019) 

Folch method  
A standard method of extraction, widely reported 

to extract lipid 

Laborious method, adverse effect of chloroform on the 

environment  

(Enamala et al., 

2018) 

Bligh and Dyer 

method  

A simple and standard method of extraction, total 

lipids can be determined, samples can be analyzed 

directly without pre-drying 

Laborious method, adverse effect of chloroform on the 

environment  

(Enamala et al., 

2018) 

Ionic liquid 

extraction 

Synthetically flexible, thermally stable, non-

flammable in a wide temperature range, high 

conductivity, broad miscibility range, can be 

recycled, reduced energy consumption, enables 

solvent extraction 

Possible pathway into the environment through 

wastewater, solvents synthesis is not eco-friendly, 

higher energy requirement for distillation of solvents  

(Choi et al., 2014; 

Sati et al., 2019) 

Supercritical fluid 

extraction 

Quick separation, gives highly purified extracts, 

low toxicity, highly selective since flexibility of 

temperature and pressure variations, no separation 

step is required 

Pressure vessel is expensive, high residual water 

content within microbial biomass is not accepted, 

because it results in flow impedance and restrictor 

plugging, high equipment and operational cost (e. g., 

pressure vessel is expensive) 

(Liau et al., 2010; 

Sati et al., 2019) 

Ultrasound assisted 

extraction 

Solvent consumption is reduced, greater 

penetration of solvents into cell compartment, 

lower extraction time, higher yield of lipids 

Energy intensive, possess scale-up difficulties 

(Alhattab et al., 

2019; Lee et al., 

2010) 

Microwave 

assisted extraction 

Simple, easy, highly effective 

Can be easily scaled-up, higher yield of lipids with 

superior quality, short duration of extraction time 

Energy intensive 

(Bharte & Desai, 

2018; Lee et al., 

2010) 

Switchable 

solvents 
Easily recyclable, green approach 

Technical viability of the process is yet to be studied; 

synthesis of solvent can be environmentally damaging 
(Sati et al., 2019) 

Direct 

transesterification  

Economical process, less energy, reduce time and 

solvent uses 

Paired with organic solvents; hence, it is toxic, less 

efficient with high water content, thus typical requires 

dry biomass, technical viability of the process is yet to 

be studied. 

(Sati et al., 2019) 
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2.2.10.1 Green solvent approach 

The uses of green solvents in microbial lipid extraction are of great interest 

nowadays, with an intention to address the problems raised by organic solvents. As 

reported in several studies (Kumar et al., 2017; Sati et al., 2019; Tanzi et al., 2012), 

different kinds of green solvents such as bio-based solvents, ionic liquids, supercritical 

fluids have been used to replace the organic solvents. Tanzi et al. (2012) reported that the 

bio-based solvents, derived from agricultural sources such as, Terpenes (e.g., gum 

terpene, D-limonene, and p-cymene, etc. produced from citrus species, pine trees) and 

tree leaf oils could be successfully implemented to extract lipid from C. vulgaris. The 

solvents, derived from citrus, corn, and soybeans e.g., ethyl-lactate, methyl-soyate, ethyl-

acetate, 2-methyl tetrahydrofuran, and cyclopentyl-methyl ether have also been regarded 

as a potential replacement of the organic solvents (Kumar et al., 2017). These solvents 

were demonstrated to improve the biodiesel quality of the extracted lipids because they 

resulted in a comparatively low level of polyunsaturated fatty acids (PUFA) in lipid 

extraction (Mahmood et al., 2017).  

Although, the bio-based solvents are biodegradable, non-toxic, and able to replace 

many hazards; however, the consistent feedstock supply is of a great concern (Sati et al., 

2019). Furthermore, the supercritical fluids have been appeared to be an efficient 

substitute to organic solvents due to safety, health, and environmental concerns. In this 

technique, the microbial biomass is subjected to the supercritical fluid under controlled 

conditions of temperature and pressure, then the lipid contents of microbial cells desorbed 

in the fluid stream which are finally recovered by condensation. CO2 is widely used in 

supercritical fluid extraction (SFE) due to its low flammability, lack of reactivity, low 

toxicity, and recoverable characteristics (Sahena et al., 2009). In a recent study, Tai and 

Kim (2014) obtained maximum yield of lipids (~ 6.2%) by employing SFE compared to 

organic solvent-based lipids yield (< 5%). Other than that of bio-based solvents and 

supercritical fluids, the ionic liquids (i.e., non-aqueous salt solutions composed of an 

organic cation and a polyatomic inorganic anion) and the switchable solvents (a sub-class 

of ionic liquids) have also been considered as green solvents (Sati et al., 2019). In a recent 

study, Kim et al. (2013) obtained 1.6-fold higher lipid yield by using ionic liquid namely, 

[𝐵𝑚𝑖𝑚][𝑀𝑒𝑆𝑂4]  to extract lipids from C. vulgaris with the assistance of ultrasonic 

pretreatment.  
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Therefore, it can be supposed that the direct use of green solvents is desirable but 

still an active area of research and development. As mentioned above, green solvents have 

been employed in various studies to replace the organic solvents; however, they used 

them in combination with a pretreatment method to enhance the efficiency of lipid 

extraction. 

2.2.10.2 Direct transesterification 

Direct transesterification of microbial lipids have been reported as an easy, 

simple, and rapid approach for quantifying fatty acids by integrating the extraction and 

transesterification into a single step (Figure 2.7); also termed as ‘in-situ 

transesterification’ (Yousuf et al., 2017b). This technique entails a solvent-mediated 

extraction of microbial lipids followed by solvent evaporation and, thereafter, production 

of FAME (Sati et al., 2019). In this technique, wet or dry biomass is treated with a mixture 

of methanol and inorganic acid or base catalyst in a single reactor resulting in the reactive 

extraction of lipids as FAAEs (i.e., fatty acid alkyl esters), typically, FAME. Methanol 

acts both as an extraction solvent and an esterification reagent (Park et al., 2015). The 

process of simultaneous lipid extraction and transesterification of lipids to FAME, not 

only saves the time but also reduces the addition of organic solvents in large amounts. 

Moreover, this process can decrease the cost of instrument installation and maintenance, 

and the energy consumption (Sati et al., 2019; Yousuf et al., 2017b). In addition to that 

there are enough reports where direct transesterification process has been found to be 

advantageous due to the higher FAME yield compared to two-step processes. For 

instance, Vicente et al. (Vicente et al., 2009) achieved a higher yield of FAME (>99% of 

FAME); whereas, the conventional processes produced 91.4-98% of FAME. This is 

attributed to the involvement of FFAs, phospholipids, and glycerides resulted in higher 

FAME yield in the in-situ transesterification process (Park et al., 2015). Furthermore, this 

technique has been proved to be efficient in forming biodiesel from both the mono- and 

mixed cultures of oleaginous microbes (Park et al., 2015; Vicente et al., 2009). 
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Figure 2.7 The difference between traditional and direct transesterification process. 

Source: Modified from Yousuf et al. (2017b) 

Although the direct transesterification process offers a shorter processing time and 

lower cost of production, it requires further study to improve the factors that affect the 

efficacy of biodiesel production from microbial biomass. The major hurdle that must be 

faced in direct transesterification, is the disruption of microbial cell wall to increase the 

release of intracellular lipids (Kakkad et al., 2015; Yousuf et al., 2017b). Another major 

challenge in this process is selection of the catalysts. Usually, homogeneous base catalysts 

have been used in transesterification reaction due to their moderate reaction conditions 

and faster reaction rate than the acid catalysts (generally, acid catalyzed reactions need 

higher temperature and longer reaction time) (Yousuf et al., 2017b). Nevertheless, acid-

catalyzed esterification reactions of FFAs results in the water formation, which limits the 

completion of the reaction. Base-catalyzed reactions, on the other hand, cause soaps 

formation from cellular FFAs (Kakkad et al., 2015). Furthermore, the water level of the 

biomass significantly effects the production cost of biodiesel in direct transesterification 

process. The lipid extraction efficiency is decreased if biomass contains high amounts of 

water. In addition, this technique has been developed mainly for laboratory scale reactions 

and is used for analytical quantification of lipids. Generally, most of the laboratory 

methods use excess amounts of solvents and prolonged reaction time to ensure complete 

recovery (Yousuf et al., 2017b). Therefore, the method needs to be further modified and 

optimized for industrial scale applications. 
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2.2.10.3 Pretreatment methods for microbial cell disruption 

The pretreatment approach of microbial biomass aims at disruption of algal cells 

by using chemical, mechanical, or biological techniques to obtain better product yield. 

Disruption of microalgal cells is often required to improve intracellular product release 

from cell compartments because the rigid cell walls and membranes can reduce the 

extraction efficiency as they are reducing biodegradability of the cells (Alhattab et al., 

2019; Bharte & Desai, 2018). Therefore, in most cases, cell disruption prior to lipid 

extraction is considered as an essential step to eradicate or weaken the protective cell 

walls of algal cells to make the intracellular lipids more accessible in solvent extraction 

in order to enhance the lipid extraction yield. 

Effects of biomass pretreatment on lipid extraction 

A suitable biomass pretreatment method or cell disruption technique could 

mitigate the problems associated with the lipid extraction process to increase extraction 

efficiency (Figure 2.8). In algal based biofuel production process, the cell disruption prior 

to lipid extraction is not only necessary to break-up the cell walls exposing lipids (Islam 

et al., 2018c; Karim et al., 2018d), but it would also help to liberate combined lipids for 

better extraction, reduce insoluble solid residues to enhance mass transfer, increase lipid 

accessibility, and decrease the formation of stable emulsions to improve solvent recovery 

(i.e., ease phase separation) (Halim et al., 2014; Schwenzfeier et al., 2013). In this way, 

the amphiphilic polar lipids could be converted into the hydrophobic FFA for a better 

extraction, and utilized as preferred biofuel precursors with reduced toxicity in a 

downstream catalytic upgrading (Dong et al., 2016). Therefore, future research for 

biomass pretreatment should be comprehensively assessed regarding the lipid extraction 

efficiency, scalability, energy consumption, and compactivity with downstream 

processing. 
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Figure 2.8 Enhanced lipid extraction through complete cell disruption by 

pretreatment. 

Different pretreatment techniques 

Various physical, chemical and enzymatic methods have been reported to disrupt 

the microbial cell walls (Figure 2.9) (Lee et al., 2017). There are two common terms- ‘cell 

wall disruption’ and ‘cell disintegration’. The cell wall disruption implies to disrupt outer 

cell wall structure rather inner cellular organizations. However, the cell disintegration 

entails the rupturing the entire cell, where the cells are no longer recognized as intact cells 

under microscope. In general, both methods can be used to release the bioactive 

compounds embedded within the cells. It is demonstrated that the cell wall disruption and 

cell disintegration could be performed by either mechanical or non-mechanical treatments 

(Günerken et al., 2015). The mechanical methods includes different physical (e.g., 

ultrasonication, osmotic shock, microwave, etc.), mechanical (e.g., ball milling, bead 

beating, high-pressure homogenizer, etc.) or thermal (e.g., autoclave, thermolysis, steam 

explosion, etc.); whereas, the chemical methods are based on selective interaction of the 

cell walls with certain chemicals such as chloroform, methanol, hexane, isopropanol, 

acetone and dichloromethane, etc. (Bharte & Desai, 2018; Onumaegbu et al., 2018). 
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Figure 2.9 Different types of cell disruption techniques. 

The most commonly used mechanical methods are bead milling; high pressure 

homogenizer; ultrasonication; microwave; autoclaving; electroporation (i.e., pulsed 

electric field); electrocoagulation; hydrodynamic cavitation; osmotic shocks; etc., and 

non-mechanical methods include enzymatic treatments, chemical treatments such as, 

Fenton’s reagents; ionic liquids; supercritical fluids; surfactants; etc. (Patel et al., 2018). 

However, different pretreatment methods have their own mechanism to treat the algal 

cells, and the efficiency of a method mostly depends on the several operating parameters 

(Table 2.5). For instance, microwave shatters the cells using shock of high frequency 

waves (Cravotto et al., 2008), while ultrasonication cracks the cell wall and membrane 

due to a cavitation effect (Lee et al., 1998). On the other hand, brad beating causes direct 

mechanical damage to the cells based on high speed spinning with fine beads (Lee et al., 

1998), whereas expeller press crushes and breaks the cells by high mechanical pressure 

(Enamala et al., 2018). In Fenton’s method, the hydroxyl radicals (·OH) are generated via 

a reaction between 𝐻2𝑂2  and 𝐹𝑒2+  ions (𝐹𝑒2+ +  𝐻2𝑂2 → 𝐹𝑒3+ + 𝑂𝐻− + ·𝑂𝐻 ), and 

they can attack specific zones of the algal cell wall composed of organic compounds 

(Islam et al., 2018c). In electroporation, on the other hand, the higher treatment intensity 

of electrical field can induce irreversible permeabilization of the cell wall wading to its 

disruption by triggering fore formation (Onumaegbu et al., 2018; Patel et al., 2018). 
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Table 2.5 Summary of process parameters and mode of action for different cell wall disruption techniques. 

Pretreatment 

methods 
Mode of action Control parameters 

Energy 

consumption 
References 

Expeller/oil press 
Mechanical compaction and shear 

forces 

Pressure, configurations of various 

press (e.g., screw, expeller, piston, 

etc.)  

High 
(Onumaegbu et al., 

2018; Patel et al., 2018) 

High-pressure 

homogenization 

Mechanical stress, the effect 

cavitation and shear forces 

Number of passes used, operating 

temperature, pressure 
High/medium 

(Onumaegbu et al., 

2018; Patel et al., 2018) 

Ultrasonication 

The effect of cavitation, the 

acoustic streaming and liquid shear 

stress 

Frequency/Cycle number, power, 

time, temperature 
Medium/low 

(Onumaegbu et al., 

2018; Patel et al., 2018) 

Microwave 
Temperature and molecular energy 

increase 
Agitation, time, power, frequency High/medium 

(Onumaegbu et al., 

2018; Patel et al., 2018) 

Chemical treatments 

Degradation mechanism, i.e., the 

protein, cellulose or/and pectin of 

microbial cell are degraded by 

different chemical reaction  

Concentration of chemicals, such 

as NaOH and KOH 
Low 

(Onumaegbu et al., 

2018; Patel et al., 2018) 

Enzymatic treatments 

Enzymes hydrolyze the chemical 

bonds by binding to specific 

molecules in the cell wall 

Agitation, enzymatic type Low 
(Onumaegbu et al., 

2018; Patel et al., 2018) 

Autoclave High thermal stress Temperature, pressure, time High/medium 
(Onumaegbu et al., 

2018; Patel et al., 2018) 

Steam explosion 

Sudden pressure drops, e. g., 

pressure wave and rapidly 

expanding steam can cause severe 

water hammer 

Temperature, pressure, retention 

time, microbial species 
High/medium 

(Onumaegbu et al., 

2018; Patel et al., 2018) 

Pulsed electric field 

Electroporation phenomena, 

including the electrochemical 

compression and electric field 

induced tension, cell membrane 

permeabilization and pore 

formation  

Current intensity, voltage, 

electrode distance, conductivity, 

pulse duration 

High/medium 
(Onumaegbu et al., 

2018; Patel et al., 2018) 
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Advantages and limitations of different pretreatment methods 

The major concern during the selection of cell disruption techniques is the 

maintaining nutritive quality of products (i.e., lipids and other bioactive compounds) 

within the microbial cells. It is believed that some of the non-mechanical methods (i.e., 

chemical and enzymatic treatments) can modify the nutritive quality of the intracellular 

constituents (Lee et al., 2010). Moreover, these methods are often limited to the small 

scale and low process efficiency (Günerken et al., 2015; Islam et al., 2018c). 

Unfortunately, the practice of using chemicals and enzymes can lead to the greater 

complexity in minimizing environmental impacts. Consequently, these methods have 

found to be limited commercial applications to date (Islam et al., 2018c; Karim et al., 

2018d), and are less favorable compared to some mechanical methods, such as bead 

milling (Günerken et al., 2015; Lee et al., 2012), ultrasonication (Günerken et al., 2015), 

and homogenizer (Lee et al., 2010). However, the mechanical methods also have varying 

degree of effects on microbial cells. For instance, bead milling could be used to 

completely break-up the cell wall leading to full disintegration of cells, but lipids are 

susceptible to degradation (Günerken et al., 2015; Lee et al., 2012). Although, the 

mechanical methods e.g., microwave, sonication, osmotic shocks, and high pressure 

homogenizer are preferred due to the high intracellular product release and better process 

efficiency; however, they are associated with high energy input, greater great generation, 

and longer time requirement (Günerken et al., 2015; Karim et al., 2018d). In addition, 

some these methods can also destroy the biomolecules of interest, such as denature of the 

proteins (Karim et al., 2018d). The main advantages and limitations of different cell 

disruption technique have been concised in Table 2.6. 
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Table 2.6 The advantages and limitations of different pretreatment techniques. 

Pretreatment 

methods 
Advantages Limitations References 

Autoclave 
Extraction is efficient and increased lipid yield, 

decreases the degradation of the desired product 
High energy consumption, time consuming, not saleable  

(Lee et al., 2010; 

Onumaegbu et al., 

2018) 

Bead milling 

Can be scale up to a few m3, no solvent uses, 

suitable for samples with high moisture content  

 

May not extract majority of lipid, low efficiency with rigid 

cells, susceptible to lipid degradation, further process is 

required to remove undesirable products as well as beads 

(Alhattab et al., 2019; 

Byreddy et al., 2016) 

Fenton reagents Fast, less energy consumption 

Expensive chemicals, use of toxic chemicals and regents, 

chemical contamination during lipid extraction, high 

possibility to form inhibitors 

(Concas et al., 2015; 

Onumaegbu et al., 

2018) 

Acid hydrolysis  Easy and simple method 
Costly and toxic, biomass drying is required, high possibility 

to form inhibitors 
(Sati et al., 2019) 

Enzymatic 

Mild operating temperature, low time and energy 

requirements, no harmful solvent uses, can be 

devoid of harsh physical conditions  

Expensive, long reaction time, since it is depending on the 

cell wall characteristics; hence, less selective  

(Alhattab et al., 2019; 

Sati et al., 2019) 

Mechanical 

pressing 
No solvent is required, simple and easy to use 

Requires dry biomass, thus energy intensive, costly, and 

longer duration 
(Bharte & Desai, 2018) 

Microwave  

Simple and rapid, can be scaled up, the energy 

requirement can range from 90-540 MJ kg-1, 

reduced extraction time, environmentally friendly, 

reduced solvent usage, improved extraction yield 

High temperatures may result in lipid oxidation, 

unpredictable efficiency, yet to be standardized, higher 

capital investment and operational cost  

(Alhattab et al., 2019; 

Günerken et al., 2015; 

Onumaegbu et al., 

2018; Patel et al., 

2018) 

Pulsed electric 

field 

Higher yield, short time requirement, no chemical 

usage, no cell debris formation, relatively simple, 

eco-friendly 

New method, has not been investigated with more algal 

species, further research needed, dependence on medium 

composition 

(Bharte & Desai, 2018; 

Patel et al., 2018; Sati 

et al., 2019) 

Ultrasonic 

pretreatment 

Lower extraction time, less solvent requirements, 

higher penetration of solvent into cellular 

compartment, environmentally friendly 

Energy intensive, difficulties in scale-up process, operational 

cost may be prohibitive 

(Onumaegbu et al., 

2018; Patel et al., 

2018) 

High pressure 

homogenization 

Solvent free, easy and simple method, efficient 

extraction, short duration of contact time 

Maintenance cost is high, less efficient with filamentous 

microbes 
(Patel et al., 2018) 
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2.2.11 Electroporation based applications in energy and environmental 

microbiology 

2.2.11.1 Electroporation 

Electroporation (EP) is a well-known technique in the fields of medicine and 

biotechnology nowadays, however, many of its applications in the arena of environment 

and energy have only started to emerge; some of the most promising are reviewed here. 

Fundamentally, the exposure of the biological cells to a sufficeiently strong electric field 

leads to a significant and swift intensification of electric conductivity and permeability of 

the cell membranes, results in transient or permanent pores in the cell membranes, 

referred to as “electroporation” (Garcia et al., 2016; Masi et al., 2017; Miklavčič, 2012) 

or “electro-permeabilization”. In this technique, the high electric pulses of direct current 

(DC) are applied to the living cells and tissues for a short duration of time to permeabilize 

the cell membrane for transfection or transformation (Garcia et al., 2016; Masi et al., 

2017). These pulses are delivered to a pair of electrodes by a pulse generator (Garoma & 

Shackelford, 2014). Basically, a membrane potential is induced by an externally applied 

short and intense electric field (Kotnik et al., 2015). The pulse can be either a square-

wave pulse, usually with a duration of less than a microsecond, or it can be an 

exponentially decaying capacitive discharge pulse with a duration in the millisecond 

ranges (Saunders et al., 1989).  

EP is a microbiological technique that is today widely used to intensify the cell 

membrane penetrability by applying of a short-burst of high-voltage electric pulse to a 

sample placed between two electrodes (Yousuf et al., 2017a), allowing chemicals, drugs, 

or DNA to be inserted into the living cells (Garcia et al., 2016; Harak et al., 2017; 

Kandušer et al., 2017) or extract intra-cellular biomolecules from the cells (Kotnik et al., 

2015; Sheng et al., 2011). It is massively exposed in many research that, small and/or 

large molecules can be introduced into cells or extracted from cells, proteins can be 

injected into the membrane, and cells can be fused by EP (Miklavčič et al., 2000). Since 

EP is applicable for all sorts of cells (such as microorganisms, plants, and animals) and 

for different purposes, without addition of viral or chemical compounds, it is considered 

as a universal method. As such, EP creates a diversified application in various areas of 

biotechnology, molecular biology, biochemistry, medicine, environment, and energy 

(Kandušer & Miklavčič, 2009; Miklavčič, 2012). In medicine, it is used for electro-
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chemotherapy and gene therapy (Tao & Zhang, 2008). In biotechnology, it is used for 

transfection of bacteria, yeast, plant protoplast, and intact plant tissue (Teissie et al., 

2002), and it is a prerequisite for cell electro-fusion (Ramos & Teissié, 2000). Currently, 

EP technology is enormously being used in food industry for liquid food sterilization and 

preservation (Kotnik et al., 2015; Yousuf et al., 2017a). It is also used for water 

sterilization and bacterial decontamination of hospital wastewater (Kotnik et al., 2015; 

Organization, 2014). 

The unequal electric charges are accumulated on dipolar molecules, particularly 

diacylglycerols (DAG) in the cell membrane and peptidoglycan in the cell wall, while a 

biological cell passes through the high-strength (around 30 kV) and rapidly changing 

(around 2000 Hz) electric field (Salerno et al., 2009). The attractive forces of unequal 

electric charges can create strong pressure on the cell membrane, when a critical potential 

value of the electric field is exceeded (generally 1 V for bacteria), and high enough to 

form irreversible pores in the membrane (Sheng et al., 2011). This mechanism is called 

irreversible electroporation (IRE) (Weaver & Chizmadzhev, 1996) and the membrane 

also losses its fundamental properties of electrical resistance, membrane potential, and 

barrier function (Yousuf et al., 2017b). Moreover, EP has severe effects on the structure 

of biological tissues (Kotnik et al., 2015). Actually, a critical electric potential is tempted 

across the cell membrane by the application of a high intensity, an external electric field 

which leads to rapid electrical failure and local structural variations in the cell wall and 

cell membrane (Joshi & Schoenbach, 2000). Finally, the electric field results in a dramatic 

increase in mass permeability and, in some cases, mechanical rupture of the plant, animal 

or microbial tissues (Kotnik et al., 2015; Masi et al., 2017; Yousuf et al., 2017a). 

2.2.11.2 Reversible and irreversible electroporation 

The membrane of biological cells can be electrically pierced and lose its 

permeability temporarily or permanently while subjected to a strong electrical field 

(Weaver & Chizmadzhev, 1996). Depending on the process parameters (such as 

amplitude, duration, number and shape of the pulses, etc.), the electrical permeabilization 

of biological membranes can be either reversible or irreversible (Kandušer & Miklavčič, 

2009). A transmembrane potential is induced while an external strong electrical field is 

applied to the cell, and the induced potential difference across the membrane is 
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proportional to the external electrical field intensity (Sale & Hamilton, 1967). The 

induced trans-membrane voltage imposed by external electric field is required to reach a 

critical value to generate the formation of transient aqueous pores in the cell membrane 

(Kinosita & Tsong, 1979). The membrane potential is required to maintain below the 

critical value for reversibility of electroporation. In such conditions, the cell membrane 

can able to recover after electric pulse application, the pores in the cell membrane can 

reseal and the membrane will return to the initial and normal state, thus the cell survives 

(Jordan et al., 2013). On the other hand, when the critical value of the membrane potential 

is exceeded, irreversible electroporation takes place, resulting in the disintegration of the 

cell membrane and loss of cell viability (Gusbeth et al., 2009b) (Figure 2.10). 

 

Figure 2.10 The mechanism of electroporation through the cell membrane 

permeabilization. When a high-strength and rapidly changing electric field is exposed to 

a biological cell, the positive charges outside the cell and the negative charges inside the 

cell are attracted to the electrodes leading to electro-compression and subsequent electro-

permeabilization of the plasma membrane leads the cells to dead . 

Source: Modified based on Raschke (2010) 

Temporary and limited pathways for molecular transport through nanopores are 

formed in reversible electroporation (RE), but after the termination of the electric pulse, 

they progressively reseal, the transportation of molecules stops, and most cells retain their 

viability. On the contrary, the permanent and lethal nano-pores in the cell membrane are 
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created by inducing short but strong electrical fields to disrupt the cellular homeostasis in 

the IRE. Subsequently, a certain degree of damage to the cell membranes is occurred by 

electroporation. Then the leakage of intracellular contents is too severe, or the resealing 

of the cellular membrane is too sluggish to preserve cell viability, leaving healthy cells to 

gradually disintegrate and irreversibly damaged. Consequently, the cells release their 

contents, but released contents are not thermally yet damaged. Lastly, in the case of 

irreversible electroporation with thermal damage, the electric current causes an adequate 

increase in temperature to cause thermal damage of the released molecules (i.e. protein 

denaturation above 50 ºC and DNA melting above 70 ºC) (Kotnik et al., 2015) (Figure 

2.11). 

 

Figure 2.11 The characteristics of the electric current pathway through cells in tissue 

without (left) and with (right) electroporation occurrence. The increases in electrical 

conductivity is directly correlated with the intensity of electric field exposure. As soon as 

the electrical field is induced to the cells of the tissue, the electroporated cells in this 

region no longer serve as dielectrics in the tissue, permitting improved electrolyte 

mobility within the environment and thus increased conductivity. 

 Source: Modified from Yano et al. (2017) 

However, the reversible breakdown of the cell membrane has wide applications 

in biotechnology (transfection of bacteria, yeast, plant protoplast and intact plant tissue 

etc.) and medicine (electro-chemotherapy and gene therapy etc.) (Hofmann & Evans, 

1986), while the applications of irreversible breakdown are mainly in food industry 

(especially liquid food sterilization), public health, pharmaceutical research and water 

purification (Qin et al., 1994) (Figure 2.12). 
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Figure 2.12 Biotechnological applications of EP for a single cell, Route-1: Reversible 

EP, the external electric field can permeabilize the cell membrane when it reaches to the 

threshold values of the cell membrane to insert the protein, large and small molecules 

inside the cell or can occur cell fusion, if two single cells are close to each other. Route-

2: Irreversible EP, when applied intense electric field exceeds the certain critical value, 

destruction of the cell membrane can occur resulting cell death.  

Source: Adopted from Yousuf et al. (2017b). 

2.2.11.3 Responses of macro- and micro-molecules to electroporation 

The field of EP applications prolonged significantly (Weaver et al., 2012) and it 

was revealed that if the sufficiently intense electric field applied to a living cell, the cell 

loses its homeostasis and eventually dies, which is called irreversible electroporation (Yu 

et al., 2012). The method gained a strong ground as a tool for microbial inactivation 

(Kandušer et al., 2017; Sale & Hamilton, 1967) and the effect of pulsed electric fields on 

microbial viability has been extensively studied on various Gram-positive bacteria 

(Garcia et al., 2016; Yeo & Liong, 2013), Gram-negative bacteria (Garcia et al., 2016; 

Haberl et al., 2013; Žgalin et al., 2012), yeasts (Karim et al., 2018c), protozoa parasites 

(Haas & Aturaliye, 1999) and even spores (Marquez et al., 1997). Since microbial 

inactivation by EP in controlled laboratory conditions exhibited potential (Figure 2.13), 
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the idea becomes emerged in removing pathogenic microbial agents from several water 

sources (Gusbeth et al., 2009b; Rieder et al., 2008) and from liquid food, without 

abolishing vitamins or disturbing the food's texture, flavor or color (Saulis, 2010; Yeo & 

Liong, 2013). EP has also been used to take out molecules from cells (Grimi et al., 2014), 

for instance, plasmid DNA from bacterial cells (Band et al., 2016; Haberl et al., 2013), 

proteins from various microorganisms (Coustets et al., 2013; Zhan et al., 2010), sugar 

from sugar beet cells (Loginova et al., 2011; Sack et al., 2010) and oil biodiesel from oil-

producing microalgae (Coustets et al., 2013; Goettel et al., 2013; Zbinden et al., 2013). 

 

Figure 2.13 Scanning electron micrographs of Lactobacillus casei bacteria a) before 

and b) after exposure to an electric field pulse of 7.5 kV/cm amplitude and 4 ms duration 

(scale bar corresponds to 2 mm).  

Source: Yeo and Liong (2013) 

EP can create conditions for the transportations of small or large molecules 

through the intra-cellular membrane and probably, that is the most important functional 

application of it (Granot & Rubinsky, 2010). As an example, this phenomenon is being 

applied to intensify the insertion of nucleic acid molecules in genetic modifications 

(Jordan et al., 2013), to augment drug transportation in cancer treatment termed as electro-

chemotherapy (Mir & Orlowski, 1999) and many other applications. In the last decade, 

an increased attention to extractive recovery with EP has been established for different 

food plants and biomass feed-stocks (Brianceau et al., 2015; Vidal, 2014) (Figure 2.14). 
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Figure 2.14  (a) The initial configuration of a dipalmitoyl-phosphatidyl-choline 

(DPPC) lipid bilayer used for the molecular dynamics’ simulations. Water is shown in 

brown, lipid headgroups in yellow and lipid chains in cyan. (b) A 2.05 ns simulation 

snapshot of the DPPC lipid bilayer patch with the voltage pulse applied. One lipid at the 

anode side (top) is seen to break loose.  

Source: Pliquett et al. (2007). 

2.2.11.4 Influential parameters of irreversible electroporation 

Although EP is used in an extensive range of diverse cell types, biological 

characteristics of the treated cell, e.g., membrane fluidity, integrity of cytoskeleton, and 

presence of cell wall in bacteria, yeast, and plant cells, affect its effectiveness. Moreover, 

the value of induced trans-membrane voltage depends on the cell shape, size, and the 

position of the cell with respect to the direction of the applied electric field (Valič et al., 

2004). It is important to consider the specific features of different cells when optimizing 

electroporation parameters. However, the efficiency of the micro-organism inactivation 

by EP depends on a variety of factors such as electric treatment (amplitude, duration and 

shape of the pulses, their number), biological (size, concentration, growth phase, and 

strain of microorganisms), and physical-chemical (temperature, pH, ionic composition, 

conductivity, osmotic pressure and ionic strength of the medium) etc. (Gómez et al., 

2005). The parameters of electric pulses were extensively investigated. Several studies 

have investigated the inactivation of bacteria predominantly in relation to microbial 

inactivation in liquid food (Wu et al., 2005) and wastewater (Rieder et al., 2008). 

Outcomes of those studies exhibited significant inactivation but with variable results 

depending on the microorganisms, the medium in which they were treated and the 

different electrical parameters that were used. Electrical field strengths ranged from 10 to 
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40 kV/cm, with pulse duration from 1 µs to 100 ms was mostly studied (Mosqueda-

Melgar et al., 2007). If the electrical field strength exceeds the critical value (Ec) for a 

given length of time (tc), permanent holes are formed and considered as irreversible 

electroporation. The resulting inactivation of microorganisms is considered to be related 

to both the electrical field strength and the total time of treatment (Hülsheger et al., 1983). 

2.2.11.5 Application of electroporation in wastewater treatment 

EP assisted disinfection is a promising technology for the non-thermal 

disinfection of water. The EP has been already established for inactivation of micro-

organisms in the 1960s and verified to be capable of disinfecting drinking water and liquid 

food (Drees et al., 2003; Saldaña et al., 2014). The bacterial decontamination of hospital 

wastewater by irreversible electroporation is emerging approach in wastewater treatment. 

EP or Pulsed electric field (PEF) could be able to limit the spread of harmful bacteria into 

the environment by eliminating antibiotic-resistant strains, which is of universal concern 

at the present time (Organization, 2014). The applicability of an alternative wastewater 

disinfection concept based on the PEF treatment is tested with molecular biology 

techniques using clinical wastewaters by Rieder et al. (2008). The results indicated that 

the PEF treatment is an appropriate alternative disinfection concept for the treatment of 

clinical wastewaters and surpass the disadvantages of other disinfection methods. The 

bacterial population of wastewater with a temperature below 70 ºC can be reduced by 

four orders of magnitude at an energy input of 150 kJ/L (Rieder et al., 2008). Moreover, 

the required treatment energy for efficient disinfection could be reduced to 40 kJ/L by a 

combination of pre-heating to 60 ºC and subsequent electroporation has proved 

synergistic (Gusbeth et al., 2009a). The use of the short duration electrical pulses from 

the magnetic pulse compressor for inactivation of spores, bacteria (E. coli) and viruses in 

drinking water was investigated by Narsetti et al. (2006). The inactivation of Gram-

positive strains was also found to be effective with this combination, which is tougher to 

inactivate by EP alone. Generally, bacteria readily develop tolerance while disinfected 

with ultraviolet light. But it was revealed that decontamination with EP does not lead to 

bacteria developing tolerance or resistance to the treatment for at least 30 generations 

(Gusbeth et al., 2009b). The effects of EP to inactivate the E. coli in distilled water were 

investigated by Žgalin et al. (2012), where 2-log reductions in bacterial counts were 

achieved at a field strength of 30 kV/cm with eight pulses and a 4.5-log reduction was 
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observed at the same field strength using 48 pulses. Kotnik et al. (2015) demonstrated 

that the EP as a disinfection technology which is also efficient under high mass flow 

conditions by up scaling the system to a pilot scale flow of 400 L/h (Figure 2.15). 

 

Figure 2.15 Schematic diagram of process flow of pulsed electric field (PEF) pre-

treatment set-up. The substrate was driven to PEF treatment chamber from the feed tank 

and directed back to the tank. The homogenizer and the pump were remained 

continuously running to maintain the samples homogenized.  

Source: Safavi and Unnthorsson (2017) 

Generally, the cell wall is the main target for microbial inactivation process since 

it maintains the integrity and morphology of bacteria. Pillet et al. (2016) revealed that the 

cell wall and coat architecture are directly involved in the electro-eradication of bacteria. 

They stated that irreversible cell membrane electro-permeabilization causes cell-wall 

organization of living Bacillus pumilus, thus the death of the bacteria which is one of the 

promising approaches of PEF to inactivate the bacteria. They demonstrated that the 

exposure to PEF led to structural disorganization correlated with morphological and 

mechanical alterations of the cell wall for vegetative bacteria. On the contrary, PEF 

exposure led to the partial destruction of coat protein nanostructures, associated with 

internal alterations of cortex and core for spores. However, the inactivation of pure 

cultures by applying different electric fields has been demonstrated in several 

publications (Hülsheger et al., 1981; Martin et al., 1997; Pillet et al., 2016; Qin et al., 

1994; Spilimbergo et al., 2003). In a study, the Escherichia coli populations were quickly 

reduced with the application of EP at initial pulses (12∙34 kV/cm and 2∙7 pulses) and then 
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a minor effect was observed on the microbial cell reduction with the subsequent pulses 

(30 kV/cm and 30 pulses) (Martin et al., 1997; Qin et al., 1994). A similar trend was 

recorded in the another study, where 48% of the anaerobes were rapidly inactivated within 

the first 30 seconds (Karim et al., 2018a). Spilimbergo et al. (2003) stated that the viability 

of bacteria (E. coli, Staphylococcus aureus) might be lessened with the increasing of the 

number of pulses and electric field intensity. In another study, the inactivation of 

pathogens in liquid was reported for water disinfection by applying a high electric field 

strength (>107 V/m) with a low-voltage (1 V) electroporation disinfection cell and 

investigate the critical mechanisms of cell transport to allow high inactivation 

performance (Huo et al., 2018). Therefore, EP could be a promising technique for 

wastewater treatment. 

2.2.11.6 Application of electroporation in biogas production 

Lignocellulose is the most abundant and readily available biomaterial in nature, 

but use is still limited due to their complex structure and high processing cost. The 

complex structures of lignocellulosic biomass are difficult to break down and thus require 

longer retention times for the nutrients to become biologically available (Yousuf, 2012; 

Yousuf et al., 2017d). It is possible to increase the digestibility of the substrate by pre-

treating the material before digestion (Yousuf et al., 2017a). Chemical methods are often 

limited to small scale and usually result in less intracellular product release and low 

process efficiency. Additionally, the practice of using chemicals and enzymes can lead to 

greater complexity in minimizing environmental impact (Byreddy et al., 2015; Günerken 

et al., 2015; Yousuf et al., 2017d). On the other hand, physical methods associated with 

high energy input while the rate of hydrolysis is very low for biological methods. 

Consequently, those have found limited commercial application to date. Though, 

physico-chemical methods are popular due to high product yield, they are associated with 

excessive cost, partial hemicellulose degradation, alters lignin structure, etc. (Günerken 

et al., 2015; Liu et al., 2016). Therefore, electroporation could be an efficient pretreatment 

to overcome those limitations. Lindmark et al. (2014) explored that, it is possible to 

increase the digestibility of the substrate by pre-treating the material before digestion by 

a pre-treatment. The high electric fields of direct current, known as EP, was applied to 

pre-treat the ley crop silage and to investigate the potential of EP technology for 

enhancing biogas production from ley crop silage (Figure 2.16). The results showed that 
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it was possible to intensify the biogas yield with 16 % by exposing the substrates to 65 

pulses at a field strength of 96 kV/cm corresponding to a total energy input of 259 Wh/kg 

volatile solid (VS). However, the energy balance of the EP treatment suggests that the 

yield, in the form of methane, can be up to double the electrical energy input of the process 

(Lindmark et al., 2014). EP as a novel pretreatment method using electric field was 

employed by Đurđica et al. (2019) for pre-treating the lignocellulose substrates to 

enhance biogas production through anaerobic co-digestion with dairy cow manure.  

 

Figure 2.16 Experimental setup of the electroporation unit and the batch digestion 

experiment was performed to assess the effects of electroporation on ley crop silage.  

Source: Adopted from Lindmark et al. (2014) 

EP has previously been studied for the treatment of sewage sludge (Choi et al., 

2006; Rittmann et al., 2008), pig manure (Salerno et al., 2009), and source-sorted 

municipal organic solid waste (Uldal et al., 2009) before digestion in a biogas plant. Choi 

et al. (2006) studied, the soluble chemical oxygen demand (SCOD)/total chemical oxygen 

demand (TCOD) ratio and exocellular polymers (ECP) content of waste activated sludge 

increased 4.5 times and 6.5 times, respectively by pulse-power pretreatment (Figure 

2.17). Batch-anaerobic digestion of pulse-power pre-treated waste activated sludge was 

able to enhance biogas production 2.5-fold compared to untreated material (Choi et al., 

2006), and pre-treatment of municipal solid waste augmented biogas production by up to 

14 % (Uldal et al., 2009). 
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Figure 2.17 SEM images of sludge cells: (a) raw activated sludge cell; (b) pulse-power 

treated sludge cell. SEM images clearly showed that pulse-power pretreatment of WAS 

resulted in the destruction of sludge cells.  

Source: Adopted from Choi et al. (2006) 

2.2.11.7 Electroporation in bioethanol production 

EP can be a potential technique as a pretreatment method for bioethanol 

production from lignocellulosic biomass as it is a technique to apply a high voltage for a 

very short duration to disrupt the cell structure and increase the porosity of biomass, so it 

might be produced fermentable sugar from lignocellulosic biomass (Yousuf et al., 2017a). 

As a result, it will enhance the bioethanol production through accelerating the 

fermentation process. High pulsed electrical field has been applied as a pre-treatment 

method by Almohammed et al. (2016) for sugar beet tails as a sustainable feedstock for 

bioethanol production (Figure 2.18). The yield of solutes was increased from 16.8% to 

79.85% and the dryness of pressed cake was increased from 15% to 24% in comparison 

with the untreated tails at an intensity, E = 450 V/cm and duration, tPEF = 10 ms 

corresponding to an energy input Q = 1.91Wh/kg. It was demonstrated that the higher 

content of fermentable sugars in PEF expressed juice leads to a higher ethanol content in 

distillate (6.1% vs. 2.95% v/v) and a higher CO2 weight loss (57.2 vs. 28.3 g/L) than that 

obtained from the raw juice of untreated tissue (Almohammed et al., 2016). 
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Figure 2.18 Schematic diagram for valorization process of sugar beet tails (a), 

experimental setup (b), and PEF pulsing procedure (c)  

Source: Adopted from Almohammed et al. (2016) 

2.2.11.8 Electroporation in biohydrogen production 

Cellulose and lignocelluloses including vegetables and fruits that contain many 

kinds of fermentable sugars are the most abundant biopolymers from plants and could be 

considered as a valuable feedstock for biohydrogen production (Lalaurette et al., 2009). 

Biohydrogen production from food waste and food processing waste containing large 

amounts of cellulose like jackfruits peels (Vijayaraghavan et al., 2006), apple waste 

(Hwang et al., 2011), citrus waste (Karim et al., 2018a), and vegetable kitchen waste (Lee 

et al., 2008) results in diverse and interesting biohydrogen yields. However, it is proven 

that degradation of cellulose is very difficult by biological treatments due to its crystalline 

and rigid structure (Lee et al., 2008). In a recent study, Jeong et al. (2015) revealed the 

practicability of EP (20-100 V for 30 min) as a pretreatment technique to increase 

biohydrogen production from marine brown algae (e.g., Laminaria japonica) biomass 

feedstock. They demonstrated that the hydrogen yield was enhanced by 72.6% at 58.5 V 

for 30 min which indicating the potential of the EP as alternative technique for feedstock 

preparation. The highest hydrogen yield was obtained at a voltage of 58.5 V because of 
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the enhanced biodigestibilty of substrate. This has been ascribed to the fact that the 

structural bonding of LCB would be broken down due to the application of an external 

electric field (Figure 2.19), which in turn can promote the enzymatic accessibility to 

cellulose and hemicellulose for hydrolysis by fermentative bacteria (Almohammed et al., 

2016; Yousuf et al., 2017a). 

 

Figure 2.19 Conceptual effect of EP on lignocellulosic biomass. 

On the other hand, mixed culture microorganisms particularly anaerobic sludge 

(AS), are considered effective inoculum compared to pure cultures in fermentation system 

to produce biohydrogen. However, AS contains various types of microbes, including 

hydrogen-producing and hydrogen-consuming bacteria (i.e. homo-acetogens and 

methanogens) (Rajesh et al., 2015). Therefore, hydrogen-consuming bacteria, especially 

methanogens (since methanogens are dominant in AS) must be suppressed in order to 

enhance the performance of hydrogen production through anaerobic fermentation (Karim 

et al., 2018a). Recently, EP has been used to inactivate the methanogens from AS in order 

to enrich the hydrogen producers (Figure 2.20), and consequently to enhance the 

hydrogen production (Karim et al., 2018a). The result of this study showed a drastic 

increase (315%) in hydrogen yield using 1 min EP (TI=60 kWh/m3) treated inoculum 

(AS). Therefore, EP could be an effective pretreatment in biohydrogen production not 

only for substrate, but also for mixed culture inoculum. 
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Figure 2.20 Schematic diagram of EP system for pretreatment of mixed culture sludge 

to enhance biohydrogen production. 

Source: Karim et al. (2018b). 

2.2.11.9 Electroporation in biodiesel production 

Biodiesel production from microbial oils or SCOs has become very widespread 

in recent days. Microalgae and yeast are promising feedstock for the production of 

biodiesel due to their high lipid content and possess great advantages such as higher 

growth rate and productivity, grow in various environments (fresh, brackish or salt water), 

do not compete for land, and have high oil productivity (20%–50% by dry weight basis) 

compared to conventional crops (Yousuf & Pirozzi, 2009). However, the challenging part 

of the biodiesel synthesis from SCO is the extraction of microbial oils from intracellular 

compartments (Yousuf et al., 2010). EP could be an effective technique in the stage of 

oil/lipid extraction process. Transesterification can be completed in situ by applying EP, 

also called direct transesterification, where the reaction is carried out in a single step 

(Figure 2.21). It is assumed that EP technology could enhance the transesterification 

process triggering pores in the microbial cell wall while exposed to electrical fields. 

During the treatment, the cells would be damaged and release the intercellular nutrients 

to surrounding media that can lead to an increase in the biodiesel production rate (Yousuf 

et al., 2017a). 
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Figure 2.21 Process difference between traditional and direct transesterification with 

EP in microbial lipid synthesis for biodiesel production. 

The use of wet biomass opens a promising processing route for an energetic use 

of microalgae, because the energy consumed conventionally for drying of the biomass is 

considerably higher than the energy required for PEF treatment (Goettel et al., 2013). PEF 

technology was employed by Zbinden et al. (2013) as a process strengthening strategy to 

boost up lipid extraction from wet biomass of Ankistrodesmus falcatus using the green 

solvent, ethyl acetate. It was reported that 90% of the cells could be lysed by utilizing 

PEF technology and a substantial enrichment in the rate of lipid recovery using ethyl 

acetate. They also stated that the increase in lipid recovery was due to the presence of the 

electric field and not due to temperature effects (Zbinden et al., 2013). In another study, 

the PEF treatment with 23–43 kV/cm electric field strength and a duration of 1 μs was 

applied for the cell disintegration of the freshwater microalgae Auxenochlorella 

protothecoides (Goettel et al., 2013). The continuous flow PEF treatment for E. coli 

inactivation and lipid extraction from microalgae Chlorella vulgaris was studied by Flisar 

et al. (2014). In this study, lipids were extracted via concentration of biomass, drying and 

cell rupture using pressure or an organic solvent in control experiments. In contrast, EP 

bypasses all stages, since cells were directly ruptured in the broth and the oil that floated 

on the broth was skimmed off. The preliminary experiments showed a 50% oil yield using 

the EP flow system in comparison to extraction with organic solvent (Flisar et al., 2014). 
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PEF technique was studied for cell disruption prior to intracellular lipid extraction 

from Synechocystis PCC 6803 as feedstock of nonpetroleum-based diesel fuel by Sheng 

et al. (2011). Severe cell disruption was evident after PEF treatment, especially with 

treatment intensity (TI) > 35 kWh/m3. Seven cell-disruption methods – autoclaving, bead 

beating, freeze drying, french press, microwave, PEF, and ultrasound – were tested prior 

to lipid extraction to make intracellular lipids more accessible by organic solvents in order 

to extract intracellular lipids from cyanobacteria Synechocystis PCC 6803 for biofuel 

production Sheng et al. (2012). Severe cell disruption was evident after PEF treatment, 

especially with TI > 35 kWh/m3. It was found that the microwave, PEF, and ultrasound 

with temperature control had noteworthy enhancement of lipid extraction (9–13% 

increases), however, microwave and PEF (with temperature control) might be best suited 

for large-scale cell disruption among all methods reported in this study in order to 

minimize the cost of cell-disruption and lipid-extraction steps. 

2.3 Single cell oil (or microbial lipid) and its application for biodiesel 

production 

2.3.1 Overview of microbial lipid 

Biodiesels are fatty acid methyl esters derived from renewable lipid sources, these 

fuels are good alternatives for fossil fuel because of being renewable, biodegradable, 

nontoxic, inherent lubricity, superior flash point and negligible sulfur 

content (Chatzifragkou et al., 2011; Karatay & Dönmez, 2010; Kosa & Ragauskas, 2011). 

Biodiesel can be produced by splitting oils and reacting with them by a simple alcohol 

(Milano et al., 2016). If vegetable oil or animal fat is used for biodiesel production the 

cost of substrate will be 70–85% of the total cost so biodiesel production from these 

sources is not suitable. The mentioned sources are used by humans so there is no 

possibility for large-scale production (Madani et al., 2017; Milano et al., 2016). 

There are oleaginous microorganisms such as yeasts, fungi and micro-

algae which can accumulate high amounts of reserved lipids under appropriate cultivation 

condition (Figure 2.22), so their potential as lipid producing sources has attracted high 

attention and can be used as feedstock for biodiesel production (Kumar et al., 2020; 

Muniraj et al., 2013). Substituting of microbial lipid instead of plant’s oil for biodiesel 

production is a developing idea (Milano et al., 2016). The oil obtained from yeasts and 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/fatty-acid-methyl-ester
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/sulphur-content
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/sulphur-content
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/micro-organism
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/microalga
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/microalga
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fungi has high similarity with plant’s oil and make it appropriate for biodiesel feedstock 

so application of microbial oil reduces the cost of biodiesel production (Madani et al., 

2017; Sriwongchai et al., 2013). 

 

Figure 2.22 Based on the fatty acid profiles, oleaginous microorganisms can be used 

for biodiesel production or nutraceuticals.  

Source: Patel et al. (2020) 

Unicellular microbes like yeasts and bacteria have high growth rate and can 

accumulate lipid in separate lipid bodies (Kumar et al., 2020). The advantages of 

microbial lipid are short life cycle of microorganisms, less labor required, less affection 

by season and climate and easier to scale up (Patel et al., 2020). Oleaginous yeasts 

accumulate triacylglycerol rich in unsaturated fatty acids. The major component of 

oleaginous yeast and fungi is TAG composed of C16 and C18 which is similar to rapeseed 

and soybean oil (Madani et al., 2017). These lipophilic microbial compounds, because of 

their special characteristics, are considered from industrial point of view. 

 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/microbial-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/unsaturated-fatty-acids
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2.3.2 Lipid accumulation in oleaginous microorganisms 

Lipid accumulation in oleaginous microorganisms occurs with starvation of 

nitrogen or other nutrients such as zinc, iron, phosphorus & magnesium (Kumar et al., 

2020; Madani et al., 2017). Cell response to exhausting of a key nutrient is entering to 

lipid storage phase, in which excess carbon, convert to storage lipid. If the cells, return to 

a situation in which nitrogen is available, the oil reserves could be mobilized and change 

to cellular materials (Milano et al., 2016). Formation of lipid particles start during 

late exponential phase and continue during stationary phase, this process continues 

until carbon source in the medium start to diminish (Kumar et al., 2020; Madani et al., 

2017). Lipid production in a medium with excess amount of carbon occurs in 2 stages. In 

the first stage cell growth occurs and this stage finishes by exhausting the nutrient except 

carbon. During the second phase the excess amount of carbon transform into lipid 

reserves. Because of nitrogen limitation, cells can no longer grow and multiply (Madani 

et al., 2017). 

2.3.3 Fatty acid composition of single cell oil 

The profile of fatty acids in oil feedstock can determine biodiesel properties such 

as cold flow, oxidative stability and ionic value. According to this, evaluating fatty acid 

composition of microbial oil is very important. Microbial oil can be converted to 

biodiesel by different catalysts (Kumar et al., 2020; Madani et al., 2017). Application of 

microbial oil as biodiesel feedstock exhibits improved fuel properties such as 

higher octane number and lower viscosity (Patel et al., 2020). The major fatty acid 

composition are palmitic acid (C16:0), stearic acid (C18:0), oleic acid (C18:1), linoleic 

acid (C18:2), and linolenic acid (C18:3) (Chatzifragkou et al., 2011; Madani et al., 2017). 

The fatty acid profile is species dependent and is less infected by the type of carbon 

source in the medium (Xu et al., 2013). For example in Rhodotorola mucilaginosa the 

fatty acid profile is more species dependent in different carbon sources such as glucose 

and grass hydrolysate (Enshaeieh et al., 2012, 2013). Biodiesel typically contains methyl 

and ethyl esters of fatty acids. The high cost of biofuels is usually due to the high price of 

carbon source. Table 2.7 presents the composition of fatty acids derived from various 

oleaginous yeasts. 

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/micro-organism
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/exponential-phase
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/stationary-phase
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/carbon-source
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/biodiesel
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/oxidative-stability
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/fatty-acid-composition
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/fatty-acid-composition
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/microbial-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/octane-number
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/palmitic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/stearic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/oleic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/linoleic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/linoleic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/fatty-acid-profile
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/carbon-source
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/carbon-source
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/hydrolysate
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Table 2.7 Composition of fatty acids in various yeast strains. 

Species C14 C16:0 C16:1 C18:0 C18:1 C18:2 C18:3 References 

Rhodotorula 110 1.11 18.51 – 1.25 67.29 4.76 Nd (Enshaeieh et al., 2012) 

Rhodotorula musilaginosa 1.98 16.62 – 1.23 69.45 5.78 0.3 (Enshaeieh et al., 2013) 

Yarrowia lipolytica - 14.8 5.9 7.5 36.5 25.8 Nd (Fontanille et al., 2012) 

Lipomyces starkeyi AS 2.1560 - 37.7 3.2 4.6 51.4 1.9 Nd (Gong et al., 2012) 

Trichosporon cunateum AS 

2.571 
- 27.8 0.8 20.2 48.2 3.0 Nd (Hu et al., 2011) 

Rhodosporidum toroloides Y4 - 29.8 1.1 5.9 53.2 5.8 0.7 (Zhao et al., 2011) 

Cyptococcus curvatus O3 - 30.1 nd 18.5 39.3 8.3 1.2 (Zhang et al., 2011) 

Rhodotorula glutinis - 16.8 0.8 3.7 45.8 17.9 4.3 (Saenge et al., 2011) 

Rhodosporidium 

toroloides DMKU3-TK16 
0.96 22.49 - 14.56 41.54 15.12 4.51 (Kraisintu et al., 2010) 

Candida curvata nd 41.2 - 14 43 3.5 Nd (Evans & Ratledge, 1984) 

Source: Madani et al. (2017)
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2.3.4 Microbial oil and biodiesel production 

According to biodiesel advantages, the popularity and demand for biodiesel as an 

alternative for petroleum diesel is increasing (Milano et al., 2016). Limited availability 

and high cost of lipid feedstock for biodiesel production has led investigators to use novel 

lipid sources such as microbial oil. This microbial oil termed as SCO is valuable from 

three point of view: 1- high similarity to plants oil so can be used as biodiesel substrate. 

2- lipids which are structurally similar to cocoa butter. 3- lipids that can be used as food 

supplements such as rare polyunsaturated fatty acids (PUFA) (Kumar et al., 2020; 

Madani et al., 2017). The profile of fatty acid in microbial oil is well-suited for biodiesel 

applications. The obtained methyl or ethyl esters can be used as biodiesel which is a good 

replacement for fossil fuel (Ageitos et al., 2011; Scott et al., 2011). Different vegetable 

oils and animal fats like soybean oil, rapeseed oil, palm oil, sunflower oil and also waste 

cooking oil are usually used as biodiesel feedstocks (Verma & Sharma, 2016). Due to 

increasing demand of biodiesel production other oil feedstock especially nonedible oils 

must be used. Microbial oil is one of the potential oil sources for biodiesel production. 

Biodiesel production is done by transesterification process. Transesterification of oils 

usually is done by alcohol (ethanol and methanol) and an alkali catalyst (NaOH/KOH) 

(Kumar et al., 2020; Madani et al., 2017). In this reaction TAG that contains fatty acids, 

such as palmitic, stearic and oleic acid converted to monoalkyl esters with long chain 

fatty acids. Transesterification involves a reaction in which the glycerol group of TAG 

replaces by a short chain alcohol. Enshaeieh et al. (2018) used methanol and sulfuric 

acid for transesterification of microbial oil from Rhodotorula mucilaginosa. 

2.3.5 Prospects of microbial oils from various sustainable carbon sources 

It has been well recognized that many oleaginous micro‐organisms can convert 

multiple carbon sources into microbial oils. These carbon sources, however, are different 

in the resources, characteristics, treatment method, and fitness to oleaginous micro‐

organisms. Accordingly, diversified routes can be expected in order to obtain microbial 

oils in a more effective way. The prospects of converting various sustainable carbon 

sources for microbial oil production are summarized in Table 2.8, and further discussed 

here.

https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/biodiesel
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/microbial-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/polyunsaturated-fatty-acids
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/rapeseed-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/sunflower-oil
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/stearic-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/long-chain-fatty-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/engineering/long-chain-fatty-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/chemical-engineering/glycerol
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/sulphuric-acid
https://www-sciencedirect-com.acces.bibl.ulaval.ca/topics/earth-and-planetary-sciences/sulphuric-acid
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Table 2.8 Prospects of microbial oils from different sustainable carbon sources. 

Carbon source Advantages Disadvantages, difficulties, and future efforts 

needed 

Carbon dioxide Reduction of CO2 emission; low cost 

Low efficiency in CO2 utilization and conversion into 

microbial lipids; energy input for CO2 supply; Smart 

bioreactor design and microorganism development are 

needed 

Conventional saccharides 

(glucose etc.) 

Effective to cell growth and lipid accumulation; 

utilization of energy crops at marginal lands can 

be considered 

High cost: competition with food when starch is used 

as feedstock 

C2 compounds 

Available from a variety of biodegradable organic 

wastes; effective conversion was demonstrated in 

some oleaginous micro‐organisms 

Further study is needed for comprehensive 

demonstration of their potential applications 

Conventional saccharides 

(glucose etc.) 

Effective to cell growth and lipid accumulation; 

utilization of energy crops at marginal lands can 

be considered 

High cost: competition with food when starch is used 

as feedstock 

Source: Xu et al. (2013)
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Carbon dioxide is a very attractive carbon source for microbial oil production with 

many expectations of reducing carbon emissions by using CO2 waste from industries. 

Microalgae are widely studied because of their advantages over oil crops in higher 

photosynthetic efficiency, superior unit surface productivity, and simpler nutritional 

requirement. However, microalgae usually take at least two weeks to reach a comparable 

lipid production level with oleaginous yeast or fungi and have some challenges in the 

scale‐up process. Therefore, to realize an effective microbial oil production, it is 

important to select and develop excellent oleaginous microalga candidates, which are able 

to rapidly capture and utilize CO2, resistant to the toxic components such as SOx and 

NOx in the waste gases, and with good adaptability to temperature and light fluctuations. 

Besides, taking into account the high demand of CO2 and water, the sites that are close to 

CO2 and water resources, such as power plants, sea, and waste‐water treatment plants 

may be suitable sites for microalgae oil production (Xu et al., 2013). 

Conventional saccharides, represented by glucose, are considered as the most 

effective carbon resource. Effective conversion of C2 compounds into microbial oil has 

been demonstrated in microalgae species like Crypthecodinium, Cryptococcus, 

and Chlorella, as well as oleaginous yeast Candida. Furthermore, fatty acids of microbial 

oils derived from C2 compounds showed somewhat higher degree of unsaturation, which 

may suggest some differences in lipid synthesis. Consequently, although not sufficient in 

quantity, C2 compounds can probably be used as a supporting carbon source due to their 

specialty in efficient carbon conversion and potential influences on fatty acid profiles. 

More research efforts are expected to reveal the general rules in their utilization (Verma 

& Sharma, 2016; Xu et al., 2013). 

As the most abundant organic source, lignocellulosic biomass is undoubtedly one 

of the primary carbon sources for microbial oils production. Currently, the lipid 

production can reach 4-12 g/L after 4-10 days of liquid fermentation. The efficiency is 

limited mainly by the compositional complexity and heterogeneity of lignocellulosic 

biomass. To further improve the efficiency, it is important to select and develop strains 

with broad substrate utilization capability and stress resistance, and improvement in 

energy‐saving lignocellulosic biomass pretreatment and detoxification processes will be 

beneficial. Furthermore, since there are few literatures that showed the natural strains 

being able to utilize glucose and xylose simultaneously, and targeting the issue of carbon 
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catabolite suppression, much work remains to be accomplished before lignocellulosic 

biomass become an effective carbon source for oleaginous microorganisms (Verma & 

Sharma, 2016; Xu et al., 2013). 

Converting industrial by‐products and wastes containing plenty of organic 

carbons into lipid is a sustainable option for recycling and conserving resources. Glycerol 

is a good example. As described previously, glycerol can be utilized by most oleaginous 

micro‐organisms with similar lipid yield to that of saccharides. With the fast growing of 

biodiesel industries, it will be largely generated as a by‐product of the transesterification 

process from the local plants, and thus is a promising carbon source for microbial oil 

production. Besides, other organic wastes, locally obtained from agriculture, fishing, or 

manufacturing industries, can also be useful carbon sources. However, compared with the 

biodiesel by‐product glycerol, their complicated compositions, especially some hard‐to‐

degrade pollutants or toxics, continue to be a challenge (Kumar et al., 2020; Madani et 

al., 2017; Xu et al., 2013). 

2.3.6 Lipid accumulation and bioremediation of POME using microalgae 

Sustainable energy management in palm oil mill has entered a new dynamic era 

with the chances of oleaginous microorganism culturing using POME (Chin et al., 2013; 

Tsang et al., 2019). Microbial treatment replacing conventional tertiary POME treatment 

can offer an oxygenated effluent and an ecologically safe, less expensive and more 

efficient mean to remove nutrients and metals. Microbial such as microalgae as a tertiary 

treatment nitrogen and phosphorus not removed during anaerobic digestion can reduce 

eutrophication at point sources better than can be achieved by conventional 

treatment (Cheah et al., 2018c; Reno et al., 2020). During digestion, bacteria consume the 

oxygen released by microalgae to decompose the organic matter, giving out carbon 

dioxide, ammonia, and phosphates, which are assimilated by the microalgae and methane 

released as energy. Sludge from wastewater treatment plant can be co-cultured with algae 

to enhance remediation but unlike activated sludge for of secondary effluents treatment, 

algae can eliminate nitrogen and phosphorus without organic carbon requirement (Ahmad 

et al., 2016; Kube et al., 2020). Culturing microalgae can be used as a diet supplement for 

fishers (Shah et al., 2018) or harvested for biodiesel (Table 2.9). 
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Table 2.9 The performance of biomass and lipid productions of microalgae strains cultivated in POME. 

Microalgae sp. Cultivation medium 

Maximal 

biomass 

(g/L) 

Growth rate 

(g/L) or 

biomass 

productivity* 

(mg/L/d) 

Lipid 

conten

t (%) 

Lipid 

productivit

y (mg/L/d) 

Nutrients 

reduction 
References 

Chlorella vulgaris POME + 60 m/L urea 1.07 76.43 – 11.1 
45.08% 

COD 

(Nwuche et al., 

2014b) 

Chlorella vulgaris 
40% (v/v) POME + D-

glucose 
1.43 – 9.7 195 – 

(Nur & 

Hadiyanto, 2015) 

Chlorella sp. 
60% (v/v) POME + 80% 

synthetic nutrients 
0.59 0.269* 7.6 11.8 – (Nur, 2014) 

Chlorella 

sorokiniana CY-1 

30% (v/v) 

POME + 200 mg/L 

glucose + 200 mg/L glyce

rol 

1.52 181.1 14.89 16.14 

33.88% 

COD, 78.84 

TN, 70.43% 

TP 

(Cheah et al., 

2018a) 

Chlorella 

sorokiniana CY-1 

30% (v/v) 

POME + 200 mg/L urea +

 200 mg/L glycerol 

1.38 150.0 12.53 14.41 

59.25% 

COD, 

71.38% TN, 

100% TP 

(Cheah et al., 

2018a) 
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Anaerobic cultivation of C. vulgaris and Scenedesmus dimorphus with POME for 

8 d HRT removes 50.5% and 86% COD; 61.6% and 86.5% BOD; and 61% and 99.5% 

TN, respectively (Kreith, 1999). It was previously reported that TOC of 76.6 and TN of 

84% removal efficiency are achieved in the treatment of industrial wastewater by C. 

vulgaris (Choi & Lee, 2012; Zhang et al., 2012). Increasing C. vulgaris content from 1 to 

10 g/L increase the removal rate of BOD to 80-89%, COD to 78-82%, TN to 81-85%, TP 

to 32-36%, NH3-N to 99-97%, and PO4-P to 45-49% (Choi & Lee, 2012). Shorter HRTs 

of 2 d have been reported for 89% BOD and 88% COD reduction using C. vulgaris grown 

in seed and animals feed production wastewater at 30 °C (Chen et al., 2008). The algae-

based sewage treatment plant (STP) achieves total BOD removal of 82% (Thani et al., 

1999) and 76% COD removal from piggery wastewater in high rate algal ponds (Rao et 

al., 2007). A study with C. protothecoides similarly achieves the removal efficiency of 

78.3% COD, when algae is grown in concentrated soybean wastewater (Zhang et al., 

2012). However, lower COD removal (59-79%) has been reported by combining the high 

rate algal pond, using filamentous green algae and an artificial wetland (Beccari et al., 

1996). 

2.3.7 Lipid accumulation and bioremediation of wastewater using yeast as 

inoculum 

It is well established that oleaginous microorganisms including bacteria (Patel et 

al., 2020), yeasts (Pirozzi et al., 2015), molds (Patel et al., 2020), and algae (Dong et al., 

2016) can produce microbial lipids. Among them, the most studied oleaginous 

microorganisms are yeast and algae due to their high cellular lipid contents. Yeasts are 

consider to be advantageous compared to molds and algae among the oleaginous 

microorganisms because of their faster growth rates and ability to be cultivated easily in 

large scales (Arous et al., 2016). Several oleaginous yeasts such as Yarrowia, Candida, 

Rhodotorula, Rhodosporidium, Cryptococcus, Trichosporon, and Lipomyces have been 

extensively studied for lipid accumulation. Among them, L. starkeyi was reported to have 

high flexibility in carbon source utilization and similar fatty acid composition to vegetable 

oils (Sreeharsha & Mohan, 2020; Vasconcelos et al., 2019). 

In a recent study by Louhasakul et al. (2016), several strains of Yarrowia 

lipolytica were cultivated in POME and the strain Y. lipolytica TISTR 5151 produced 

lipid and cell-bound lipase at the highest levels of 1.64 ± 0.03 g/L and 3353 ± 27 U/L, 
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respectively. Moreover, the cell-bound lipase could transesterify lipid from the wet yeast 

cells in the direct transesterification reaction, and produced 40.90% of fatty acid methyl 

esters. Iwuagwu and Ugwuanyi (2014) achieved a maximum COD reduction of 83% with 

highest biomass accumulation in 96 h using Saccharomyces sp L3
1 in POME at 150 rpm, 

28 ± 2 ℃. The fungal strain Emericella nidulans NFCCI 3643 was proven to be an 

excellent biological agent in reducing the organic load of POME. The organism showed 

80.28% reduction in COD, 88.23% in BOD, and 87.34% in oil/grease content at their 

optimal environmental and nutritional conditions (Lanka & Pydipalli, 2018a). In another 

study, POME degradation was succesfully carried out using Aspergillus niger over a 

period of 16 days using POME as carbon source (Loretta et al., 2016). Bioremediation of 

POME using indigenous yeast Meyerozyma guilliermondii. The remediation of POME 

using this strain resulted in a substantial reduction of COD of 72%, total nitrogen of 

49.2%, ammonical nitrogen of 45.1%, total organic carbon of 46.6%, phosphate of 60.6%, 

and 92.4% removal of oil and grease after 7 days of treatment period (Ganapathy et al., 

2019). In another report, the treatment of POME using Yarrowia lipolytica NCIM 3589, 

a marine hydrocarbon-degrading yeast, gave a COD reduction of about 95% with a 

retention time of two days (Oswal et al., 2002a). Theerachat et al. (2017) achieved a 

maximum COD removal of 54.7% and 48.5% from undiluted POME by C. rugosa and 

Y. lipolytica, respectively. Moreover, culture with Y. lipolytica rM-4A effectively reduced 

the total phenolic content in undiluted POME, resulting in removal of 36% of the total 

phenolic content after 96 h. Table 2.10 shows the comparison of BOD and COD removal 

efficacy of several microorganisms from wastewater. 
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Table 2.10 Comparison of BOD and COD removal efficacy of several microorganisms from wastewater. 

Group Species Substrates 

Treatment 

period 

(days) 

BOD removal 

(%) 

COD removal 

(%) 
References 

Yeast Yarrowia lipolytica NCIM 3589 POME 2 77.27 95.00 (Oswal et al., 2002b) 

 Y. lipolytica rM-4A POME 6 - 48.50 (Theerachat et al., 2017) 

 Saccharomyces sp L3
1 POME 4 - 83.00 

(Iwuagwu & Ugwuanyi, 

2014) 

 Yarrowia lipolytica POME 3 - 72.90 (Louhasakul et al., 2016) 

 Candida rugosa CU1 POME 6 - 54.70 (Theerachat et al., 2017) 

Bacteria Bacillus cereus 103 PB POME 5 90.98 78.60 (Bala et al., 2015) 

 Stenotrophomonas maltophilia POME 5 64.73 61.92 (Bala et al., 2015) 

 Micrococcus luteus POME 5 55.21 67.19 (Bala et al., 2015) 

 Bacillus subtilis POME 5 77.51 64.08 (Bala et al., 2015) 

 Bacillus cereus 
Petroleum 

wastewater 
28 - 70.00 (Agarry, 2017) 

 Rhodococcus opacus Dairy waste 4  65.00 (Kumar et al., 2015) 

 Bacillus cereus 
Unhairing 

wastewater 
10 - 41.00 (Mlaik et al., 2015) 

 Bacillus cereus GS-5 
Domestic 

wastewater 
13 - 90.60 (Rout et al., 2018) 

 Bacillus cereus MTCC 25641 

Dairy 

Waste 

Effluent 

7 44.07 50.68 (Gawai et al., 2017) 

 Bacillus licheniformis 
Municipal 

wastewater 
4 72.08 51.00 (Garode, 2018) 

 B. cereus KM15 
Orange 

waste 
7  62.80 (Qadeer et al., 2018) 
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2.3.8 Lipid accumulation through bioremediation using bacterial inoculum 

Bacteria generally accumulate polyhydroxyalkanoates (PHAs), mainly 

polyhydroxybutyrate (PHB), for energy storage; TAGs are only produced by some strains 

(Kosa & Ragauskas, 2011). Bacteria can be more advantageous in lipid accumulation 

over other oleaginous microorganism due to have a less complex genome, metabolism, 

and cell compartmentation and can produce a wider range of different types of lipids 

compared to multicellular eukaryotes. Moreover, it is an aerobic microorganism with 

easier cultivation, diverse carbon sources and carbon utilization pathways, natural ability 

to store lipids and PHA as reserve food material, balance fuel properties composition 

(Kumar et al., 2018). In addition, they can usually be genetically modified more readily 

to obtain optimized strains that further increase the productivity and competitiveness of 

the whole process (Chisti, 2007; Kosa & Ragauskas, 2011; Rude & Schirmer, 2009). 

Furthermore, it was also reported that bacteria was very efficient to utilize a wide range 

of waste substrate as carbon source such as urban wastewater (Cea et al., 2015), milk 

processing wastewater (Cea et al., 2015), POME (Zhang et al., 2016), mango waste, 

orange waste, apple waste (Qadeer et al., 2018), dairy waste (Kumar et al., 2015), 

molasses (Kumar et al., 2015), carob waste, orange waste (Gouda et al., 2008), cotton 

stalk (Zhang et al., 2014b), POME (Bala et al., 2018). Until now, quite a few studies have 

reported the capability of bacteria in lipid accumulation (Meng et al., 2009); but few 

studies have explored that several species of bacteria such as Rhodococcus opacus, 

Pseudomonas spp., Bacillus cereus and Bacillus subtilis were able to accumulate a 

significant amount of lipids as TAGs (Brigham et al., 2011; Kumar et al., 2018). In a 

recent study, Qadeer et al. (2018) obtained a removal of  VS up to 38.5% and oxidizable 

organic matter removal (COD-based) up to 48.9% through the degradation of mango 

waste by using B. cereus KM15, while simultaneously showing an accumulation of lipids 

up to 41.5% in 96 h. The degradation efficiency of organic matter was 30.9 and 31% for 

apple and orange waste after 96 h with a lipid accumulation of 21 and 25%, respectively. 

Table 2.11 shows the performance of oleaginous yeasts and bacteria to produce microbial 

lipid from POME. 

Apart from the lipid production, the bacterial strains, especially, the strains of 

Bacillus, could significantly remediate pollutants from the wastewater, as they are 
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Table 2.11 Performance of oleaginous yeasts and bacteria to produce microbial lipid from wastewater. 

Group Microorganisms Culture conditions 
Biomass, 

g/L 
Lipid, g/L 

Lipid content, 

(wt.%) 
References 

Yeast Yarrowia lipolytica two-fold diluted effluent 3.79 ± 0.04 1.15 ± 0.11 30.34 ± 1.45 
(Louhasakul et al., 

2016) 

 Yarrowia lipolytica 
un-diluted effluent 

nitrogen source 
5.68 ± 0.32 1.64 ± 0.03 28.87 ± 0.26 

(Louhasakul et al., 

2016) 

 Candida silvae POME (90%v/v) 11.71 ± 0.8 1.85 15.81 ± 1.9 
(Marjakangas et al., 

2015) 

 
Galactomyces 

geotrichum 
POME (90%v/v) 10.92 ± 0.5 0.81 7.42 ± 1.4 

(Marjakangas et al., 

2015) 

 
Lecythophora 

hoffmannii 
POME (90%v/v) 13.01 ± 0.5 1.22 9.42 ± 1.3 

(Marjakangas et al., 

2015) 

 Graphium penicillioides POME (90%v/v)  12.91 ± 0.1 2.37 18.41 ± 1.0 
(Marjakangas et al., 

2015) 

Bacteria Pseudomonas sp. POME (30% v/v) 1.91 ± 0.07 0.31 ± 0.04 16.04 (Zhang et al., 2016) 

 Bacillus sp. V10 
milk processing 

wastewater 48h, 
1.50 0.09 6.10 (Cea et al., 2015) 

 B. cereus KM15 apple waste, 3 days 25.00 7.50 30.00 (Qadeer et al., 2018) 

 
Rhodococcus opacus 

DSM 43205 
dairy waste, 4 days, 3.71 1.89 51.00 (Kumar et al., 2015) 

 
Bacillus subtilis 

HB1310 
cotton stalk, 2 days 5.70 2.30 39.80 (Zhang et al., 2014b) 

 Rhodococcus opacus Dairy wastewater 4.00 3.16 79.00 (Gupta et al., 2018) 

 Gordonia sp. DG Orange waste 0.12 0.06 50.00 (Gouda et al., 2008) 
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capable of excreting different types of enzymes such as cellulase, laccase, and 

lipase which would promote waste digestion (Bala et al., 2014). Furthermore, Bacillus 

possess a higher tolerance of environmental fluctuations such as low pH, high 

temperature due to their spore forming capability (Grady et al., 2011). In a recent study, 

B. subtilis was able to synthesize a lipid content of 39.8% in 48 h, when cultured in cotton 

stalk hydrolysate as substrate (Zhang et al., 2014b). Bala et al. (2015) reported a higher 

reduction of COD (78.60%) from POME by using a strain of Bacillus cereus 103 PB 

compared to other bacterial strains, such as Micrococcus luteus 101 PB (67.19 %), 

Stenotrophomonas maltophilia 102 PB (61.92 %), Providencia vermicola 104 PB, 

Klebsiella pneumoniae 105 PB and Bacillus subtilis 106 PB (64.08 %). Bhumibhamon et 

al. (2002) has reported removal of fat and oil by Bacillus sp. KUL39 (81.6%) from 

wastewater of palm oil and bakery industries. Nanganuru et al. (2012) reported 71% 

removal of oil by B subtilis. Marina et al. (2013) has also reported treatment of oily 

wastewater with B. cereus. In another study by (Banerjee & Ghoshal, 2017), petroleum 

wastewater samples from oil refinery and oil exploration site were treated by hyper 

phenol-tolerant B. cereus (AKG1 and AKG2) in laboratory-scale batch process to assess 

their bioremediation efficacy. In another study, POME degradation was successfully 

carried out using B. subtilis, P. aeruginosa over a period of 16 days using POME as 

carbon source (Loretta et al., 2016). Simultaneous lipid production and dairy wastewater 

treatment using Rhodococcus opacus in a batch bioreactor for potential biodiesel 

application was performed by Kumar et al. (2015). The bacteria accumulated 14.28% 

w/w lipid and reduced the initial wastewater COD by 30% using the raw dairy 

wastewater. 

2.3.9 Microbial co-culture for enhanced lipid production 

Lipid production performance could be significantly increased by using different 

technique such as metabolically engineered strain; however, the proliferation and stability 

of modified microbes deserves to be further studied. Microbial co-culture in wastewater 

could be more efficient culture strategy to increase the productivity and decrease 

production costs. Recently, Cheah et al. (2018c) demonstrated a satisfactory biomass and 

lipid yield by using co-culturing of bacteria (i.e., Pseudomonas sp.) on microalgae (i.e., 

C. sorokiniana CY-1) through an effective POME bioremediation. Cheah et al. (2018c) 

obtained a satisfactory biomass growth of 2.04 g/L with a productivity of 185.71 
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mg/L/day and lipid content (16.04%) by co-culturing bacteria (i.e., Pseudomonas sp.) on 

microalgae (i.e., Chlorella sorokiniana CY-1) through an effective POME 

bioremediation (COD removal). In another study, Bala et al. (2015) found that the 

reduction efficiency of COD (90.64%) by bacterial co-culture (B. cereus 103 PB and B. 

subtilis 106 PB) was significantly higher than the mono-culture. Moreover, the reduction 

efficiency of COD for the bacteria combination B. cereus 103 PB and B. subtilis 106 PB 

(90.64 %) was higher than Micrococcus luteus 101 PB and Stenotrophomonas 

maltophilia 102 PB (71.84 %) and control (14.35 %) (Bala et al., 2015). Nevertheless, a 

mixed culture of microalgae (Chlorella vulgaris) and yeast (Rhodotorula gultinis) 

produced a higher biomass (4.63 g/L) and lipid (2.88 g/L) than that in the pure cultures 

(Cheirsilp et al., 2011).  

The wastewater treatment utilizing the algal-bacterial system is capable of 

removing about 80% COD (Weiland, 2010). Utilizing N. oculata, and Chlorella sp. the 

highest removal of COD (95-98%), BOD (90-98%), TOC (80-86%) and TN (80%) were 

achieved after 7 d of anaerobic treatment as compared to treatment without microalgae 

(Ahmad et al., 2014a, 2015). POME treated with anaerobic co-cultivation of Tetraselmis 

suecica achieved high removal efficiency of COD, BOD, TOC and TN after 3 and 7 d of 

HRT at 87-95%, 84-95%, 67-90%, 73-80%, respectively (Ahmad et al., 2014b). The 

lower removal efficiency of COD (53%), BOD (73%), TOC (49%) and TN (48%) are 

achieved on day 3 of aerobic treatment without microalgae. Filtered POME composition 

in sea water at different levels (1, 5, 10, 15 and 20%) used as an alternative medium 

produced enhanced cell growth and lipid accumulation at 10% POME for N. 

oculata and T. suecica with maximum specific growth rate (0.21/d and 0.20/d) and lipid 

content (39% and 27%), respectively, after 16 d of flask cultivation. The POME/Seawater 

media with algal treatment had been observed to achieve significant removal COD (93.6-

95%), BOD (96-97%), TOC (71-75%), TN (78.8-90.8%) and oil and grease (92-94.9%). 

The major fatty acids composition of lipid recovered from N. oculata and T. 

suecica cultivated in 10% POME composition with sea water are pentadecanoic acid 

(C15:0), palmitic acid (C16:0), stearic acid (C18:0) belonging to saturated fatty acids 

(SFA); and palmitolic acid (C16:1) and oleic acid (C18:1) belonging to monounsaturated 

fatty acids (MUFA). The total SFA (59.24%, 68.74%); MUFA (15.14%, 12.26%); and 

PUFA (9.07%, 8.88%) are obtained for N. oculata and T. suecica, respectively. N. 

oculata contained high palmitic acid (C16:0) at 28.22% and palmitolic (C16:1) at 9.37% 
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while T. suecica contained high palmitic acid (C16:0) at 36.48% and pentadecanoic acid 

(C15:0) at 9.21%. In PUFA profile, the highest percentage of linolenic acid (C18:3) is 

found in N. oculata (4.54%) and T. suecica (5.11%). The cultivation of N. oculata and T. 

suecica in 10% POME composition with sea water therefore is suitable for cell growth as 

well as MUFA and PUFA production. The percentage of fatty acids content of microalgae 

can be tuned based on the growth phases from which the cultures are harvested. With 

high saturated and monounsaturated fatty acids, N. oculata and T. suecica are potential 

candidates for the production of biodiesel (Shah et al., 2016). Table 2.12 the performance 

of several co-culture inoculums to produce microbial lipids and COD removal from 

wastewater. 

Theerachat et al. (2017) observed that the highest removal of triglyceride (98.5%) 

and COD (60.3%) can be obtained by the co-culture of C. rugosa and Y. lipolytica in the 

undiluted POME for 120 h. A mixed culture oleaginous yeast Rhodotorula gultinis and 

microalgae Chlorella vulgaris produced higher biomass (4.63 g/L) and lipid (2.88 g/L) 

than that in the pure cultures (Cheirsilp et al., 2011). The synergistic effect of yeast-

bacteria co-culture on bioremediation of oil-contaminated soil was studied by (Zhang et 

al., 2014a), and they removed 56% of total petroleum hydrocarbon and 32% of polycyclic 

aromatic hydrocarbons. Islam et al. (2018a) achieved a maximum power density and 

higher COD removal efficiency in microbial fuel cell by using mutualistic interaction of 

yeast and bacteria (L. starkeyi and Klebsiella pneumonia). However, the combination of 

yeast and bacteria and their interactions in accumulating microbial lipids through 

bioremediation of POME have not reported to date. Lipid production and simultaneous 

COD removal efficiency could be enhanced through manually adjusting the microbial 

cooperation. Especially, when organic waste/wastewater used as substrate, degradation 

process can be more complex. In this case, inoculating strains according to the substrate 

can help to reduce the adaptation time and enhance the lipid production. It was 

hypothesized that B. cereus would boost up the growth and the lipid accumulation 

performance of L. starkeyi by quick assimilation of organics present in the POME having 

a higher degradation efficiency. 
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Table 2.12 Performance of co-culture to produce microbial lipids and COD removal from wastewater. 

Strains 
Co-culture 

consortia 

Substrates/treat

ment period 

Biomass 

(g/L) 

Lipid 

(g/L) 

Lipid 

content 

(wt%) 

COD 

removal 

(%) 

References 

Pseudomonas sp. on 

C. sorokiniana CY-1 

Microalgae-

bacteria, 1:1 

30% (v/v) 

POME, 5 days 

2.04 

 
0.33 16.04 53.70 (Cheah et al., 2018c) 

Klebsiella variicola 

and P. aeruginosa 

Bacteria-

bacteria, 1:1 

50% (v/v) 

POME, 11 days 
- - - 69.28 (Islam et al., 2018a) 

B. cereus 103 PB and 

B. subtilis 106 PB 

Bacteria-

bacteria, 1:1 
POME, 5 days - - - 90.64 (Bala et al., 2015) 

R. gultinis and C. 

vulgaris 

Yeast-

microalgae, 1:1 

Sugar cane plant 

wastewater 

(molasses), 7 

days 

4.63 2.88 - 79.00 
(Cheirsilp et al., 

2011) 

Scenedesmus obliquus 

with Pseudomonas sp. 

Microalgae-

bacteria, 2:1 

BG11 medium, 

10 days 

2.96  

 
0.68 21.10 - (Wang et al., 2015a) 

Rhizobium radiobacter 

and C. vulgaris 

Bacteria-

microalgae, 0.3 

BG11 medium, 

12 days 
 - 25.80 - (Wang et al., 2015b) 

C. rugosa CU1 and Y. 

lipolytica rM-4A 

Yeast-yeast, 

1:1 

50% (v/v) 

POME 
 - - 60.30 

(Theerachat et al., 

2017) 
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2.4 Optimization of culture conditions for enhancing lipid production 

performance 

2.4.1 Overview of optimization 

Optimizing the operational parameters in microbial lipid accumulation and 

bioremediation could enhance the efficiency of the operation and simultaneously reduce 

the energy and time. Recently, in biological operating systems, statistical optimization 

has emerged as a popular technique due to the increasing impact of parameters. In 

addition, this optimization technique can be employed to search within a wide 

experimental area with the least number of runs, and can also provide the contribution of 

each factor and its share on the different responses (Rajendhran et al., 2002). The 

interactions among different variables can also be evaluated. The influence of certain 

factors can be analyzed at different levels of other factors, thus, the conclusions are more 

accurate over the total experimental space (Madani et al., 2015; Subhash & Mohan, 2014). 

Lipid accumulation and fatty acid composition of oleaginous microorganisms 

varies depending on environmental factors (such as pH, temperature and incubation time) 

and the nature of the microorganism (Ageitos et al., 2011; Subhash & Mohan, 2014). 

‘One variable at a time’ is the classical method of approach that permits the determination 

of specific requirements for growth and product formation by systematically adding or 

deleting components from the medium (Abdelhamid et al., 2019). A considerable number 

of works have been done to study the effect of operational parameters in microbial lipid 

accumulation performance. Such studies have covered operational areas like initial 

medium pH, incubation temperature, incubation period, inoculum size, static and shaking 

conditions, different carbon sources, different nitrogen sources (Abdelhamid et al., 2019; 

Ali et al., 2017; Ali & El-Ghonemy, 2014). ‘Mathematical modelling’ is considered as a 

powerful tool for investigating the effect of the aforementioned aspects on the overall 

performance of lipid accumulation and bioremediation (Dai et al., 2011; Ortiz-Martínez 

et al., 2015; Pinto et al., 2012; Wen et al., 2009). The use of mathematical models could 

provide deeper insight in terms of the analytical measurement of the state hard-to-measure 

aspects, and thereby, reduce the analysis effort. The mathematical models can describe 

the conversion of a complex systematic phenomenon due to its versatility and that enables 

relatively simple series of mathematical expressions to describe the influence of each 

element on the total output (Ortiz-Martínez et al., 2015). Generally, mathematical 
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modelling is accomplished in two approaches; one approach is to derive the model based 

on the physical or engineering laws that govern the system processes (Joseph & Melkote, 

2009; Joseph & Yan, 2015). But, most engineering models are called deterministic 

models since the parameter values and the initial conditions determine the output of the 

model (Thomann, 1989). 

The second approach is the statistical tools which are designed based on the data 

collected during the fermentation process (Ali et al., 2017; Joseph & Yan, 2015; Shoaib 

et al., 2018), and are important for evaluating the relationships between the system inputs 

and outputs means the relationship between the culture conditions/nutritional factors and 

lipid production, particularly when there is a limited engineering domain knowledge to 

be characterized, such as the complex mechanisms of lipid production and organic 

compound removal (Subhash & Mohan, 2014). Furthermore, statistical models can 

efficiently capture the system ambiguity and remedy the error created from engineering 

models for a better system quantification (Joseph & Melkote, 2009). In general, the 

operational parameters such as pH, temperature, substrate concentrations, incubation 

time, and different nutritional factors (Abdelhamid et al., 2019; Ali et al., 2017; Ali & El-

Ghonemy, 2014). Recently, response surface methodology (RSM) has been extensively 

applied in the optimization of medium composition and culture conditions (Awad et al., 

2011). RSM is a collection of mathematical and statistical techniques for the experimental 

design, evaluation factors, model development and optimum conditions of different 

biotechnological processes. Statistical optimization not only allows quick screening of 

large experimental domain but also reflects the role of each component (Ali et al., 2017). 

2.4.2 Effect of operational parameters on lipid production 

Various strains of several oleaginous microbes could accumulate significant 

amount of lipids but not all of them may be able to efficiently utilize the nutrients from 

POME. Extensive research was carried out on the development of microbial oil 

production through the cultivation of oleaginous microorganisms in the POME (Subhash 

& Mohan, 2014). Several operational parameters such as pH, substrate concentrations, 

inoculum compositions, temperature, and time severely influence the performance of 

fermentation process for bioremediation and lipid accumulation. It was observed that the 

lipid content and fatty acid composition varies depending on the nature of microorganism 

and the environmental and nutritional culture conditions, such as substrate type and 
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concentration, medium pH, incubation temperature, static and shaking condition, 

nutrients (especially, carbon and nitrogen sources, C/N ratio), and the inoculum 

composition (Ali & El-Ghonemy, 2014; Subhash & Mohan, 2014). For instance, 

Abdelhamid et al. (2019) reported that medium pH is one of the most important 

environmental factors influencing bacterial cell growth and physiology; therefore, plays 

an important role in the growth and lipid accumulation. Indeed, lipid accumulation is 

greatly influenced by the growth of microbes and C/N ratio in the medium because lipid 

accumulation occurs in nitrogen limiting condition. Nevertheless, the microbial growth 

is dependent to the operating parameters and nutrients. Higher C/N ratio and organic 

nitrogen sources have been shown to favor an oil accumulation in microbial biomass 

(Huang et al., 2010). Subhash and Mohan (2014) studied the influence of several 

operating parameters including pH, temperature, glucose, nitrogen, phosphorous, proteins 

and sodium chloride concentration on fungal growth and lipid accumulation; and they 

found that pH, glucose, incubation temperature, and incubation time substantially 

influenced the lipid production. Wang et al. (2015b) demonstrated that inoculation ratio, 

initial glucose concentration, and co-culture time were the most significant process 

variables in the co-culture of bacteria and microalgae. A mixed culture of oleaginous 

yeast Rhodotorula glutinis and microalga Chlorella vulgaris showed highest biomass (of 

4.63 ± 0.15 g/L) and lipid production (of 2.88 ± 0.16 g/L) after five days of cultivation in 

an industrial waste (steamed fish processing effluent) at optimal conditions of inoculum 

ratio of yeast to microalga at 1:1; initial pH at 5.0; molasses concentration at 1%; shaking 

speed at 200 rpm; and light intensity at 5.0 klux under 16:8 hours light and dark cycles 

(Cheirsilp et al., 2011). 

2.4.2.1 Effect of inoculum composition 

In a recent study by Abdelhamid et al. (2019), the inoculum size of Penicillium 

commune NRC2016 was adjusted at different values. The media pH was adjusted at 7.0 

then incubated for 5 days at a temperature of 20 °C. The maximum lipid production 

reached 30.37% and was obtained by using inoculum size 0.75% while the minimum 

value reaches to 28.50% by using inoculum size 0.50%. Therefore, it can be said that the 

inoculum composition significantly influences on the microbial growth and lipid 

accumulation. Recently, the co-culture inoculums have gained attention to the researchers 

for enhancing lipid production, because the collective output of co-culture is usually 
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higher than that of the monoculture systems (Islam et al., 2018a; Kim et al., 2016; 

Venkataraman et al., 2011). The inter-microbial interactions within the microbes play a 

crucial role to determine evolutionary relationship between or within the microbes in a 

microbial community, along with system properties, particularly the dynamics and 

stability of the entire microbial communities. In the past few years, the use of synergistic 

microbial consortia has renewed attention because the synergistic interaction between 

microbes enabled degradation capability in wide range substrates and could enhance the 

lipid accumulation as well (Islam et al., 2019). In general, the microbial interactions could 

be neutral (Read et al., 2010), while in some cases it could be synergistic (Venkataraman 

et al., 2011), and or antagonistic (Powers et al., 2015). 

The synergistic co-culture inoculums are preferred because the combined output 

through mutualistic interactions is usually higher than that of the monoculture systems 

cycles (Cheirsilp et al., 2011). However, it should be noted that the ratio of microbes plays 

a crucial role, especially in the synergistic interactions which occur in the co-culture-

inoculated fermentation process (Cheah et al., 2018c). For instance, the higher biomass 

(2.04 g/L) and productivity (185.71 mg/L/d) were attained by co-cultivation of C. 

sorokiniana CY-1 and Pseudomonas sp. with a ratio of 1:1 in the POME. At this inoculum 

ratio, lipid content (16.04%) was about two fold higher than other ratios of 2:1 or 1:2. 

Similarly, Cheirsilp et al. (2011) obtained higher lipid production (2.88 ± 0.16 g/L) and 

COD removal (79.0 ± 1.1%) using a co-culture of microalga C. vulgaris and yeast R. 

glutinis in the ration of 1:1 (Cheah et al., 2018c). In another study, the ratio of 0.20–0.25 

for bacteria and microalgae was observed as optimum culture conditions to obtain 

maximum lipid accumulation (Wang et al., 2015b). Although several studies have been 

reported on the synergistic effects on co-culture inoculum in lipid accumulation, none 

have reported the effect of inoculum ratio and their interaction with other process 

parameters on the performance of lipid production and COD removal. Therefore, this 

study provides information on the influence of co-culture inoculum ratio on the 

performance of lipid production and COD removal efficiency. 

2.4.2.2 Effect of pH 

Generally, the microbes require a pH close to neutral for their optimal growth. It 

is well known that most bacteria can grow well around pH value of 6.5-7.0, however, 
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each microbial species has its own optimum pH range for best growth. Moen et al. (2003) 

reported that the optimum pH for methanogenic archaea was 6.6–7.5, while Yuan et al. 

(2015) observed that the dominant bacterial genus responsible for fermentation usually 

grows at a pH range of 4 to 10. For instance, microorganisms such as Clostridium, 

Ruminococcaceae, Actinomyces, Peptostreptococcaceae, Tetrasphaera, and Zoogloe 

grow well at pH 4, while Alcaligenes, Anaerolinea, Paludibacter, and Tissierella grow 

well at or near pH 10. Jones et al. (2015) reported the optimum pH range of 6.6-7.0 for 

P. aeruginosa, whereas Klebsiella grows better in the pH range of 5.5 -7.0. Zhao et al. 

(2017) showed that the maximum growth of Lactobacillus bacteria was at initial pH of 

6.5, however, pH below 5.0 was not favorable for the growth of bacteria. In the case of 

yeast, the growth was maximum at pH 6.0, but similar growth was observed at pH 5.5 

(Zhao et al., 2017). Therefore, it is concluded that the neutral pH is imperative to achieve 

optimal microbial growth as well higher COD removal and lipid accumulation. 

The initial medium pH was found to be a significant factor for lipid accumulation. 

(Lilly & Barnett, 1951) recorded that the hydrogen ion concentration in the medium was 

an influential factor for growth and other life processes like sporulation. It was known 

that the function of plasma membrane was to regulate the transport of substances from in 

and out the cells. Previous studies recorded the influence of pH value on the 

microorganism’s growth kinetics and concluded that the medium pH was an important 

environmental factor affecting cell growth and products formation (Abdelhamid et al., 

2019). Comparable results were obtained by Ruan et al. (2014), Ali and El-Ghonemy 

(2014), and Jiru et al. (2017); they recorded that pH values between 5 and 6 were found 

to be the suitable pH for most fungal growth. Therefore, the ratio of co-culture inoculum 

composition can be severely affected by varying the medium pH and that, in turn, 

influences the performance of fermentation. 

The effect of pH on the lipid production by Aspergillus wentii Ras101 was studied 

in the recent research work by Shoaib et al. (2018). This result reveals that the lipid 

production is increased with increasing the pH. The optimized value obtained from 

LINGO optimization program is about 6.1 at which the optimum value of the produced 

lipid is 40% of the obtained dry biomass. Minhas et al. (2016) reported that the pH of the 

fermentation medium is an important environmental factor affecting cell growth and 

products formation. Lilly and Barnett (1951) reported that the hydrogen ion concentration 
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of the culture medium is strongly affecting the growth, sporulation, and metabolic 

activities of fungus. Besides, the external pH of the medium may affect the plasma 

membrane permeability; consequently, the change of the external pH affects the 

membrane osmosis towards the absorption of the different ions and nutrients from the 

surrounding medium (Amanullah et al., 2001). 

2.4.2.3 Effect of incubation temperature 

The incubation temperature had an impact on the biomass formation and lipid 

synthesis. In a recent study, Abdelhamid et al. (2019) demonstrated that the incubation 

temperature significantly influenced the lipid accumulation and the maximum lipid 

accumulation for Penicillium commune NRC2016 reached 41.18% at 20 °C similar to 

that of Carlile et al. (2001) who investigated that all fungal enzymes exhibited high 

activity at a temperature 20-30 °C. In another study, Ali et al. (2017) showed that there 

was an increase in growth biomass as well as lipid accumulation with the increase of 

incubation temperature from 25 °C to 35 °C or for P. brevicompactum NRC 829. 

However, the highest lipid productivity was reported at 30 °C (39.0 ± 1.43% lipid/dry 

biomass) during the preliminary screening, while a decrease in biomass and lipid 

accumulation was noticed with lower/higher incubation temperature compared with the 

optimum temperature. These results are in accordance with those reported by Ali and El-

Ghonemy (2014) and Subhash and Mohan (2014). In this regard, Carlile et al. (2001) 

reported the optimum temperature for maximum fungal biomass to be 30 °C, which might 

be attributed to the natural environments of fungi. At high temperatures, an increase in 

nutritional requirements is sometimes observed in Saccharomyces (Carlile et al., 2001). 

The effect of incubation temperature on lipid production by A. wentii Ras101 was 

also reported by Shoaib et al. (2018). Incubation temperature was one of the most 

important factors which affect the lipid accumulation. Therefore, the fungal strain (A. 

wentii Ras101) was incubated at varying temperatures ranging from 15 to 35 °C (Liu et 

al., 2010). As reported in the study of Shoaib et al. (2018) showed that, lipid content 

increases with increasing the incubation temperature until it is reached the value of 28 °C. 

At incubation temperatures higher than 28 °C, the lipid production is decreased. The 

optimum temperature achieved by Lingo program was 28 °C, which corresponds well 

with the experimental value. 
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2.4.2.4 Effect of incubation time 

The time of incubation is also an important factor and showed an influence on the 

microbial biomass formation and lipid accumulation. Lipid production of each strain 

differs depending upon the specific growth rate of the strain, whereas the maximum lipid 

production could be obtained only after a certain incubation time which allows the culture 

to grow at a steady state. In the current study, the highest biomass and lipid accumulation 

were noticed on the 6th day of incubation (39.5 ± 1.28% lipid/dry biomass) P. 

brevicompactum NRC 829 (Ali et al., 2017). In contrast, the highest biomass and lipid 

accumulation of Rhodosporidium toruloides and Trichoderma viride were reported on the 

5th day of incubation (Ali & El-Ghonemy, 2014). On the other hand, El-Fadaly et al. 

(2009) reported 2.2 g/L of microbial oil with 59.5% oil percentage after 72 h of incubation 

from Cryptococcus curvatus. They suggested that, after inoculation, up to 72 h the fungus 

consumed all the available nitrogen, and then the reserve lipid was synthesized in distinct 

oil droplets. In a recent study, Abdelhamid et al. (2019) demonstrated that the incubation 

time had a significant effect on lipid production by P. commune NRC2016 and maximum 

lipid production reached 46.36% after the fifth day. The result was similar to Ali and El-

Ghonemy (2014) for Aspergillus sp. and T. viride NRC314 and reported that maximum 

lipid production was obtained after incubation time of 5 days. 

Shoaib et al. (2018) also demonstrated that the incubation time is also an important 

factor for the fungal strain growth and biomass formation using A. wentii Ras101. The 

determination of the optimum incubation time can guarantee the efficient utilization of 

available carbon source in the growth medium, which leads to a higher accumulation of 

lipid content. According to their observation, the lipid production was increased when the 

incubating time was increased up to about 170 h. The optimum time required for the 

fungal strain growth was about 168 h (7 days). These results was in agreement with data 

obtained by Ali et al. (2017), who reported that the maximum lipid production by 

Aspergillus spp. was obtained after 5 days of incubation. 

2.4.3 Importance of optimization of process parameters in lipid production 

Difference in several culture conditions greatly affect the lipid accumulation 

ability of microbes as well as the fatty acid composition. Zhao et al. (2017) showed that 

the maximum growth of Lactobacillus bacteria was at initial pH of 6.5, however, pH 
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below 5.0 was not favorable for the growth of bacteria. As to Bacillus subtilis, the bacteria 

reproduced well at pH 6.0-8.0. In the case of yeast, the growth was maximum at pH 6.0, 

but similar growth was observed at pH 5.5. They also stated that the optimum 

temperatures for both bacteria and yeast were observed at 28-32°C when they were 

cultured at their optimal pH values. Shoaib et al. (2018) reported that the lipid 

accumulation by a fugal strain A. wentii Ras101was increased with increasing the pH up 

to 6.1, then gradually decreased. They also stated that the lipid content increases with 

increasing the incubation temperature until it is reached the value of 28 °C and gradually 

decrease at incubation temperatures higher than 28 °C. In a recent study by Subhash and 

Mohan (2014), a pH 5.5 and temperature of 30 ℃ were found to be suitable for growth 

and lipid accumulation by oleaginous fungus A. awamori. Nevertheless, the lipid 

production was increased when the incubating time for the fungal strain growth was 

increased up to about 168 h (7 days), and then slightly deceased (Shoaib et al., 2018). Ali 

et al. (2017) reported that the maximum lipid production by Aspergillus spp. was obtained 

after 5 days of incubation. Higher biomass growth and lipid accumulation was noticed at 

72 h for oleaginous fungus A. awamori (Subhash & Mohan, 2014). In a mixed culture of 

oleaginous yeast R. glutinis and microalga C. vulgaris showed highest biomass and lipid 

production after five days of cultivation in an industrial waste, then slightly decreased in 

lipid production on day 7 (Cheirsilp et al., 2011). Furthermore, inoculum ratio was found 

to have a significant influence on the biomass growth and lipid accumulation in co-culture 

cultivation. Pseudomonas sp. was co-cultivated with C. sorokiniana CY-1 in ratios of 

microalgae versus bacteria of 1:1; 2:1 and 1:2. Higher biomass (2.04 g/L) and productivity 

(185.71 mg/L/d) were attained in the ratio of 1:1. At this inoculum ratio, lipid content 

(16.04%) was about two fold higher than other ratios (Cheah et al., 2018c). In another 

study, the optimized culture conditions of inoculation ratio of bacteria and microalgae of 

0.20–0.25 was observed to be effective inoculum for lipid accumulation (Wang et al., 

2015b). Therefore, it can be said that the operating parameters have a significant influence 

on the microbial growth and lipid accumulation. In this context, the optimization of 

cultivation conditions could be favorable to maximize lipid production by oleaginous 

microorganism, particularly, in the case of co-culture inoculum. 
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2.4.4 Statistical models used in lipid accumulation or bioremediation 

Statistical models are constructed based on the data derived from the fermentation 

process. The statistical models are suitable for revealing the relationships between inputs 

and outputs, and for determining the significant parameters for system quantifications, 

particularly when engineering models are difficult to construct. The ambiguity in the 

system can also be quantified using statistical models rather than engineering models. 

However, the conclusions made from the statistical models need to be validated with 

engineering knowledge. A wide variety of statistical models ranging from regression-

based methods to data mining methods, can be applied for fermentation system to enhance 

lipid accumulation and bioremediation performance, as presented in Table 2.13. 

The effect of different operational parameters, such as pH and substrate 

concentration on the performance of lipid accumulation and COD alteration efficiency 

have been studied using factorial design (FD), central composite design (CCD), and 

analysis of variance (ANOVA)-based-RSM (Abdelhamid et al., 2019; Ali et al., 2017; 

Madani et al., 2015). It was observed that an increase in substate concentration could lead 

to an increase in the performance of lipid accumulation at a moderate pH level, while a 

contrary effect could be observed at a low pH level. However, the interactions 

between/among parameters cannot be determined using an one factor at a time (OFAT) 

model (Abdelhamid et al., 2019; Madani et al., 2015). Optimization of process parameters 

can be performed using OFAT, CCD, Box-Behnken design (BBD), FD, and Placket-

Burman design (PBD). The factor setting for maximum performance is obtained and 

validated by real experiments (Madani et al., 2015; Shoaib et al., 2018; Subhash & 

Mohan, 2014). 
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Table 2.13 Summary of statistical models used in lipid production by different microorganisms. 

Methods/Tools   Data Generation Microorganisms Major conclusion References 

RSM CCD 

Penicillium 

brevicompactum NRC 

829MFC 

Temperature, pH, time, concentration of 

NaNO3, and KCl were significant 
(Ali et al., 2017) 

DOE using 

Taguchi’s 

approach 

Orthogonal array 

(OA) 

Aspergillus awamori 

(MTCC11639) 

pH and carbon source factors were significant 

in lipid production 

(Subhash & 

Mohan, 2014) 

SLR OFAT 
Penicillium commune 

NRC2016 
pH, time, and temperature were significant 

(Abdelhamid et 

al., 2019) 

ANOVA 
Duncan’s multiple 

range tests 

Rhodotorula glutinis and 

Chlorella vulgaris 

pH, agitation speed, and incubation time were 

significant 

(Cheirsilp et al., 

2011) 

RSM LINGO/ NLP Aspergillus wentii Ras101 

Medium composition, initial pH, incubation 

temperature and incubation period were the 

main factors  

(Shoaib et al., 

2018) 

ANOVA FD 
Nannochloropsis oculata 

and Tetraselmis suecica 

Substrate concentration and incubation time 

were significant 
(Shah et al., 2016) 

RSM FD, CCD 
Chlorella vulgaris and 

Rhizobium radiobacter 

Inoculation ratio of bacteria and microalgae, 

initial glucose concentration, and co-culture 

time were significant variables 

(Wang et al., 

2015b) 
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The effect of different operational parameters, such as pH and substrate 

concentration on the performance of lipid accumulation and COD alteration efficiency 

have been studied using factorial design (FD), central composite design (CCD), and 

analysis of variance (ANOVA)-based-RSM (Abdelhamid et al., 2019; Ali et al., 2017; 

Madani et al., 2015). It was observed that an increase in substate (glucose) concentration 

could lead to an increase in the performance of lipid accumulation at a moderate pH level, 

while a contrary effect could be observed at a low pH level. However, the interactions 

between/among parameters cannot be determined using an one factor at a time (OFAT) 

model (Abdelhamid et al., 2019; Madani et al., 2015). Optimization of process parameters 

can be performed using OFAT, CCD, Box-Behnken design (BBD), FD, and Placket-

Burman design (PBD). The factor setting for maximum performance is obtained and 

validated by real experiments (Madani et al., 2015; Shoaib et al., 2018; Subhash & 

Mohan, 2014). Several types of models, including CCD, FD, UD and BBD have been 

used to study the effect of factors on lipid accumulation, as presented in Table 2.13. 

 

Figure 2.23 Design of experiments used in the different studies, a) factorial design, b) 

central composite design, c) Box-Behnken design and d) Placket-Burman design   

Source: Luo et al. (2016) 

Figure 2.23 demonstrates some of the designs for a three-factor problem, where 

the red points show the settings of the experimental runs, while the cube depicts the space 

of the experimental design. In the FD, only the linear effect of factors can be estimated 

even though it takes two levels of values (Figure 2.23a), but in the BBD and CCD, the 

quadratic effect can be estimated without introducing additional experimental runs since 
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the factors take more levels of values (Figure 2.23b-c). However, PBD requires a limited 

number of experiments to screen a relatively large number of factors (Figure 2.23d). In 

the initial screening, the interactions between the factors are usually ignored. For the UD, 

experimental points are uniformly allocated in the domain and are used when the 

underlying model structure is completely unknown (Jia et al., 2014). It is worthy to note 

that other related but un-controlled factors can be encountered when performing DOE-

guided experiments; these factors are usually denoted as co-variates (Edwards & Truong, 

2011). 

2.5 Summary 

Among them the oleaginous microorganisms, the most studied microbes are yeast 

and algae due to their high cellular lipid contents. Microalgae, such as Chlorella sp., 

Nannochloropsis sp., and Scenedesmus sp. have been reported as promising candidates 

for biofuel productions as a result of their remarkably high lipid productivity, and rapid 

growth compared to other energy crops (Mata et al., 2010). Although photoautotrophic 

microalgae grow much faster than terrestrial crops, they grow much more slowly than 

many heterotrophic oleaginous microorganisms such as bacteria and yeast (Dong et al., 

2016). Moreover, lipid content in microalgae can vary widely depending on the species 

(Liang et al., 2009; Mata et al., 2010). Yeasts are regarded as advantageous than molds 

and algae because of their faster growth rates and ability to be cultivated easily in large 

scales on a wide variety of substrates (Arous et al., 2016). Several oleaginous yeasts such 

as Yarrowia, Candida, Rhodotorula, Rhodosporidium, Cryptococcus, Trichosporon, and 

Lipomyces have been extensively studied for lipid accumulation (Angerbauer et al., 2008; 

Zhao et al., 2011). They can accumulate more than 20% of their dry weight as lipids using 

synthetic media as substrates (Kumar et al., 2020). Until now, a few species of bacteria 

such as Arthrobacter sp., R. opacus and Acinetobacter calcoaceticus has been reported 

to accumulate a significant amount of lipids (Dong et al., 2016; Meng et al., 2009). 

However, bacteria could be also advantageous for accumulating lipids over other 

oleaginous microorganisms due to their less complex genome, cellular compartmentation, 

high metabolism rate, and the ability to produce a wider range of different types of lipids 

compared to multicellular eukaryotes (Garay et al., 2014). 
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Table 2.14 A short summary of research gap. 

Item Research Gap This Study 

Bioremediation 

Several co-culture inoculum such as microalgae-bacteria (Cheah et al., 2018c), 

microalgae-yeast (Cheirsilp et al., 2011), bacteria-bacteria (Bala et al., 2015), 

yeast-yeast (Theerachat et al., 2017) have been studied for bioremediation of 

POME. However, the yeast and bacterium co-culture in bioremediation of POME 

has not been reported to date. 

A co-culture of yeast and 

bacterium 

Lipid accumulation 

Lipid accumulation capacity of Bacillus cereus and Lipomyces starkeyi using 

POME as low-cost substrate has not been explored to date. Moreover, no report 

was found to evaluate the effect of a yeast and bacterium co-culture in microbial 

lipid accumulation through bioremediation of POME. 

Bacillus cereus; 

Lipomyces starkeyi; Co-

culture; 

Extraction technique 

Numerous disruption methods including physical, chemical and enzymatic have 

been developed to achieve selective release of biomolecules (Günerken et al., 

2015; Liu et al., 2016; Middelberg, 1995; Yusaf & Al-Juboori, 2014). Pulsed 

electric field (PEF) technology was used for cell disruption prior to extraction of 

intracellular lipids only in one study for cyanobacteria Synechocystis PCC 6803 as 

feedstock (Sheng et al., 2011). However, no study has not been reported for EP 

technology as a cell disruption method of yeast and bacteria to enhance lipid 

extraction. 

Electroporation 

Optimization 

There are only several studies for optimizing lipid production, and most of them 

using the OFAT and Taguchi’s approach (Subhash & Mohan, 2014) (Abdelhamid 

et al., 2019). Only a few studies used response surface methodology (RSM) for 

optimizing lipid production. However, optimization of inoculum compositions 

along with pH, temperature, time for maximising lipid accumulation and 

simultaneous COD removal in a yeast-bacteria co-culture using RSM has not been 

studied. 

Optimization of 

inoculum composition, 

pH, temperature, and 

time using response 

surface methodology 
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Certain bacteria native to special environments may be more prone to produce 

cellular lipids; for example, Rhodococcus opacus, Pseudomonas spp., and Bacillus 

subtilis (Brigham et al., 2011). It has been reported that these bacteria species can 

accumulate a substantial amount of lipids, especially, TAGs (Kumar et al., 2018). 

However, among them, Bacillus spp. accumulated a lipid content of 39.8% within 48 h 

while cultured in cotton stalk hydrolysate as a substrate as reported by Zhang et al. 

(2014b).  

Apart from the lipid production, the strains of Bacillus, especially Bacillus cereus 

(B. cereus) and B. subtilis, could significantly remediate pollutants from the wastewater, 

as they are capable of excreting different types of enzymes such as lipase and cellulase, 

which would promote waste digestion (Bala et al., 2014). Therefore, using bacteria could 

be more advantageous for lipid production when different complex substrates, 

particularly, high organic wastewaters are used as feedstocks. Furthermore, B. cereus can 

survive in the harsh environmental conditions (e.g., low pH, high temperature), 

especially, in POME due to their spore forming capability (Grady et al., 2011). Therefore, 

microbial oil production and simultaneous treatment of POME wastewater by B. cereus 

would be an attractive option, as it allows for pollutant removal from the POME 

wastewater with a short retention time and requires a smaller land area. Recently, the 

symbiotic association between microorganisms are considered advantageous for 

enhancing lipid accumulation and bioremediation of organic wastewater. However, the 

effect of a yeast and bacteria co-culture in microbial lipid accumulation through the 

bioremediation POME is not studied. A short summary of research gap is presented in 

Table 2.14. In the co-culture systems, the composition of co-culture inoculum, could have 

significant influence on the growth performance and lipid accumulation. Besides the 

inoculum compositions, experimental conditions such as pH, time and temperature 

strongly influence the performance of microbial lipid production. However, optimization 

of inoculum compositions along with the afore-mentioned parameters (i.e., pH, 

temperature, time) which determine the performance of lipid accumulation in a yeast-

bacteria co-culture has not been studied. Based on the analysis of the current situation of 

POME treatment, it is obvious that there is a necessity to investigate other non-traditional 

ways of POME valorization. Production of the microbial lipids through the 

bioremediation of POME could be a beneficial solution. Therefore, a comprehensive 

research framework was designed for this study as shown in Figure 2.24.
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Figure 2.24 Research framework of this study. 
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CHAPTER 3 

 

 

METHODOLOGY 

The chapter described the materials and methods used in this research. The 

described methods include the processes for POME collection and culture medium 

preparation, inoculum preparation and culture conditions, POME characterization, 

wastewater analysis, lipid extraction process, characterization of wastewater and lipid by 

GC-MS, characterization of microbes by FESEM image, electroporation reactor and 

circuit development. Additionally, the statistical model developed by RSM for 

optimizing the operational parameters and maximizing the performance of the co-culture 

for enhanced lipid production and COD removal efficiency.  

An overview of the chapter is presented in Figure 3.1. As shown from Figure, 

objective one focused on the bioremediation of POME with different concentrations (25, 

50, 75, and 100% POME). The performance of B. cereus, L. starkeyi, and their co-culture 

in remediating the pollutants from POME were investigated to elucidate the efficiency of 

co-culture consortia of yeast-bacteria compared to monocultures. Objective 2 pointed out 

the efficiency of EP technique for lipid extraction compared to several conventional 

methods such as solvent extraction, Fenton’s method, ultrasound. Objective three 

described the biomass harvesting, lipid accumulation capacity, and productivity and the 

performance of B. cereus, L. starkeyi, and their co-culture inoculum through the 

bioremediation of POME. Objective 4 explained the optimization of the lipid production 

performance and bioremediation efficiency (COD removal) using RSM to maximize the 

performance of the targeted co-culture inoculum. The operational parameters (inoculum 

composition, initial pH, incubation temperature, and time) were considered as 

independent variables while the COD removal efficiency and lipid production were 

dependent variables. 
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Figure 3.1 Overview of research methodology. 

3.1 Bioremediation of POME using pure cultures and co-culture 

3.1.1 Chemicals and reagents 

The chemicals used in this study were supplied by Shanghai Sunny Scientific 

Chemicals. Distilled water and deionized water were obtained from the Bioprocess 

laboratory of University Malaysia Pahang (UMP). A complete list of the chemicals and 

materials used in this study is presented in Table 3.1 
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Table 3.1 List of chemicals and materials. 

Chemical and Materials Source Purity 

KMnO4 Sigma-Aldrich 99% 

Hydrochloric acid (HCl) Sigma-Aldrich 60% 

Sulphuric acid (H2SO4) Sigma-Aldrich 99% 

Ethanol Sigma-Aldrich 70% 

Phosphate buffer Sigma-Aldrich - 

Calcium chloride Sigma-Aldrich - 

Ferric chloride solution Sigma-Aldrich - 

Filter disk Sigma-Aldrich - 

Weighing dish Sigma-Aldrich - 

Petriplates Sigma-Aldrich - 

Glutaraldehyde Sigma-Aldrich 25% 

Formaldehyde Sigma-Aldrich 1% 

MgCl2 Sigma-Aldrich - 

n-hexane Sigma-Aldrich Pure grade 

KH2PO4 Sigma-Aldrich - 

MgSO4.7H2O Sigma-Aldrich - 

(NH4)2SO4 Sigma-Aldrich - 

Yeast Extract Sigma-Aldrich - 

Peptone Sigma-Aldrich - 

Glucose Sigma-Aldrich - 

 

3.1.2 POME collection and culture medium preparation 

Raw wastewater was collected from a local palm oil mill (LKPP Corporation Sdn. 

Bhd.) located in Gambang (Longitude: 103.102686, Latitude: 3.709472), Pahang, 

Malaysia, before the effluent was discharged into the fermentation pond. The samples 

were stored in sterilized glass bottles at 4 °C to avoid the deterioration of the organics in 

the POME. The submerged solids and debris present in the raw POME were removed 

using a Whatman No. 1 filter paper. The undiluted raw POME (filtrated by Whatman No. 

1 filter paper) was considered as the 100% POME sample, and the remaining 75, 50, and 

25% POME samples were prepared by diluting the raw POME as described in Table 3.2. 

The pH was adjusted to 7.0 ± 0.1 by adding 1N NaOH for all samples. 
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Table 3.2 Definition of POME samples. 

Sample Definition 

100% POME 
Undiluted (raw POME), after filtration to remove solid 

particles 

75% POME Raw POME and de-ionized water, 3:1 

50% POME Raw POME and de-ionized water, 1:1 

25% POME Raw POME and de-ionized water, 1:3 

3.1.3 Inoculum preparation and culture conditions 

In this study, a wild type pure culture of B. cereus and ATCC culture of L. starkeyi 

were used as inoculum. The strain of B. cereus (accession no. MF 661883) (Islam et al., 

2016) was attained from the Laboratory of Chemical and Natural Resources Engineering, 

Universiti Malaysia Pahang, Malaysia. Whereas, the pure culture of L. starkeyi ATCC 

56304 was obtained from the, University of Naples Federico II (Laboratory of 

Biochemical Engineering), Italy. The 10 mL agar slants (agar, 2% w/v; yeast extract, 10 

g/L; peptone, 10 g/L and glucose, 10 g/L) were prepared to grow and maintain the stock 

culture. The liquid culture of bacteria was prepared in Luria-Bertani broth (10% v/v) as 

growth medium at 35 ℃ and 150 rpm overnight. Thereafter, the fresh bacterial cells were 

prepared by sub-culturing 1 mL of broth on the solid agar Petri plates. Finally, the primary 

inoculums of both bacteria and yeast were prepared in 10 mL of sterile water by 

inoculating 10 loops from the solid Petri plates and slants, respectively. The ratio of B. 

cereus and L. starkeyi was maintained as 1:1 to prepare co-culture inoculum. The initial 

cell concentrations of all inoculums were adjusted using a UV spectrophotometer 

(Shimadzu UV, model: UV-180 240 V) at OD600=1.5 for the subsequent experiments. 

3.1.4 Determination of cell concentration and growth kinetics 

The survivability and growth kinetics of B. cereus and L. starkeyi in different 

POME concentrations (25, 50, 75, and 100%) were studied for 6 days (144 h). In brief, 

the 200 mL of POME was put into Erlenmeyer flasks (500 mL) and sterilized at 121 °C 

for 20 min followed by a reduction to ambient temperature. The 1 mL of primary 

inoculum (B. cereus and L. starkeyi) was then inoculated into the different POME 

samples and incubated at 35 ℃ (bacteria)/25 ℃ (yeast)and 150 rpm for 6 days. A batch 
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was run using a synthetic medium (D-glucose, 1 g/L; peptone, 15 g/L; sodium chloride, 

6 g/L; yeast extract, 3 g/L) as a control. In the case of coculture inoculum, the 50% POME 

samples were inoculated by the 1 mL of primary inoculum (B. cereus, L. starkeyi, and 

co-culture consortium) and incubated at 30 ℃ with 150 rpm for 144 h. The entire 

experiment was conducted with only POME and without adding any commercial 

nutrients. The 1 mL POME samples (serially diluted up to 10-6 CFU/mL) were spread on 

nutrient agar Petri plates in 12 h intervals during the 6 days of enrichment. Finally, the 

colony forming units (CFU) were calculated after 24 h to evaluate the growth kinetics of 

B. cereus, L. starkeyi, and co-culture consortium. 

3.1.5 Wastewater treatment analysis 

The organic contents present in POME (BOD, COD, TOC, TPC, TSS, TDS, TS, 

TN, AN, NN, oil and grease etc.) were determined before treatment and after treatment 

by following APHA methods (Federation & Association, 2005). The removal efficiency 

of different parameters was calculated by using Equation 3.1. 

𝑅𝑒𝑚𝑜𝑣𝑎𝑙 𝑒𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦 (%) =
(𝐶𝑖 − 𝐶𝑓)

𝐶𝑖
× 100   3.1 

where Ci is the initial concentration of pollutants in POME before treatment and Cf is the 

final concentration of those contents after 6 days of treatment. All tests were conducted 

three times to check the reproducibility. 

3.1.5.1 Chemical oxygen demand measurement 

A measured volume (1 mL) of raw POME was mixed with 49 mL of distilled 

water in a beaker and stirred to mix. The mixed solution (2 mL) was added into a vial 

containing a digestion solution made of high-range COD reagent (20-1500 mg/L), while 

a control solution was set up by adding 2 mL of distilled water into a digestive solution. 

Later, the vials were capped and mixed by inverting the vial twice. Both solutions were 

heated using a thermo reactor (DRB-200, Hach USA) at 150 ℃ for 2 h and later cooled 

to room temperature. The solution prepared with distilled water was used to zero the 

spectrophotometer (DR-2800, Hach), while the amount of COD in the POME solution 



 95 

was determined spectrophotometrically. The amounts of COD in other diluted samples 

were similarly determined. 

3.1.5.2 Biochemical oxygen demand measurement 

One liter of diluted water sample was prepared by adding 1 mL of phosphate 

buffer, magnesium sulphate, calcium chloride, and ferric chloride solution into a 1 L 

volumetric flask before making up the final volume to 1 L using distilled water. Later, 10 

mL of POME was added into a 500-mL beaker and made up to 300 mL using the prepared 

dilution water. A further 300 mL of dilution water was prepared and used as a control 

solution. All the prepared samples and control were each put into 300 mL-incubation 

bottles. The dissolved oxygen (DO) concentration of the preparations was measured and 

recorded using a DO meter. A small quantity of water was added into the flared mouth 

of the bottle before covering the bottles with aluminum foil. The bottles were placed in a 

BOD5 incubator and left for five days at 20 °C. The final DO value was measured, while 

the BOD value was calculated using Equation 3.2. 

𝐵𝑂𝐷 (
𝑚𝑔

𝐿
) = 𝐷𝑂𝑖 − 𝐷𝑂𝑓 × 𝑑𝑖𝑙𝑢𝑡𝑖𝑜𝑛 𝑓𝑎𝑐𝑡𝑜𝑟  3.2 

The dilution factor is determined by dividing the bottle volume with the sample 

volume, while DOi is the initial value and DOf is the final value of DO. 

3.1.5.3 Total solids 

A measured volume (5mL) of the well-mixed sample was transferred to a pre-

weighed dish under a continuous magnetic stirring. Subsequently, the sample was 

evaporated in a drying oven at a temperature of approximately 2 °C below boiling point 

to prevent splattering. The evaporated sample was later dried for at least 1 h in an oven 

at 103 to 105 °C before being transferred to a desiccator for temperature balancing and 

weighing. The cycle of drying, cooling, desiccating, and weighing was repeated until a 

constant weight was obtained. At least 10 % of all samples were analyzed in duplicate, 

and the duplicated determinations agreed within 5% of their average weight. The total 

solid was measured using Equation 3.3. 
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𝑚𝑔 𝑜𝑓 𝑡𝑜𝑡𝑎𝑙 𝑠𝑜𝑙𝑖𝑑𝑠/𝐿 =
(𝐴 − 𝐵) × 1000

𝑠𝑎𝑚𝑝𝑙𝑒 𝑣𝑜𝑙𝑢𝑚𝑒, 𝑚𝐿
  3.3 

where A is the weight of the dried residue and dish in mg, and B is the weight of the dish 

in mg. 

3.1.5.4 Total dissolved solids 

Initially, the sample was stirred with a magnetic stirrer and a measured volume 

was pipetted into a glass-fiber filter under vacuum. Subsequently, the sample was washed 

with three successive changes of 10 mL reagent-grade water, allowing a completed 

drainage between washings, with continued suction for about 3 min after filtration. The 

total filtrate (with washings) was later transferred to a pre-weighed evaporating dish and 

evaporated to dryness in a drying oven. Thereafter, the evaporated sample was dried for 

at least 1 h in an oven at 180 ± 2 °C and cooled in a desiccator before weighing. The cycle 

of drying, cooling, desiccating, and weighing was repeated until a constant weight was 

obtained. At least 10% of all the samples were analyzed in duplicate and the duplicated 

determinations agreed within 5% of their average weight. The total dissolved solid was 

measured using Equation 3.4. 

𝑚𝑔 𝑜𝑓 𝑡𝑜𝑡𝑎𝑙 𝑑𝑖𝑠𝑠𝑜𝑣𝑙𝑒𝑑 𝑠𝑜𝑙𝑖𝑑𝑠/𝐿 =
(𝐴 − 𝐵) × 1000

𝑠𝑎𝑚𝑝𝑙𝑒 𝑣𝑜𝑙𝑢𝑚𝑒, 𝑚𝐿
  3.4 

where A is the weight of the dried residue and dish in mg, and B is the weight of the dish 

in mg. 

3.1.5.5 Total suspended solids 

Initially, the disk was inserted in a filtration apparatus with the wrinkled side 

facing up. Thereafter, the disk was washed with three successive changes of 20 mL 

reagent-grade water under vacuum. The suction process was sustained until all the traces 

of water were removed. Then, the vacuum was turned off, and the washings discarded. 

Then filter was removed from the filtration apparatus and transferred to an inert 

aluminum weighing dish. The filter was dried in an oven at 103 to 105 °C for 1h before 

being cooled in a desiccator prior to weighing. The repeated cycle of drying or igniting, 

cooling, desiccating, and weighing was repeated until a constant weight was obtained. 
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After achieving a constant weight, the sample was stored in a desiccator until needed. At 

least 10% of all the samples were analyzed in duplicate and the duplicated determinations 

agreed within 5% of their average weight. The total solid was measured using Equation 

3.5. 

𝑚𝑔 𝑜𝑓 𝑡𝑜𝑡𝑎𝑙 𝑠𝑢𝑠𝑝𝑒𝑛𝑑𝑒𝑑 𝑠𝑜𝑙𝑖𝑑𝑠/𝐿 =
(𝐴 − 𝐵) × 1000

𝑠𝑎𝑚𝑝𝑙𝑒 𝑣𝑜𝑙𝑢𝑚𝑒, 𝑚𝐿
  3.5 

where A is the weight of the dried residue and the dish in mg, and B is the weight of the 

dish in mg. 

3.1.5.6 Ammoniacal nitrogen 

About 0.1 mL of the sample was added to Am Ver TM diluent reagent test N tube 

for H high range ammonia nitrogen and made up to 5 mL using deionized water. A blank 

was also prepared by adding 5 mL deionized water to Am Ver TM Diluent Reagent Test 

Tube for High range ammonia nitrogen. Subsequently, ammonia salicylate reagent 

powder pillow was added into the sample and blank vials and allowed for 3 minutes. 

After 3 minutes, ammonia cyanurate reagent powder was added into both vials and 

allowed for another 15 minutes. After the incubation period, the blank vial was used to 

zero the spectrophotometer (HACH spectrophotometer DR5000) before reading the 

concentration of ammonia in the sample. The concentration of NH3-N in the sample was 

displayed in mg/L. 

3.1.5.7 Total phenolic content  

The total phenolic content was determined using the spectrophotometric method 

(Singleton & Rossi, 1965). A methanolic solution of the extract at a concentration of 1 

mg/mL was used in the analysis. The determinations were carried out using the Folin–

Ciocalteu reagent. The results were expressed as GAE (Gallic Acid Equivalents). 

3.1.6 Remediation of inhibitors 

To observe the bioremediation of POME by B. cereus, L. starkeyi the removal of 

the major pollutants (BOD, COD, TOC, TPC) were studied at 12 h intervals during 144 



 98 

h for 50% POME. The COD removal efficiency was then compared with co-culture 

inoculum using 50% POME. All tests were performed by following APHA methods as 

described above. 

3.1.7 POME treatment analysis by gas chromatography–mass spectrometry 

To observe the pollutants removal from POME, the organic compounds in the 

50% POME were characterized before treatment and after treatment by B. cereus, L. 

starkeyi, and co-culture consortium. In brief, the organic compounds were extracted from 

POME using liquid–liquid extraction with n-hexane. Fixed volumes (1 µL) of extracted 

samples were analyzed using Gas Chromatography–Mass Spectrometry (GC-MS, 

Agilent Corporation, USA). Extremely pure He (99.99%) was used as the carrier gas at a 

flow rate of 1 mL/min. A DB-35MS capillary column with an inner diameter of 0.25 mm 

and a length of 30 m was used in the separation system. The temperature of the 

gasification compartment was set to 40 °C for 5 min and then increased to 280°C at a rate 

of 3°C /min. 

3.1.8 Visualization of cell growth using field emission scanning electron 

microscopy 

The cell growth was visualized under field emission scanning electron 

microscopy (FESEM, JEOL JSM-7800F, Japan). The samples of the bacteria, yeast, and 

co-culture cells were collected from the reactor and placed on a glass slide, then dried at 

room temperature (27 ± 2 °C) for 2 h. Subsequently, all samples were coated with 

platinum using an ion-sputtering technique. Finally, the cells were visualized under the 

microscope. 

3.1.9 Determination of seed germination index 

The seed germination test was performed using the seeds of mung bean (Vigna 

radiata), purchased from the Tunas mart located at Gambang, Pahang, Malaysia. Prior to 

germination, the seeds were treated for 2 min with 0.2 N mercuric chloride and washed 

with distilled water to remove contaminations on the seed coats (Koutinas et al., 2014). 

The fixed volume of untreated and treated 50% POME (by B. cereus, L. starkeyi, and co-

culture consortium) were put on sterilized Petri plates. The seeds placed in a Petri plate 

containing distilled water were considered as a control, while untreated raw POME 
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(100% POME) were considered as a reference. Twenty seeds were germinated in each 

Petri plate at room temperature (27 ± 2 °C). All experiments were repeated three times to 

confirm the observations of each treatment. The number of germinated seeds were 

counted at 12 h intervals for 3 days. The germination index (GI) was evaluated using 

Equation (3.6). 

𝐺𝐼 =
𝑁𝑖

𝑆
× 𝑇𝑖  3.6 

where Ti = duration of planting (days); Ni = amount of germinated seeds on day i 

(quantity); and S = total planted seeds (quantity). 

3.2 The efficiency of electroporation technique in microbial lipid extraction 

3.2.1 Electroporation circuit design and development 

The Arduino programming language (based on Wiring) was written on the 

Arduino Software (IDE) to control the circuit. Pulse-width modulation (PWM) 

processing was used to control the pulses provided by the generator, which produced high 

voltage (4 kV) with 2-5 A current depending on the load. The power supply of this circuit 

was 6 V. A lithium battery of 6 V with 12 Ah capacity was used to ensure a high 

performance for the circuit. Transistor 2N222 was used to transfer PWM signal from 

Arduino to the circuit, which reduced the noise that might disturb the main circuit. The 

470 Ω resistor was loaded to decrease the voltage and limit current before it entered the 

base of transistor as well as to protect the transistor. However, the Arduino circuit 

controlled the range of frequency from 0 Hz to 100 Hz with the increment of 10 Hz. The 

frequency was measured by time domain of Arduino using the formula, f=1/T. The 

designed circuit was used for controlling the frequency to get square wave output. The 

high voltage pulses were calculated as 0.05 ms until 10 ms with 4 kV. The voltage and 

total current were monitored by using an oscilloscope. The single pole double throw relay 

was used to act as a control switch in the controller circuit for connecting and 

disconnecting the pulses. The whole set-up including the reactor and pulse generator is 

presented in Figure 3.2. 
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Figure 3.2 Schematic diagram of (a) pulse generator circuit and (b) electroporation 

reactor. 

3.2.2 Electroporation reactor fabrication 

Three EP treatment devices (R1, R2, and R3) were designed and fabricated using 

plexiglass which had dimension of 5 cm x 7.5 cm x 5 cm, 5 cm x 5 cm x 5 cm, and 5 cm 

x 2.5 cm x 5 cm, respectively. The total working volume of R1 was 30 mL whereas that 

of R2 and R3 were 20 mL and 10 mL, respectively. Two circular stainless-steel plates 

with a surface area of π (1.8)2=10.17 cm2 were used as electrode in all devices. The 

distances between electrodes were fixed at 6 cm, 4 cm, and 2 cm for R1, R2, and R3, 

respectively. 

3.2.3 Cell culture and biomass collection 

The oleaginous yeast strain L. starkeyi (ATCC 56304) was collected from the 

laboratory of Biochemical Engineering, University of Naples Federico II, Italy. The strain 

was cultured in YPD agar (m/v: 1% yeast extract, 2% peptone, 2% dextrose/glucose, 2% 

agar) slants to maintain a stock culture. The subculture was done on petri plates in order 

to grow new cells. The primary inoculum was prepared by dissolving 10 loops of 

microbes from the sub-cultured petri plate in 10 mL of sterilized water. The 150 mL of 

synthetic medium was taken in 500 mL Erlenmeyer flasks and sterilized at 121 °C for 20 

min. The medium was prepared by dissolving 1.0 g KH2PO4, 0.5 g MgSO4.7H2O, 2.0 g 

(NH4)2SO4, 0.5 g Yeast Extract, 2.0 g Peptone, and 70.0 g of Glucose in 1L DI water 

(Yousuf et al., 2010). Thereafter, the medium was inoculated with 1 mL of primary 
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inoculum and incubated at 25 °C for 4 days with a rotation speed of 150 rpm. The biomass 

was separated using centrifugation technique (at 10000 rpm for 10 min). The weight of 

collected biomass was measured by analytical balance. In case of dry biomass, the wet 

biomass was oven dried at 40 °C until getting constant weight. 

3.2.4 Electroporation treatment 

The 1.2 g of wet biomass was mixed with 60 mL of sterile water. The 30 mL, 20 

mL and 10 mL of mixtures were taken in the EP reactor R1, R2 and R3 respectively. The 

cell concentrations were adjusted by measuring the optical density at 600 nm (Shimadzu 

model UV-160A) for each reactor to maintain equal concentration of cell at initial. The 

initial cell concentration was approximately 0.9 x 105 CFU/mL. Sample conductivity was 

5.5 x 10-6 S/m and the initial temperature was maintained at (27 ± 2 °C). The high voltage 

(4 kV), with the frequency of 100 Hz was employed to the reactor. All experiments were 

triplicated to confirm the observation of each treatment. 

3.2.5 Experimental conditions 

The EP device was operated through a range of controllable operating variables 

(voltage, frequency, distance between electrodes, treatment time etc.) to understand the 

factors that increase the amount of cell inactivation. To integrate all of these variables, 

treatment intensity (TI) (Salerno et al., 2009) was calculated using the following Equation 

3.7: 

𝑇𝐼 = 𝐾
𝑉² . 𝐷. 𝑓. 𝜎 . 𝐻𝑅𝑇

𝐿2
 3.7 

Where TI is the treatment intensity in kWh/m3, V is the applied voltage in kgm2/C 

s2, D is the pulse width in s/pulse, f is the pulse frequency in pulse/s, σ is the sample 

conductivity in S/m (= s C2/ kg m3), L is the distance between electrodes in m, HRT is 

the hydraulic residence time in the treatment chamber in s, and K is a constant for unit 

conversion, 2.778 x 10-7 kWh/J. 
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3.2.6 Effect of electroporation on cell viability 

 To evaluate the viability of cells under EP treatment and control conditions, 

spread plate technique was followed. The 20 µL of sample was taken from reactor before 

and after EP treatment of 2, 4, 6, 8 and 10 min and mixed with 980 µL sterile water. Each 

sample (20 µL + 980 µL = 1 mL) was then spread onto the petri-plates (YPD agar media) 

and incubated at 25 °C for 48 h. After that, the CFU were counted to calculate cell 

inactivation rate. 

3.2.7 Field emission scanning electron microscopy analysis 

The disruption of yeast cells was observed using FESEM (JEOL JSM-7800F, 

Japan). The samples were collected from EP reactors before and after treatment and taken 

over selective slides. The samples were then dried with a critical-point dryer and coated 

with platinum (using an ion-sputter) to a thickness of 10 nm. Finally, the cell wall breakup 

was visualized in FESEM image. 

3.2.8 Lipid extraction and quantification 

To extract microbial lipid, the treated biomass with water was collected in a falcon 

tube at the end of the electroporation process and followed by mixing with 10 mL solvent 

(chloroform: methanol= 2:1). Then the biomass was separated, and lipid-rich supernatant 

was isolated by centrifugation (at 4000 rpm, 10 min). Thereafter, the biomass was washed 

2 times with 5 mL solvent and vortexed properly followed by centrifugation for 10 

minutes (at 4000 rpm) to separate solid residuals from the supernatant liquid where lipids 

were transferred. All liquid portions were stored in a tube and after centrifugation; the 

lower liquid (organic) phase was withdrawn by Pasteur pipette and taken into a watch 

glass. The liquid was evaporated using an oven drier at 40 °C until getting a constant 

weight and calculated the extracted lipid. To compare the lipid extraction performance of 

EP with other techniques, another batch (1st batch) of EP was conducted for 10 min in 

reactor R3. The 50 mg of dry biomass (L. starkeyi) was mixed with 10 mL of sterile water 

and EP treatment was followed as stated before in EP treatment section. In 2nd batch, in 

absence of EP, the 10 mL of solvent (chloroform: methanol= 2:1) was added in the same 

amount (50 mg) of dry biomass and shaken (10 min) for mixing properly. In 3rd batch, 

Fenton’s reagent (500 µL of FeSO4 and H2O2 1.5:10 solution) was added in the equal 
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amount (50 mg) of dry biomass with same amount (10 mL) and similar standard of 

methanol and chloroform to disrupt the cell wall. In 4th batch, the chloroform extraction 

was conducted in the ultrasonic bath at room temperature (27 ± 2 °C), for 10 min, at a 

frequency of 35 kHz with a power of 240 W. The 10 mL of solvent with same standard, 

50 mg of biomass and treatment time for 10 min were maintained for all above-mentioned 

batches. The lipid extraction and recovery method were followed as described above. 

Finally, the percent weight of lipids extracted from the dry biomass was obtained as the 

ratio between the weight of lipid obtained and the original dry weight of yeast biomass 

which was subjected to the extraction process. All experiments were triplicated to 

confirm the observation of each treatment. 

3.2.9 Lipid characterization 

To study the lipid composition, a separate batch was prepared by employing the 

EP treatment for the direct transesterification process. A solvent of methanol-chloroform 

(ratio 2:1) was added to the biomass at a solvent-biomass ratio of 10:1 (mL:g) to extract 

and transesterify the lipids in the presence of H2SO4 (0.75%). The reaction was carried 

out at room temperature for 100 h (Thanh et al., 2012). To separate fatty acid methyl 

esters (FAMEs), 4 mL of n-hexane was added to the sample after the completion of 

transesterification. The mixture was thoroughly vortexed for 30 s and centrifuged to 

disperse the layers. The hexane layer containing FAMEs was immediately analyzed using 

GC-MS. A DB-35 MS capillary column (inner diameter 0.25 mm and a length of 30 m) 

was used in the separation system. Highly pure (99.99%) helium (He) was used as a 

carrier gas with a flow rate of 1.0 mL/min. The inlet temperature was held at 225 °C. The 

temperature of the gasification compartment was set to 100 °C (held for 1.0 min) and 

amplified by 10 °C/min up to 250 °C (held for 5.0 min). 

3.3 Lipid accumulation by B. cereus, L. starkeyi and their co-culture through 

bioremediation of POME 

3.3.1 Biomass harvesting methods 

The microbial biomass was collected from 200 mL of liquid cultures after the 

centrifugation (10,000 rpm for 10 min) technique and weighed using an analytical 

balance. Briefly, B. cereus and L. starkeyi (primary inoculum) was inoculated at different 
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concentrations of POME (25, 50, 75, and 100%) and the cultures were enriched for 6 

days. Thereafter, the biomass was separated using the centrifugation technique (at 10,000 

rpm for 10 min) and weighed using the analytical balance. The dry biomass was obtained 

by drying the wet biomass in an oven at 40 °C until a constant weight was measured. 

Likewise, subsequent batches of R. opacus ATCC 51881 and P. aeruginosa ATCC 15442 

were conducted in 50% POME to compare the biomass and lipid accumulation capacity 

of B. cereus with typical bacterial strains. In co-culture inoculum, the primary inoculum 

B. cereus and L. starkeyi was mixed with a ratio of 1:1 and inoculated at different 

concentrations of 50% POME and the cultures were enriched for 6 days and collected by 

following similar procedure as described above. 

3.3.2 Cell disruption and lipid extraction 

The EP technique was applied to disrupt the cell wall to facilitate the lipid 

extraction process, according to the section 3.2.4. In brief, 50 mg of dry biomass was 

placed in the reactor, and EP treatment was performed by applying the electrical pulses 

(4 kV) with a frequency of 100 Hz for 10 min. Finally, the percent weight of lipid 

extracted from the biomass was calculated as the ratio of the weight of lipid achieved and 

the actual dry weight of biomass subjected to the extraction process. All the experiments 

were replicated three times. The lipid content and lipid productivity were then calculated 

with Equation (3.8) and Equation (3.9), respectively. 

𝐿𝑖𝑝𝑖𝑑 𝑐𝑜𝑛𝑡𝑒𝑛𝑡 (%) =
𝑊2

𝑊1
× 100 3.8 

where W1 = total biomass in dry weight basis (mg/L) and W2 = total lipid content (mg/L). 

𝑌 =
𝐿 × 𝑊1

𝑡
 3.9 

where Y = lipid productivity (mg/L/day); L = lipid content (%); W1 = total biomass content 

(mg/L); and t = total duration of cultivation (days). 
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3.3.3 Analysis of cell disruption 

The effect of the EP technique on cell disruption of bacteria and yeast cell was 

visualized by using FESEM (JEOL, JSM-7800F, Japan) operated at a voltage of 7 kV. 

The samples of the cell were collected from the EP reactor before and after the treatment 

and placed on a glass slide. The samples were then dried at room temperature (27 ± 2 °C) 

for 2 h. Subsequently, all samples were coated with platinum using an ion-sputtering 

technique. Finally, the cells were visualized under the microscope. 

3.3.4 Determination of lipid contents 

To analyze the lipid content and composition accumulated by B. cereus and L. 

starkeyi, a separate batch was conducted with wet biomass (400 mg) in the 

transesterification vial, avoiding the biomass drying and lipid extraction stages. 

Thereafter, the transesterification reaction and FAMEs analysis via GC-MS were carried 

out following the method as described in the section 3.2.9. 

3.3.5 Evolution of biomass production and lipid accumulation 

To study the kinetics of biomass growth and lipid accumulation of B. cereus, L. 

starkeyi and their co-culture were studied at 12 h intervals in the 50% POME during 144 

h of treatment. The microbial biomass was harvested after 6 days of enrichment. Briefly, 

the biomass was separated from microbes enriched liquid cultures (200 mL) by 

centrifuging (10,000 rpm for 10 min) and weighted by an analytical balance. To obtain 

dry biomass, the wet biomass was dried in an oven at 40 ℃ until a constant weight was 

observed. Thereafter, the microbial lipids were extracted by using EP technique. Briefly, 

the dry biomass (50 mg) was taken in the EP reactor, and thereafter 4 kV of electrical 

pulses was applied for 10 min with a frequency of 100 Hz. The treated mixture was 

centrifuged for 10 min (at 5000 rpm) to separate the solvent phase. Finally, a Rotavapor 

(Buchi, R-100) was used to obtain dry lipids. 
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3.4 Optimization of yeast-bacteria co-culture 

3.4.1 Response surface methodology analysis 

Response surface methodology (RSM) is a statistical modelling approach for 

determining the relationship between various process parameters and the responses, and 

to determine the significance of the influence of these process parameters on the response 

(Thakur et al., 2009). The central composite statistical design (CCD) was used to study 

the interactive effects of the independent variables. This design is used for fitting the 

second-order polynomial model to the experimental runs. The levels in 2k design are 

denoted as low, intermediate, and high with the assumption of 0 for low, 1 for 

intermediate and 2 for high, given that k represents the number of factors included in the 

study. Here, the two-level statistical design of RSM was performed for lipid accumulation 

(mg/L) and COD removal efficiency (%) as the dependent variable (response). The RSM 

model using CCD factorial design suggested a total of 30 experimental runs. The range 

and levels of the processing parameters involved in this design are presented in Table 3.3. 

In this study, the independent variables were inoculum compositions, pH, temperature 

and time, while the dependent parameters were COD removal efficiency and lipid 

accumulation. 

Table 3.3 Variables for optimizing the performance of co-culture inoculated 

reactor. 

Name Units Type Low High 

Concentration of 

microorganism A in 

inoculum*  

Vol % Factor 30  
70 

 

pH - Factor 6 7 

Time h Factor 80 100 

Temperature ℃ Factor 30 35 

COD removal efficiency % Response 73 82 

Lipid accumulation mg/L Response 1.67 1.58 

* A- B. cereus in co-culture inoculum, where B is L. starkeyi  
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3.4.2 Experimental design and data analysis for optimization 

The COD removal efficiency and lipid accumulation capacity were considered as 

dependent variables, whereas the inoculum composition, medium pH, incubation 

temperature, and cultivation time were regarded as predictor variables to establish a 

mathematical model. The approach of sequential analysis using design of experiments 

was proposed where each regressor was coded as follows (Equation 3.10). 

𝑌 = 𝑏0 + ∑ 𝑏𝑖 𝑥𝑖 + (∑ 𝑏𝑖𝑖 𝑥𝑖

𝑛

𝑖=1

)

2

+  ∑  ∑ 𝑏𝑖𝑗 𝑥𝑖

𝑛

𝑗=𝑖+1

𝑛

𝑖=1

𝑛

𝑖=1

𝑥𝑗  3.10 

where, Y= predicted response; bi=linear coefficient; b0=constant coefficient; 

bij=interaction of coefficient; and xi, xj are coded values of a reactor. 

Generally, the main objective of RSM is to optimize the response (Y) based on 

the considered factors (Zularisam et al., 2007). The Design Expert software (Version-

7.1.6) was used to develop the experimental design and optimize the regression equation 

(Equation 3.10). The statistical significance of the model equation was determined by 

performing Fisher's statistical test for analysis of variance (ANOVA). A good model must 

be significant based on the F-value and P-value as opposed to the Lack-of-Fit 

(insignificant). Furthermore, the proportion of variance exhibited by the multiple 

coefficients of determination R2 should be close to 1 as this value signifies a better 

correlation between the experimental and the predicted values. In more detail, P-value is 

the probability of the null hypothesis to occur. The ‘P’ in P-value stands for ‘Probability’. 

The null hypothesis in ANOVA is ‘Assuming that the means of the data groups of each 

factor are equal’. Generally, if this percentage is 5% or less, you can reject a null 

hypothesis. ANOVA F-value used for feature selection. If the features are categorical, 

calculate a chi-square (x2) statistic between each feature and the target vector. However, 

if the features are quantitative, compute the ANOVA F-value between each feature and 

the target vector. The F-value scores examine if, when we group the numerical feature by 

the target vector, the means for each group are significantly different. 
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3.4.3 Statistical analysis 

The results obtained from experimental run were analyzed by Design Expert 

(Version-7.1.6). The model adequacy and error independency were used for each of the 

variables to diagnose the fitted models. The significance of the fitted model was evaluated 

by using the ANOVA. Furthermore, different statistics were used to analyze the adequacy 

of the model and the coefficient of determination, R2 was used to assess the integrity of 

the fitted model. In addition, the ratio of the signal to noise was evaluated by adequate 

precision statistics (Madani et al., 2015; Mishra et al., 2019). How well the model fitted 

with the ith point and how far that point was from the rest of the data were evaluated by 

using Cook’s distance statistics. The large distance data (greater than unity) requires to 

be assessed with more attention since the point is more influential than the other (Madani 

et al., 2015). Normal probability plot of the residuals was used to check the normality of 

the errors. The consistency of variances was measured by plotting the residuals versus 

the time sequence of the runs, predicted values, and each independent variable. The data 

transformation on the response was used to ease the issues, while the discrepancies were 

observed. The replicates of center points were inserted to the factorial designs to analyze 

the adequacy of the model to capture the curvature expressed in the response. The set of 

equations derived from the differentiation of the fitted model was solved to calculate the 

predicted response for optimum value and their levels of independent variable. 

 



 109 

CHAPTER 4 

 

 

BIOREMEDIATION EFFICIENCY OF POME BY B. CEREUS, L. STARKEYI 

AND THEIR CO-CULTURE 

4.1 Introduction 

In this chapter, an approach has been presented to bioremediate POME using a 

pure culture of B. cereus, L. starkeyi, and their co-culture inoculum. The POME 

concentration was optimized for enabling a maximum yield of biomass growth. The 

bioremediation efficiency of different inoculums was investigated and characterized by 

pollutant removal efficiencies, FESEM, GC-MS. The degree of bioremediation was 

further justified by determining seed germination indices. 

4.2 Biomass growth profile of B. cereus 

The growth kinetics of B. cereus were studied using different concentrations (25, 

50, 75, and 100%) of POME as presented in Figure 4.1. As seen from Figure 4.1, the cell 

growth of B. cereus followed a similar trend for all concentrations of POME, including 

the synthetic medium (control) even though a differential stationary phase was observed 

for different concentrations. However, among the four concentrations, the maximum 

growth was achieved for 50% POME, although the initial growth rate was slightly higher 

for 25% POME. Additionally, the cell growth took a higher retention time to reach a 

plateau for the lower dilution (75% POME). 
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Figure 4.1 The growth profile of B. cereus in the POME. 

The 100% POME sample obtained a lower cell growth than the other POME 

samples. This lower cell growth might be attributed to the fact that this condition was not 

favourable for the assimilation of B. cereus growth, although there were more carbon and 

nutrients present in the raw POME. This was probably due to the presence of a higher 

load of organics, phenolic compounds, and long chain fatty acids, which might act as 

inhibiting agents. Consequently, these agents hindered the metabolic power and growth 

of microorganisms (Cheah et al., 2018d; Islam et al., 2018c). These compounds are 

known to be present in POME and have been reported to have both antibiotic and 

phytotoxic properties (Uzel et al., 2005). In addition, the higher concentration of total 

nitrogen in raw POME (Table A1, in appendix) might have inhibitory effects on growth 

kinetics (Cheah et al., 2018a), as B. cereus grows in a nitrogen limiting medium. 

However, the dilution of the samples has been shown to decrease the impact of these 

compounds, allowing the microbes to flourish and metabolize the organic materials 

present in the effluent. Therefore, the higher growth rate was observed corresponding to 

a diluted POME medium (75%, 50% and 25% POME). This may be explained by the 

lowering of nutrient concentration due to the higher dilution (25% POME) because the 

nutrients present in the 25% POME were quickly utilized and thereby the growth maxima 

could not be reached, as in the 50% POME. Nevertheless, the highest growth observed 

in the 50% POME sample might be accredited to the favorable compositions (i.e., lower 
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inhibitors, suitable carbon/nitrogen ratio, etc.) of the nutrients in this broth (Yousuf et al., 

2010). The findings obtained in the present study were in good agreement with those 

previously reported for yeast and microalgae (Cheah et al., 2018b; Islam et al., 2018c). 

4.3 POME characterization and bioremediation efficiency of B. cereus 

The 50% POME (the optimal concentration, as shown in the section 4.2) sample 

was characterized by analyzing BOD, COD, TOC, TPC, AN, NN, TN, TSS, TS, and TDS 

before and after treatment by B. cereus. After being treated with B. cereus, a significant 

reduction was observed for each parameter, as presented in Table 4.1. The substantial 

reduction in organic load, particularly in BOD (72.65%) and COD (79.35%) was 

observed after 144 h of treatment. 

Table 4.1 Bioremediation efficiency of B. cereus, cultivated in 50% POME. 

Parameters 

50% POME 
Removal 

efficiency*** 

(%) 
Before treatment* 

(mg/L) 

After 

treatment** 

(mg/L) 

Biochemical oxygen demand 

(BOD) 
14,821 ± 984 4,054 ± 368 72.65 

Chemical oxygen demand 

(COD) 
23,532 ± 762 4,859 ± 605 79.35 

Total organic content (TOC) 3,485 ± 234 861 ± 139 75.29 

Total phenolic content (TPC) 1,044 ± 87 320 ± 64 69.34 

Ammoniacal nitrogen (AN) 65 ± 9 41 ± 11 36.92 

Nitrite nitrogen (NN) 81 ± 12 52 ± 14 35.80 

Total nitrogen (TN) 328 ± 18 191 ± 36 41.76 

Total dissolved solid (TDS) 19,687 ± 873 6,054 ± 573 69.25 

Total solid (TS) 35,085 ± 996 16,223 ± 861 53.76 

Total suspended solid (TSS) 14,963 ± 651 5,101 ± 327 65.91 

Oil and Grease 3,523 ± 585 910 ± 458 74.17 

*The values were obtained after autoclaved of 50% POME; **All analyses were performed after biomass 

separation from fermented broths; ***The removal efficiency was determined only for average values. 

Generally, POME contains huge amounts of organic substances in the form of 

suspended solids, which are mostly the cellulolytic material originated from cellulose 

fruit debris (palm mesocarp) (Bala et al., 2015). Therefore, cellulase-producing bacteria 
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are required for the degradation of cellulose in POME. The presence of organic 

compounds in POME is responsible for high COD, BOD, and TOC and serves as a 

suitable substrate for growth of a wide variety of microbes (Lanka & Pydipalli, 2018b). 

In addition, lipid content (i.e., oil and grease) makes it a suitable medium for several 

groups of lipase producing microbes as well as hydrocarbon degraders (Ahmad et al., 

2018). Some recent reports have shown that B. cereus could excrete a cellulase enzyme 

and thereby facilitate cellulolytic activity in a liquid medium (Bala et al., 2014, 2015). 

Therefore, the decrease in BOD is attributed to the fact that the B. cereus would have 

reduced the organic load by exploiting cellulolytic activity in POME. Furthermore, B. 

cereus might have degraded the cellulose into reducing sugars by using the cellulases and 

utilized it as a sole source of carbon during growth. A significant reduction (74.17%) of 

oil content (oil and grease) in POME was observed which could be attributed to the 

lipolytic activity of lipase enzyme excreted by B. cereus (Singh et al., 2010). 

In general, the nitrogen compounds present in organic forms in POME are 

converted into ammonia with time (Nwuche et al., 2014a). The presence of excessive 

nitrogen in POME wastewater needs to be reduced since high nitrogen content may lead 

to eutrophication and toxicity. In the present study, a significant removal of AN, NN, TN 

was achieved to 36.92%, 35.80%, 41.76%, respectively, as shown in Table 4.1. In the 

nitrification process, the nitrogenous compound, especially NH4
+ -N, is usually removed 

through the heterotrophic nitrification and aerobic denitrification mechanism, while NO3
- 

-N is removed by solely aerobic denitrification process. It has been reported that B. cereus 

could facilitate denitrification for removing nitrogenous compounds either in aerobic or 

anoxic conditions (Rout et al., 2018). In a recent report, Banerjee and Ghoshal (2017) 

have shown that the strain of B. cereus AKG1 reduced 54% NH4 C-N from petroleum 

wastewater in a batch mode fermentation process. 

4.4 Pollutants removal by B. cereus 

To observe the bioremediation of POME by B. cereus, the removal of the major 

pollutants (BOD, COD, TOC, TPC) were studied over time (144 h) for 50% POME, as 

presented in Figure 4.2. Figure 4.2 shows that the pollutants were gradually removed until 

~108 h and thereafter reached a plateau. In addition, the remediation of inhibitors was 

increased as a function of running time, which was positively correlated with the growth 
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of B. cereus in POME (Figure 4.1). The reduction of BOD, COD, TOC, and TPC was 

mostly achieved within the first ~ 108 h (Figure 4.2), and concomitantly the cell growth 

reached the maximum at the same time (Figure 4.1). A similar observation was reported 

by Cheah et al. (2018a), where the higher biomass growth in a medium caused a higher 

COD reduction. The presence of a lag phase in both Figure 4.1 (first ~ 24 h) and Figure 

4.2 indicated a correlation between the biomass growth and pollution removal. This lag 

phase might be attributed to the adjustment and adaptation period of the bacteria to a new 

environment, during which time they consumed small amount of nutrients. 

 

Figure 4.2 The remediation of inhibitors from POME as a function of running time. 

The COD and BOD removals were observed to increase gradually (Figure 4.2) 

during the log phase of bacterial growth (Figure 4.1). A reduction of 79.35% COD and 

72.65% BOD could be attributed to the organics degradation because bacteria converted 

the organics into the simpler form for assimilation (Cheah et al., 2018a). A similar trend 

was demonstrated in a recent study by Soleimaninanadegani and Manshad (2014), where 

they found a substantial reduction in COD concentration of POME with an increase in 

bacterial growth. Nevertheless, the COD and BOD removal efficiency of the present 

study are in good agreement with those reported by other researchers (Mohammed et al., 

2014; Soleimaninanadegani & Manshad, 2014). The TOC removal was found to be 

75.29% after 144 h (Figure 4.2) which is significantly higher when compared to some 

recent reports. The higher TOC removal efficiency could be attributed to the higher 
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degradation efficiency of hydrocarbons by B. cereus as it is capable of excreting 

hydrocarbon degrading enzymes (Agarry, 2017). Moreover, the degradation of 

wastewater samples reduced the concentration of phenolics by 69.34%. Banerjee and 

Ghoshal (2017) observed that B. cereus removed 30-83% of TOC and 57% of TPC from 

petroleum wastewater. It can be observed that the TOC and TPC removal efficiency in 

the present study is consistent with their study. Apart from the BOD, COD, TOC, and 

TPC, the wild type B. cereus strain (in this study) significantly removed other pollutants, 

namely, TN, TS, TDS, TSS and oil and grease (Table 4.1). Therefore, the removal 

efficiency of the present study indicates that B. cereus successfully bioremediated POME 

which could be an effective approach for complex wastewater treatment. 

Table 4.2 Comparison of BOD and COD removal efficacy of several Bacillus 

strains from wastewater. 

Strains Substrates 

Treatment 

period 

(days) 

BOD 

removal 

(%) 

COD 

removal 

(%) 

References 

Bacillus cereus 

103 PB 
POME 5 90.98 78.60 

(Bala et al., 

2015) 

Bacillus subtilis 

106 PB 
POME 5 77.51 64.08 

(Bala et al., 

2015) 

Bacillus cereus 
Petroleum refinery 

effluent 
28 - 70.00 

(Agarry, 

2017) 

Bacillus cereus 

GS-5 

Domestic 

wastewater 
13 - 90.60 

(Rout et al., 

2018) 

Bacillus cereus 

MTCC 25641 

Dairy waste 

effluent 
7 44.07 50.68 

(Gawai et al., 

2017) 

Bacillus 

licheniformis 

Municipal 

wastewater 
4 72.08 51.00 

(Garode, 

2018) 

Bacillus cereus 

KM 15 
Orange waste 7 - 62.80 

(Qadeer et 

al., 2018) 

Bacillus cereus 

(MF661883) 
POME (50%, v/v) 6 72.65 79.35 Present study 

The BOD and COD removal efficiency of this study has been compared with 

other strains of Bacillus and presented in Table 4.2. As displayed in Table 4.1, the 

efficiency of B. cereus (in the present study) is comparable to that of different Bacillus 

spp. reported by some recent studies. The higher COD removal efficiency obtained in the 



 115 

present study revealed the utilization of a broad range of compounds from the POME 

wastewater. This could be attributed to the greater tolerance of B. cereus to the extremely 

adverse environmental conditions because of its gram-positive, catalase-positive, and 

protective endospores forming nature (Yusuf et al., 2013). However, Rout et al. (2018) 

observed a comparatively higher COD removal efficiency (90.60%), which might be due 

to a higher retention time (13 days) than that obtained in the present study. Moreover, the 

bed materials of the packed bed bioreactor, especially dolochar (an activated carbon 

material), had a high adsorption capacity, which, along with microbial activity, played an 

important role in removing COD. In another study, Bala et al. (2015) achieved 90.98% 

of BOD and 78.60% of COD removal efficiency, which could be ascribed to the different 

substrate concentration and the use of indigenous microbial isolates from POME. 

4.5 Survivability of L. starkeyi in POME 

The survivability and the growth rates of L. starkeyi were evaluated using 

different concentrations of POME (25, 50, 75, and 100%). The growth profiles of L. 

starkeyi are presented in Figure 4.3. Similar growth trends were observed for the broths 

containing 25, 50, 75, and 100% POME. The highest growth rate was achieved with the 

broth containing 50% POME, whereas a slightly lower growth was attained with the 25% 

POME. On the other hand, the growth rate was much lower in the presence of the 100% 

POME. This effect might be due to the presence of higher phenolic compounds, COD 

and long-chain fatty acids (Salgado et al., 2016), which may hinder the metabolic power 

and growth of microorganisms. Additionally, the growth was inhibited at higher substrate 

concentration (100% POME) might be due to the higher concentration of ammonium as 

L. starkeyi grows in a nitrogen limiting conditions (Yousuf et al., 2010). However, at a 

higher dilution factor (25% POME), the nutrient concentration was lower and therefore, 

the microbial growth was reduced. The same phenomenon (reduction of nutrients with 

dilution) occurred for the 50% POME solution. However, a comparatively higher growth 

rate was observed in the 50% broth, which may be attributed to the favorable composition 

(e.g., C/N ratio, lower inhibitors) of the broth (Yousuf et al., 2010). 
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Figure 4.3 Growth profile of L. starkeyi in POME. 

4.6 POME remediation efficiency of L. starkeyi 

Raw POME is thick, brownish in color, acidic in nature, with a pH level of ~ 4.5, 

and consists of 95-96% of water, 4-5% total solids including 2-4% suspended solids and 

0.6-0.7% of oil and grease (Ahmad et al., 2016; Chin et al., 2013; Ng et al., 2016). High 

biological and chemical oxygen demands of POME are the main obstacles to its 

agricultural uses. On the other hand, POME contains different sugars such as arabinose, 

xylose, glucose, galactose and mannose, which can serve as potential carbon sources to 

the microbial community. Apart from that, it is high in nutrients and essential minerals 

such as K, N, Mg, Ca, P, Fe, B, Zn, Mn and Cu, which support plant growth (Ng et al., 

2016) as well as microbial growth (Yousuf et al., 2010). However, the presence of 

inhibitors such as phenolic compounds, tannic acid (Nur, 2012), acetic and formic acids 

(Nwoko et al., 2010) make it phytotoxic. 
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Table 4.3 Wastewater analysis of 50% POME (the removal efficiency was 

calculated only for average values). 

Parameters 

50% POME 

Removal, 

% 
Before 

treatment, 

mg/L 

After 

treatment, 

mg/L 

Chemical oxygen demand (COD) 26,176 ± 838 6,541 ± 456 75.01 

Total organic content (TOC) 4,230 ± 528 1,423 ± 214 66.35 

Biochemical oxygen demand (BOD) 11,025 ± 722 5,243 ± 510 52.44 

Ammoniacal nitrogen (AN) 31 ± 2 8 ± 1 74.19 

Total phenolic content (TPC) 2,744 ± 118 1,033 ± 94 62.36 

Nitrite nitrogen (NN) 86 ± 5 41 ± 9 52.32 

Total nitrogen (TN) 305 ± 16 141 ± 17 53.77 

Total dissolved solid (TDS) 13,160 ± 526 5,669 ± 413 56.92 

Total solid (TS) 26,814 ± 722 16,184 ± 211 39.64 

Total suspended solid (TSS) 11,970 ± 512 5,784 ± 115 51.68 

Oil and Grease 3,310 ± 423 1,674 ± 720 49.43 

The bioremediation of POME by oleaginous yeast was evaluated and nitrogen, 

COD, TOC, BOD, AN, TPC, NN, TDS, TS and TSS were analyzed. The variation of 

these parameters in untreated and treated POME is presented in Table 4.3. As shown in 

Table 4.3, there was a remarkable reduction in COD (75.01%) after 120 h of retention 

time, indicating that L. starkeyi utilized and hydrolyzed most of the organic compounds. 

A significant number of phenolic compounds (62.36%) was removed by this treatment 

attributed to the fact that the organic compounds composed of phenolic, acidic and 

heterocyclic compounds in the POME, were degraded by L. starkeyi through aerobic 

digestion. The decrease in BOD by 52.44% suggests that L. starkeyi can reduce the 

organic load in POME. The changes in ammonia content depend on the transformation 

of organic nitrogen into inorganic nitrogen. In this aerobic digestion, macromolecular 

organic matter was significantly degraded to small-molecule organic matter, and 

therefore, AN and NN reduced by 74.19% and 52.32%, respectively. 

4.7 Removal of inhibitors by L. starkeyi 

To study the bioremediation of POME by oleaginous yeast, three major 

components COD, TOC and TPC were considered. Generally, POME contains higher 

levels of COD that is predominantly related to the organic load in the form of TSS, VSS, 
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TS, oil and grease (Bala et al., 2015). The results presented in Figure 4.4 are recorded 

from the aerobic digestion of the 50% POME because the microbial growth was at its 

maximum at this concentration. As shown in Figure 4.4, treatment of L. starkeyi led to a 

~75% reduction of COD. The COD removal efficiency by L. starkeyi has been compared 

(Table 4.4) to those of other species (bacteria, fungi), and the findings showed similar 

reduction efficiency. Thus, the considerable COD reduction suggests that the treatment 

protocol can be practically applicable for the bioremediation of POME. 

 

Figure 4.4 Removal efficiency of inhibitors presence in POME. 

The carbon content of wastewater is composed of a variety of organic compounds 

in various oxidation states (Pirozzi et al., 2013). For further use of any industrial 

wastewater, the TOC must be reduced. In this study, TOC removal of up to ~ 66% was 

achieved (Figure 4.4). Microbial biomass growth is directly related to TOC reduction 

(Yousuf et al., 2010) since yeasts consume sugars and other carbon compounds (proteins 

and phenols) as nutrients. The reduction of TOC was mostly achieved in the first 90 h, 

i.e., organic carbon was consumed as the primary carbon nutrient until the biomass 

reached the stationary phase (Figure 4.3). At the same time, the trend in the reduction of 

TPC was similar to that of TOC, which indicated that L. starkeyi is a suitable species to 

consume or reduce the phytotoxic compounds (mainly phenols). The removal of phenolic 
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compounds was further confirmed by the increase in pH over time (Figure A1). 

Generally, POME contains phenolic compounds such as caffeic acid, ferulic acid, 4-

hydroxybenzoic acid, catechol, and 3-methylcatechol, which are mainly responsible for 

the lower pH of POME (Khongkhaem et al., 2016). The increase in pH (Figure A1, in 

appendix) might be due to the consumption or breakdown of phenolic compounds of 

POME by L. starkeyi, which leads to the formation of hydroxide ions (Louhasakul et al., 

2016). Similar results have been reported in a study where they observed an increase in 

pH from 3.98 to 7.79 when POME was treated with a mixed bacterial culture. The success 

of such treatments depends on several factors, such as the type of micro-organisms, 

composition of effluents, and the concentration of TPC for the adaptation of selective 

consortia Therefore, this study provides an alternative way to valorize the POME as a 

growth media for the production of microbial lipids suitable for biodiesel production and 

simultaneously provides a strategy to reduce wastewater pollution loads. 

Table 4.4 Comparison of COD removal efficiencies of microorganisms from 

POME. 

Group Species 

Initial 

COD 

(mg/L) 

Treatment 

period 

(days) 

COD 

removal 

(%) 

References 

Bacteria 
Micrococcus 

luteus 

75,900 5 

67.19 
(Bala et al., 

2015) 

 
Stenotrophomonas 

maltophilia 
61.92 

(Bala et al., 

2015) 

 Bacillus cereus  78.60 
(Bala et al., 

2015) 

 Bacillus subtilis 64.08 
(Bala et al., 

2015) 

 
Anaerobic sludge 

(Mixed culture) 
75,000 7 45.00 

(Tabassum 

et al., 2015) 

Yeast 
Yarrowia 

lipolytica 
11,000 2 95.00 

(Oswal et 

al., 2002b) 

 
Yarrowia 

lipolytica 
37,000 3 72.90 

(Louhasakul 

et al., 2016) 

 
Saccharomyces 

sp. L3
1 

114,800 4 83.00 

(Iwuagwu 

& 

Ugwuanyi, 

2014) 

 
Candida rugosa 

CU1 
- 6 54.70 

(Theerachat 

et al., 2017) 

 
Lipomyces 

starkeyi 
26,176 6 75.01 

Present 

study 
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4.8 Biomass growth profile for co-culture of B. cereus and L. starkeyi 

The 50% POME (the optimal concentration for B. cereus and L. starkeyi, as 

shown in the 4.2 and 4.5 sections) sample was used as growth medium for the co-culture 

of B. cereus and L. starkeyi. The growth kinetics of B. cereus, L. starkeyi and co-culture 

were studied using 50% POME as presented in Figure 4.5 and microbial cells were 

visualized in Figure 4.6. As can be seen from Figure 4.5 that the cell growth kinetics 

followed similar trend for all inoculums where they reached a plateau after 72 h and 

started decaying after 100 h. The maximum growth was achieved for co-culture inoculum 

than the mon-culture of B. cereus and L. starkeyi. 

 

Figure 4.5 The growth profile of B. cereus, L. starkeyi, their co-culture inoculum in 

the 50% POME, at a temperature of 30 ºC. 

The maximum growth was achieved for co-culture inoculum, although the initial 

growth rate for L. starkeyi was slightly higher than the co-culture and B. cereus 

monoculture inoculum. The highest growth observed in the co-culture inoculum might 

be accredited to the combined synergistic effect of both bacteria and yeast combinations 

during the treatment process. The synergistic interactions between these two microbes 

enabled the microorganisms to maximize their metabolic abilities and to maintain a 

community integrity and stability (El-Masry et al., 2004). Thus, a higher biomass growth 

was achieved for co-culture than the monocultures. Nevertheless, B. cereus has been 
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shown to achieve higher biomass growth than L. starkeyi. This may be explained by 

greater tolerance of B. cereus to high pollutant concentrations due to their wider 

enzymatic potentials and spore forming ability (Asadi et al., 2020). On the other hand, L. 

starkeyi were reported to have ability to assimilate oil and grease present in POME, 

making POME more favourable for bacteria cultivation (Ahmad et al., 2019). The 

synergistic effect of mixed microbial consortium of organisms has also been reported 

elsewhere in the literatures (Benka-Coker & Ekundayo, 1997; Chigusa et al., 1996; Zhang 

et al., 2014a). 

 

Figure 4.6 Visualization of different inoculums by FESEM image in the POME. (a) 

B. cereus, (b) L. starkeyi, (c) B. cereus and L. starkeyi co-culture (red circles show yeast 

cells and red arrows indicate bacteria cells). 

4.9 Remediation of inhibitors by co-culture 

The 50% POME sample was characterized by analyzing BOD, COD, TOC, TPC, 

AN, NN, TN, TSS, TS, and TDS before and after treatment by the co-culture inoculm. 

The variation of these parameters in untreated and treated POME is presented in Table 

4.5. 
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Table 4.5 Bioremediation efficiency of co-culture consortium cultivated in the 

50% POME. 

Parameters 

50% POME 

Before 

treatment 

(mg/L) 

After 

treatment 

(mg/L) 

Removal 

efficiency* 

(%) 

Chemical oxygen demand (COD) 25,825 ± 1,135 4,219 ± 456 83.66 

Biochemical oxygen demand 

(BOD) 
17,390 ± 965 3,940 ± 214 77.34 

Total phenolic content (TPC) 1,380 ± 114 374 ± 84 72.89 

Total organic content (TOC) 4,132 ± 510 771 ± 117 81.34 

Total nitrogen (TN) 464 ± 64 161 ± 94 65.30 

Ammoniacal nitrogen (AN) 94 ± 18 22 ± 9 76.59 

Nitrite nitrogen (NN) 128 ± 43 40 ± 17 68.75 

Total solids (TS) 16,022 ± 789 5,500 ± 413 65.67 

Total suspended solids (TSS) 7,124 ± 656 2,035 ± 211 71.43 

Total dissolved solids (TDS) 11,634 ± 804 2,832 ± 115 75.66 

Oil and grease 4,031 ± 529 837 ± 320 79.23 

*The removal efficiency was calculated only for average values. 

The COD removal efficiency is presented in Figure 4.7. As can be seen in Figure 

4.7, the removal of COD was increased as a function of running time, which was 

positively correlated with the growth of microbial cells in POME (Figure 4.5). The COD 

reduction of 79.35 ± 1.7%, 75.01 ± 2%, and 83.66 ± 3% of COD was achieved for 144 h 

treatment of POME by B. cereus, L. starkeyi, and co-culture inoculum, respectively. This 

was due to the degradation of organics in the POME by microbial assimilation because 

the organics converted into the simpler form for microbial assimilation (Cheah et al., 

2018a). 

The COD removals were observed to increase gradually during the log phase (~ 

72 h) of microbial growth (Figure 4.5). The reduction of COD was mostly achieved 

within the first ~ 96 h (Figure 4.7), and concomitantly the cell growth reached the 
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maximum at the same time (Figure 4.5). The COD removal was higher for B. cereus than 

L. starkeyi, might be due to the greater tolerance of B. cereus to the extremely adverse 

environmental conditions because of its gram-positive, catalase-positive, and protective 

endospores forming nature (Yusuf et al., 2013). The maximum COD removal efficiency 

obtained by co-culture could be attributed to the utilization of a broad range of 

compounds from the POME wastewater because it has been reported that yeast can 

degrade certain type of substrates while bacteria can assimilate other type of substrates 

and therefore combination of them accelerated the degradation efficiency of POME 

which is composed of several simple and complex substrates. 

 

Figure 4.7 Removal of COD from POME by B. cereus, L. starkeyi, and their co-

culture from POME as a function of running time. 

Consequently, a comparatively higher biomass growth was achieved for co-

culture than monocultures (Figure 4.5), which also led to a higher COD removal (Cheah 

et al., 2018a). This observation is corroborated by a recent study of Cheah et al. (2018a), 

where the higher biomass growth in a fermentation medium caused a higher COD 

reduction in POME. Cheirsilp et al. (2011) reported that the biomass concentration in the 

mixed culture of yeast R. glutinis and microalgae C. vulgaris increased faster and was 

higher compared to that in the pure cultures. After day 4, the cell growth was observed 

to decrease and there was no significant enhancement in biomass production. This might 
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be resulted from the depletion of the nutrients in the culture medium. The COD removal 

remained almost unchanged after four days in the co-culture, attributed to the fact that 

the consumable carbon source present in the effluent was limited, namely not all of COD 

could be consumed by the yeast and bacteria. Van Hamme et al. (2000) demonstrated that 

such mixed culture combination displays metabolic versatility and superiority to pure 

cultures. Consequently, a microbial consortium containing a number of microorganisms 

could be considered to be well suited for the degradation of industrial wastewaters 

(Sathishkumar et al., 2008). Similarly, Sugiura et al. (1996) and Sathishkumar et al. 

(2008) reported that the mixed microbial combination showed the maximum reduction 

of organic load from wastewater. 

Table 4.6 Performance of different co-culture for COD removal from wastewater. 

Strains 
Co-culture 

consortia 
Substrates 

Time 

(days) 

COD 

remova

l (%) 

References 

Pseudomonas sp. 

on C. sorokiniana 

CY-1 

Microalgae-

bacteria, 1:1 

30% (v/v) 

POME 

 

5 53.70 
(Cheah et 

al., 2018c) 

K. variicola and 

P. aeruginosa 

Bacteria-

bacteria, 1:1 

50% (v/v) 

POME 
11 69.28 

(Islam et al., 

2018b) 

B. cereus 103 PB 

and B. subtilis 106 

PB 

Bacteria-

bacteria, 1:1 
POME 5 90.64 

(Bala et al., 

2015) 

R. gultinis and C. 

vulgaris 

Yeast-

microalgae, 1:1 

Sugar cane 

plant 

wastewater 

(molasses) 

7 79.00 
(Cheirsilp et 

al., 2011) 

B. cereus and L. 

starkeyi 

Bacteria-yeast, 

1:1 

50% (v/v) 

POME 
6 83.66 

Present 

study 

The COD removal efficiency of this study has been compared with other co-

culture inoculums and is presented in Table 4.6. As displayed in Table 4.6, the efficiency 

of B. cereus and L. starkeyi (in the present study) is comparable to that of different co-

culture consortiums reported by some recent studies. The higher COD removal efficiency 

obtained in the present study revealed the utilization of a broad range of compounds from 

the POME wastewater (Figure 4.8). However, Bala et al. (2015) obtained a relatively 

higher COD removal (90.64%) using a co-culture of B. cereus 103 PB and B. subtilis 106 

PB, which could be ascribed to the higher inoculum concentration. Another reason could 
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be the use of the indigenous microbial isolates from POME i. e., the bacterial strains used 

in their study were isolated from POME. In another study, De Felice et al. (1997) used a 

combination of bacteria and yeast to degrade olive oil mill wastewater. The microbial 

combination reduced the COD of olive oil mill wastewater by 80% in their study. 

 

Figure 4.8 GC-MS peak for POME after 6 days of treatment by B. cereus, L. starkeyi, 

and their co-culture. 

The GC-MS data (Figure 4.8) indicate that organic compounds in the effluent 

were mainly composed of phenolic (cyclododecanemethanol), acidic (trichloroacetic 

acid, carbonic acid, 2-chloropropionic acid) and heterocyclic compounds (1-cyclopentyl-

4-1-methylethylcyclohexane, cyclohexane 3-3-dimethyl-5-oxo), which were completely 

degraded by the co-culture through aerobic digestion. Thus, a significant number of 

phenolic compounds (72.89%) was removed by this treatment. The decrease in BOD by 

77.34% suggests that the co-culture inoculum was able to reduce the organic load in 

POME. The changes in ammonia content depend on the transformation of organic 

nitrogen into inorganic nitrogen. In this aerobic digestion, macromolecular organic matter 

was significantly degraded to small-molecule organic matter, and therefore, AN and NN 

reduced by 76.59% and 68.75%, respectively. It can be concluded that the synergistic 

effect of mixed microbial consortium of microorganisms for POME treatment brings 

enhanced performance for effective biodegradation. 
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4.10 The degree of bioremediation 

The degree of bioremediation (after 6 days) was studied by determining seed 

germination profiles of Mung beans (V. radiata) (Kumar & Singhal, 2009), as presented 

in Figure 4.9a and Figure A2 (in appendix). A significant difference in germination was 

observed (Figure 4.9a) when the seeds were grown in different medium of POME. The 

number of germinated seeds increased gradually with time until 60 h for all samples, and 

then it reached a plateau. The maximum seed germination occurred in co-culture treated 

POME after 3 days of observation, whereas the minimum germination was observed in 

raw POME. Consequently, the highest GI was obtained for co-culture treated sample 

followed by B. cereus and L. starkeyi treated samples (Figure 4.9b). 

 

Figure 4.9 a) The profiles of seed germination in untreated (raw POME and 50% 

POME) and treated POME medium (by B. cereus, L. starkeyi, and their co-culture); b) 

Germination index. 

The reduced germination in untreated POME samples (raw POME and 50% 

POME) was possibly due to an imbalance between toxic compounds and nutrients. This 

lower germination was found in POME samples, possibly due to the presence of higher 

organic and toxic compounds. However, in lower POME concentrations i.e., in 50% 

POME, the higher GI (Figure 4.6b) and germination visibility values (Figure A2, in 

appendix) indicating the toxicity reduced mainly due to dilution. The higher organic load, 

low pH, high nitrogen content, and contaminants negatively influenced the plants’ growth 
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(Li et al., 2017). In addition, concentrated POME is not favorable for the growth of plants 

due to the presence of more phenolic compounds (Table A1, in appendix), which include 

various acids (i.e., caffeic acid, ferulic acid, 4-hydroxybenzoic acid) (Liu et al., 2016), 

and therefore, a lower germination rate was observed in untreated POME. The higher GI 

in treated POME confirmed that the inhibiting agents were successfully degraded by B. 

cereus, L. starkeyi, and their co-culture. Higher GI, indicating bioremediation of 

phytotoxic compounds by microbial assimilation. The highest GI was achieved for the 

sample treated with co-culture attributed to the better removal of phytotoxic compounds 

(Figure 4.9). Similar observations to this finding were reported by Pandey et al. (2008), 

and they found that the high concentration of brewery and distillery effluent had an 

inhibitory effect on the seed germination and growth of maize and rice plants at the early 

stage of plantation. Likewise, to this study, Ogunwenmo et al. (2010) reported that the 

seed germination of Amaranthus hybridus was enhanced in treated brewery effluent. 

Therefore, it can be concluded that the diluted POME treated with B. cereus, L. starkeyi, 

and their co-culture could be deployed into the arable land since it would not be 

detrimental for plant growth. This treated effluent could be used both for invigorating the 

seeds and for further irrigating crops or nurseries. 

The overall findings of this research work suggest that a co-culture of B. cereus 

and L. starkeyi could be a potential inoculum for bioremediation of POME. It was 

observed that among the different dilutions, the moderately dilute solution of POME 

(50%) showed higher microbial growth and offered a significantly higher degree of 

bioremediation. Furthermore, higher remediation was achieved using the co-culture 

inoculum in the 50% POME. The COD reduction of 79.35 ± 1.7%, 75.01 ± 2%, and 83.66 

± 3% of COD was achieved for 144h treatment of POME by B. cereus, L. starkeyi and 

co-culture inoculum, respectively. Because, a higher degradation of pollutants and toxic 

components of POME could be achieved by co-culture inoculum. This finding was 

further confirmed by determining the seed GI of V. radiata. POME treated with co-

culture displayed higher GI values than the untreated samples due to the significant 

remediation of detrimental organics present in the POME. This approach of wastewater 

treatment by microbes could be beneficial due to the easier cultivation; diverse 

inexpensive carbon sources and carbon utilization pathways; rapid growth rate; higher 

biomass production capacity. Therefore, treatment of POME by microorganisms would 

be an attractive option for wastewater treatment and ultimately, environmental resilience. 
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CHAPTER 5    

 

MICROBIAL LIPID EXTRACTION BY USING ELECTROPORATION AND 

COMPARISON WITH DIFFERENT CONVENTIONAL METHODS 

 

5.1 Introduction 

In this chapter, a lab scale electroporation device was used to evaluate the 

potentiality of EP technique on yeast cell (L. starkeyi) wall disruption and lipid extraction. 

The cell wall disruption was confirmed by visualizing in FESEM image. The efficiency 

of EP was evaluated by calculating cell inactivation rates and measuring extracted lipid 

from wet biomass of L. starkeyi. Furthermore, the performance of lipid extraction by EP 

technique was compared with other methods to validate its applicability. 

5.2 Cell inactivation of L. starkeyi cell by electroporation 

Recently, EP was proposed as a new cell disruption approach to extract lipid from 

microbial biomass for the direct transesterification process to produce biodiesel (Yousuf 

et al., 2017b). In this technique, the high electric pulses of DC are applied to living cells 

and tissues for a short duration of time to permeabilize the cell membrane for transfection 

or transformation (Faridnia et al., 2015; Luengo et al., 2015). These pulses are delivered 

to a pair of electrodes by a pulse generator (Garoma & Shackelford, 2014). Basically, a 

membrane potential is induced by an externally applied electric field (Kotnik et al., 2015). 

However, irreversible EP can damage the cell wall thus permeabilizing the cells after 

being subjected to high voltage pulses with sufficient strength and time of treatment 

(Yano et al., 2017). 



 129 

 

Figure 5.1  Effect of EP on cell inactivation using different electrode distances. 

The effect of EP on cell inactivation is presented in Figure 5.1 which illustrates 

that the cell inactivation was gradually increased until 8 min and thereafter no significant 

changes were observed for all reactors. Initial inactivation rate was very fast for the R3, 

where it achieved 77% inactivation within 2 min (Figure A3, in appendix). At the same 

time, R1 and R2 inactivated only 10% and 18% cells, respectively. Although, R1 and R2 

showed almost a constant increasing rate of inactivation, after 10 min they achieved up 

to 54% and 79% inactivation correspondingly. Whereas, more than 95% cells were 

inactivated in R3 within 10 min. The higher cell inactivation in R3 demonstrates that the 

high pulse electric field on the cell would have damaged the cell wall of yeast thus 

enhanced more dead cells in the reactor. Since, the high-voltage electrical pulses of short 

duration (0.01 s) were applied to induce irreversible permeabilization of the cell wall, 

probably through nanoscale defects in the outer layer, leading to cell wall disruption 

(Pillet et al., 2016). Related study also stated that the EP treatment has strong effect on 

cell viability and changes in cell wall structure, leading to increased wall porosity 

(Ganeva et al., 2014). Therefore, the higher electric pulses could directly attack the basic 

building blocks of yeast cell wall (β(1→3)-glucan, β(1→6)-glucan, chitin, and 

mannoproteins) thus inactivate the yeast cells and enhances the release of intracellular 

biomolecules (Flisar et al., 2014; Kollár et al., 1997). 
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5.3 Cell disruption visualization 

To observe cell wall break- up, yeast cells were visualized by FESEM as 

presented in Figure 5.2. The undisrupted cell in absence of EP treatment is displayed in 

Figure 5.2a, while, ruptured cells (red circles) are clearly observed after 10 min of EP 

treatment as shown in the Figure 5.2b. The cell wall break-up that was achieved might be 

due to the higher TI (36.7 kWh/m3) of EP. The mechanism of cell disruption during EP 

treatment was described by Sheng et al. (2011), where electroporation created electrical 

charge on the dielectric cell wall thus caused irreversible breakdown of the microbial cell. 

 

Figure 5.2 FESEM image of L. Starkeyi (a) before and (b) after EP treatment, the 

disrupted cells are indicated by red circles. 

5.4 Lipid extraction and quantification 

The performance of EP to extract lipid from the yeast cells is presented in Figure 

5.3 and Figure A4 (in appendix). Three different distances (2, 4 and 6 cm) between two 

electrodes were considered with different treatment time (2, 4, 6, 8 and 10 min). The lipid 
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extraction was increased sharply up to 6 min for all electrode distances; however, further 

increment of time did not show any significant enhancement. The R1 achieved maximum 

lipid of 13 mg/g after 10 min EP treatment, whereas R2 obtained 41 mg/g, which is around 

three times higher than R1. On the other hand, maximum performance (63 mg/g) was 

observed in R3 compared to others (R1 and R2). 

 

Figure 5.3 Effect of EP treatment on lipid escape from cell compartment. 

A significant amount of lipids are trapped in the cytoplasm by intact cell walls; 

hence, the lipid extraction efficiency greatly depends on the extent of cell disruption (Ren 

et al., 2017). As a result, at 2 cm distance the cell disruption was higher and led to a higher 

amount of lipid extraction. The less distance exhibited more cell disruption as well as 

lipid extraction because of higher intensity of the electric field (Table. 5.1). Sheng et al. 

(2011) reported similar observation in their study, where EP treatment intensity was 

directly correlated with microbial cell wall disruption as well as lipid extraction. They 

also observed that the severity of damage of cell wall grew by increasing TI and, in turn, 

lipid recovery was enhanced. In their study, the maximum number of cells were disrupted 

with a TI value of 35.8 kWh/m3, which is almost equal to the value used in this study 

(36.7 kWh/m3). Cell disruption by EP treatment at this TI value may produce a less 

resistant barrier towards the intrusion of organic solvent. As a result, the biomass pellet 
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would be more homogeneously contacted with organic solvent after centrifugation, which 

could accelerate the rate of lipid extraction. In addition, the rate of extracted lipid was 

also increased (Figure 5.3) because of the increment of TI value (Table 5.1) with 

treatment time for all electrode distances. 

Table 5.1 Variation of TI with respect to time and distance between electrodes. 

Time, min 

Treatment Intensity, kWh/m3 at different distances between 

electrodes 

2 cm 4 cm 6 cm 

0 0 0 0 

2 7.3 1.8 0.8 

4 14.7 3.7 1.6 

6 22.0 5.5 2.4 

8 29.3 7.3 3.3 

10 36.7 9.2 4.1 

 

To break up the cell wall, generally several physical methods such as thermolysis, 

osmotic shocks, laser treatments and ultrasound have been considered as viable physical 

methods with the aim of lipid extraction; however, these methods are associated with 

high-energy consumption (Steriti et al., 2014). Recently, several chemical methods (i.e., 

Fenton’s, chloroform: methanol= 2:1, Bligh and Drier) have gained attention for lipid 

extraction due to their lessened energy and time consumption. However, these methods 

still have some significant limitations. In particular, chemicals must be continuously 

supplied, and this aspect might greatly affect the economic sustainability of the 

technology when large scale production systems are considered. Moreover, exhaust 

disrupting solution should be treated before being disposed as liquid waste. Furthermore, 

acids and alkalis might corrode the equipment surface and attack the valuable products 

(i.e., lipids) of the microbial cell, thereby detracting from the effectiveness of the entire 

process. Several cell wall disruption techniques such as solvent (methanol: chloroform; 

2:1), Fenton’s method, ultrasound for lipid extraction were studied to compare the 

efficiency of EP over those methods. 
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Figure 5.4 Lipid extraction (wt%, dry biomass) from different type of cell disruption 

methods. 

The amount of extracted lipid that was obtained by using different cell wall 

disruption techniques is shown in Figure 5.4. It clearly shows that the maximum lipid 

(31.88%, wt.%) was extracted for EP treatment whereas minimum amount (9.6%) was 

obtained for solvent extraction. The lower lipid extraction was achieved might be due to 

less cell disruption efficiency by solvent extraction technique. Moreover, the lipid content 

might be reduced in most of the chemical processes because of lipid degradation by 

further chemical reaction. The ultrasonic and Fenton’s techniques achieved 11.89% and 

16.8% lipid recovery, which were about 2 and 2.5 times lower than EP. 

The efficiency of ultrasound for lipid extraction was analyzed and maximum of 

11.89% lipid recovery was achieved using this technique. Ultrasound (35 kHz) has been 

applied to yeast to disrupt the cell wall and extract lipid from the cell. The application of 

ultrasound to yeast in water, also known as sonication, utilizes the process of cavitation 

to disrupt the cell wall (de San & Parres, 2014). The low frequency ultrasound exposes 

the cell wall of yeast to damaging shear forces that promote the release of intracellular 

compounds. Generally, high pressure (300 MPa at 25 °C for 10 min) and temperature (50 

°C for 60 min) are required to destroy the cell wall of microorganisms and liberate lipids 

to the extraction medium (Gonzalez & Barrett, 2010). Therefore, in the present study, the 
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lower lipid extraction that was achieved compared to Fenton’s and EP techniques might 

be due to using low temperature (27 ± 2 °C) and atmospheric pressure (1 atm) (Feng et 

al., 2008). The study of lipid extraction from Yarrowia lipolytica yeast by Meullemiestre 

et al. (2016) also supports this statement. In solvent extraction, chloroform and methanol 

(2:1), commonly known as Folch method (Folch et al., 1957), were employed for cell 

disruption because a combination of polar and non-polar solvents could extract more 

lipids than when individual solvents are used (Ryckebosch et al., 2012). In this co-solvent 

system, chloroform and methanol form a co-mixture solvent that dissolves the lipids. The 

chloroform dissolves the neutral lipids (triglycerides) while the methanol dissolves the 

polar membrane lipids (Cooney et al., 2009). However, only 9.6% lipid could be obtained 

for solvent extraction in this study. The solvent extraction alone was less efficient, and as 

a result, less lipid extraction was achieved compared to all other methods. In addition to 

other challenges involved in the recovery and conversion of microbial lipids in this 

process, the high water content of the biomass can lower both the esterification reaction 

rate and the lipid transfer from the microbial cell to the reaction medium (Yousuf et al., 

2016). 

Generally, the recovery of lipid from the microbial biomass is challenging 

especially when wet biomass is used for lipid extraction because the high-water content 

of the biomass can lower the lipid transfer from the microbial cell to the reaction medium 

(Yousuf et al., 2017b). Usually, more solvent is used to obtain higher lipid recovery and 

higher conversion of lipids to FAME (Sheng et al., 2011). Cheirsilp and Louhasakul 

(2013) conducted direct transesterification without adding a nonpolar solvent and the 

reaction time was longer (6 h) with a methanol/biomass ratio of 125:1. However, with 

the increase of methanol/biomass ratio to 209:1, the reaction time was reduced to 1 h. In 

another study, Wahlen et al. (2011) directly transesterified wet microalgae cells and 

found that the wet cells with a water content of more than 50% needed more methanol to 

achieve a FAME content of >70%. Recently, Fenton’s reagent (i.e., a mixture of FeSO4 

and H2O2) has gained popularity for obtaining higher lipid recovery with lower solvent 

use. Wu et al. Wu et al. (2010) noted that the hydroxyl radicals (. OH) produced by the 

reaction between H2O2 and Fe2+ ions (Fe 2+ + H2O2 → Fe 3+ + OH - + . OH) may attack 

specific zones of the microbial cell wall constituted by organic compounds. Eventually, 

the cell wall undergoes partial degradation, leading to the release of the intracellular 

materials, as well as lipids, to the bulk of the solution. Consequently, Fenton’s techniques 
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achieved comparatively a higher lipid recovery of 16.8% than the ultrasound and solvent 

extraction. This method is considered an efficient technique to extract higher lipid by 

using less solvent as well as less time; however, the lipids transferred in solution can be 

quickly oxidized by the hydroxyl radicals because of the high residual concentration of 

Fenton’s reactants present in the solution thereby leading to pronounced lipid degradation 

(Steriti et al., 2014). 

Table 5.2 Performance of lipid extraction using different cell disruption methods. 

No. 
Cell disruption 

methods used 

Organisms 

used 

Lipid 

content 

(%) 

Time 

(min) 
Reference 

1 
Dialyzed p1MAN5C 
solution 

R. toruloides 11.90 120 
(Jin et al., 
2012) 

2 Microwaves C. vulgaris 11.00 5 
(Lee et al., 
2010) 

3 H2O2 + FeSO4 C. vulgaris 17.34 3 
(Steriti et al., 
2014) 

4 Ultrasound R. toruloides 11.66 30 
(Meullemiestre 
et al., 2017b) 

5 Osmotic shock 
Scenedesmus 
sp. 

8.00 2880 
(Lee et al., 
2010) 

6 
Chloroform and 
methanol (2:1) 

Schizochytrium 
sp. S31 

22.00 - 
(Byreddy et al., 
2015) 

7 Monothermosonication R. toruloides 26.94 30 
(Meullemiestre 
et al., 2017b) 

8 Electroporation L. starkeyi 31.88 10 This Study 

The lipid extraction performance of several methods is compared in Table 5.2 

with the results from this study. The comparison shows the better performance (31.88%) 

of the EP technique over others. Although, Meullemiestre et al. (2017b) achieved quite 

higher lipid content (26.94%) compare to our study, it can be noted that higher 

temperature (55 °C) and pressure (2 bars) were employed in their study. In addition, the 

process was time intensive and required 30 min to achieve maximum lipid content 

(Meullemiestre et al., 2017b) which is three times higher than the present study. In 

another report (Lee et al., 2010), only 5 min of treatment time was required to extract 

maximum lipid (11%) using microwave oven from microalgae (Chlorella vulgaris). 

Though the lipid was extracted within shorter time, the lipid yield was about 3 times 
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lower than EP. Moreover, the method is less feasible due to high temperature (100 °C) 

and more energy (2450 MHz) consumption. 

Table 5.3 Comparison of microbial cell disruption techniques in terms of energy 

consumption and environmental impact. 

Cell 

disruption 

techniques 

Solvent 

(mL/10

0 g wet 

biomas

s) 

Experiment

al 

conditions 

(temperatur

e-extraction 

conditions) 

Carbon 

emission 

(kg CO2/kg 

microbial 

oil 

extracted) 

Specific 

energy 

consumption 

(kWh/kg 

microbial oil 

extracted) 

References 

Ultrasound 500.00 
20 °C for 30 
min 

45 0.07 

(Günerken et 
al., 2015; 
Meullemiestr
e et al., 2016; 
Meullemiestr
e et al., 
2017a) 

Chloroform: 
Methanol 
(2:1) 

333.33 
20 °C for 30 
min 

156 175 

(Meullemiest
re et al., 
2016; 
Meullemiestr
e et al., 
2017a) 

Fenton’s 
reagent 

100 × 
10* 

25 °C for 5 
min 

Not 
studied 

Not studied 
(Steriti et al., 
2014) 

Bead milling 333.33 
20 °C for 30 
min 

28 32 

(Doucha & 
Lívanský, 
2008; 
Meullemiestr
e et al., 2016) 

Homogenize
r 

Not 
studied 

Not studied 
Not 
studied 

0.25 
(de Boer et 
al., 2012) 

Microwave 500.00 
110 °C for 
30 min 

265 298 
(Meullemiest
re et al., 
2016) 

Electroporat
ion 

N/A# Not studied 
Not 
studied 

0.06 
(de Boer et 
al., 2012) 

Electroporat
ion 

N/A# 
27 ± 2 °C 
for 10 min 

Not 
studied 

Not studied This study 

* To stop the disruption reaction, the entire reacting mixture was diluted by adding ten times of ethanol of 

its original volume; # Not applicable, since there is no individual lipid extraction stage, rather EP was used 

for direct transesterification. 

 



 137 

In terms of environmental impact and energy consumption, the advantages of EP 

over some other existing technologies is compared in Table 5.3. The comparison suggests 

EP may have less negative-environmental impact. The cell disruption and lipid extraction 

by some other conventional (Solvent/Ultrasound/Fenton’s reagent) methods entail the 

evaporation of enormous amounts of solvent resulting in high-energy consumption. 

Moreover, the solvents introduce toxicity, which is objectionable for industrial 

application (de Boer et al., 2012). Furthermore, these methods have a high-energy burden 

associated with either the removal of water or the severe reaction conditions required to 

process microbial biomass with a high-water content. Therefore, using EP to extract lipid 

from wet biomass may be a promising and energy-efficient alternative processing route 

because it is performed at ambient temperatures and does not introduce additional 

impurities into the process. The process and conditions used also minimize undesirable 

changes in the target material (Xu et al., 2011). 

5.5 Lipid composition and characterization 

To verify whether the EP treatment might have affected the quality of the 

extracted lipids after disruption, direct transesterification was carried out to analyze the 

composition of lipid in terms of FAME. The lipid composition profile (Figure 5.5) reveals 

that L. starkeyi accumulated mainly long-chain fatty acids with 11 to 18 carbon atoms. 

The predominant fatty acids were palmitic acid (C16:0), stearic acid (C18:0) and oleic 

acid (C18:1). Lee et al. (2010) stated that the palmitic, stearic, oleic, and linolenic acids 

are the most common fatty acids contained in biodiesel. In their study, oleic acid (C18:1) 

and linoleic acid (C18:2) were commonly dominant. Louhasakul et al. (2016) reported 

similar fatty acid content when they cultured yeast species Y. lipolytica. They found oleic 

acid (C18:1) as the most dominant fatty acid followed by linoleic acid (C18:2) and 

palmitic acid (C16:0). In another study, similar pattern was observed with the fatty acids 

produced by Mortierella isabellina, where oleic acid (C18:1) was predominant followed 

by palmitic acid (C16:0) (Harde et al., 2016). The identical lipid profiles was observed in 

this study compared with other literatures, which suggest that lipid composition might 

not be changed or altered after EP treatment. 
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Figure 5.5 Fatty acid methyl esters profile of lipid extracted after EP treatment, 

accumulated by L. starkeyi. 
 

The overall findings of this chapter that the EP is an efficient technique for lipid 

extraction from microbial biomass. The forces of the pulsing electric field caused 

significant damage to the cell wall of L. starkeyi and the disruption of microbial cells. 

The extent of cell inactivation was up to 95% when the electrodes were placed at the 

distance of 2 cm, which provided high treatment intensity (36.7 kWh/m3). At this 

condition, maximum lipid (63 mg/g) was extracted when the biomass was treated for 10 

min. During the comparison, EP could extract 31.88% lipid while the amount was 11.89% 

for ultrasonic and 16.8% for Fenton’s reagent. The results recommend that the EP is a 

promising technique for lowering the time and solvent usage for lipid extraction from 

microbial biomass. 
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CHAPTER 6   

LIPID ACCUMULATION PERFORMANCE OF B. CEREUS, L. STARKEYI, 

AND THEIR CO-CULTURE THROUGH POME BIOREMEDIATION 

6.1 Introduction 

In this chapter, the lipid accumulation ability of B. cereus, L. starkeyi, and by their 

co-culture was studied by following the bioremediation of POME. A combined approach 

has been presented to bioremediate POME wastewater and concurrently synthesize 

microbial lipids using different inoculums. The effect of different POME concentration 

and different microbes on lipid production were discussed. The lipid accumulation 

capability was also compared with different inoculums and the quality of the lipids were 

analyzed by GC-MS. 

6.2 Lipid accumulation capacity of B. cereus through bioremediation of POME 

The prospect of POME wastewater as a medium for bacteria cultivation was not 

only evaluated by biomass production but also for lipid contents. The lipid accumulation 

capability of B. cereus in different concentrations of POME has been presented in Table 

6.1. The highest lipid content was achieved for 50% (v/v) POME, followed by 25%, 75%, 

100% POME. The lowest amount of biomass as well as lipid productivity and lipid 

content were obtained for 100% (undiluted) POME. Generally, high initial organic load 

is responsible for higher concentration of intermediate metabolites during the biomass 

growth that leads to the lower lipid yield and COD removal (Cristiani-Urbina et al., 

2000). In contrast, the maximum amounts of lipid attained from 50% POME might be 

due to the consistent presence of the C/N ratio as mentioned above. Usually, the lipid 

accumulation of a microorganism through wastewater assimilation is greatly influenced 

by its biomass growth and C/N ratio (Yousuf et al., 2010). 
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Table 6.1 Lipid accumulation of B. cereus in different concentrations of POME 

medium. 

Substrate 

(POME) 

Dry biomass 

(g/L) 

Lipid 

(g/L) 

Lipid content 

(wt.%, dry weight 

basis) 

Lipid 

productivity 

(g/L/day) 

25% 6.86 ± 0.21 0.91 ± 0.10 13.26 ± 0.68 0.15 

50% 8.09 ± 0.36 1.46 ± 0.05 18.04 ± 0.97 0.24 

75% 6.97 ± 0.24 0.82 ± 0.09 11.76 ± 0.46 0.13 

100% 5.01 ± 0.16 0.27 ± 0.07 5.38 ± 0.41 0.04 

The result of lipid accumulation and productivity for different POME samples 

(Table 6.1) can be correlated with the growth profiles (Chapter 4; Figure 4.1) of B. cereus, 

in terms of similar effects of the dilution factor. Interestingly, the higher lipid 

accumulation was found for 25% POME rather than for 75% POME concentration, 

although the higher biomass production was observed for 75% POME. A similar 

phenomenon was reported by Cheah et al. (2018b), where the biomass growth was not 

correlated to the lipid accumulation since the energy is usually diverted to cell growth 

rather than to lipid accumulation in a nutrient rich condition. It is worth noting that the 

high lipid content does not associate with the biomass productivity (Qi et al., 2016). For 

instance, nitrogen possesses a positive role in biomass growth but not in accumulating 

lipids. In general, the lipid accumulation starts after the nutrients are used up for biomass 

growth. In a previous study, it was already proved that the cultivation strategy such as 

nitrogen starvation can bring significant improvement in lipid production (Chen et al., 

2015). The lipid accumulation by Chlorella sp. accumulated higher lipids when it was 

stimulated by nitrogen-deficient conditions (Qi et al., 2016). It can be postulated from the 

cultivation cycle of B. cereus that the bacteria started to grow very rapidly after the 

adaptation period (Chapter 4; Figure 4.1) by duplicating the cells using organics and 

nutrients in the exponential phase, leading to the higher biomass production. While most 

of the nutrients were utilized, the cells then reached the stress condition due to a lack of 

nutrients and organics.  
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There are some other studies describing the use of POME and other wastewater 

as a substrate to produce microbial lipids, and their results are summarized in Table 6.2. 

Although the growth of B. cereus biomass was relatively quite high in this study 

compared to others with various bacterial strains, which is reviewed in Table 6.2, the 

lipid content was quite low in most cases. This might be due to the different culture 

conditions and substrate characteristics. 

Table 6.2 Microbial lipid harvesting performance of several bacterial strains from 

different wastewater. 

Microorganisms 
Culture 

conditions 

Biomass 

(g/L) 

Lipid 

(g/L) 

Lipid 

content 

(wt.%) 

References 

Pseudomonas sp. 

POME 

(30% v/v), 

3 day 

1.91 ± 

0.07 

0.31 ± 

0.04 
16.04 

(Zhang et 

al., 2016) 

R. opacus DSM 

43205 

Dairy 

waste, 4 

days 

3.71 1.89 51.00 
(Kumar et 

al., 2015) 

B. subtilis 

HB1310 

Cotton 

stalk 

hydrolysate

, 2 days 

5.70 2.30 39.80 
(Zhang et 

al., 2014b) 

R. opacus 
Dairy 

wastewater 
4.00 3.16 79.00 

(Gupta et 

al., 2018) 

B. subtilis 

HB1310 

Cotton 

stalk 

hydrolysate 

5.70 2.27 39.82 
(Zhang et 

al., 2014b) 

Gordonia sp. DG 
Orange 

waste 
0.12 0.06 50.00 

(Gouda et 

al., 2008) 

B. cereus (own 

isolate) 

POME 

(50%, v/v) 

8.09 ± 

0.36 

1.46 ± 

0.05 

18.04 ± 

0.97 

Present 

study 

 

The cell disruption during the lipid extraction process was visualized under the 

FESEM, as presented in Figure 6.1. It is clearly seen in the FESEM image that EP 

damaged the microbial cells by creating cleavages on the cell surface during the lipid 

extraction process. Similar findings were observed in a previous study, where the higher 

treatment intensity induced irreversible permeabilization of the cell wall leading to its 

disruption by triggering pore formation (Sheng et al., 2011). EP treatment produced a less 

resistant barrier towards the intrusion of organic solvent, hence the lipid extraction was 

enhanced. Thus, the EP technique led to enhanced cell disruption and, subsequently, to a 
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higher lipid yield in the medium. According to our study, EP demonstrated better lipid 

extraction efficiency than the ultrasound, Fenton’s reagent, or solvent extraction. It was 

already discussed in previous chapter (Chapter 5) that EP could be a potential technique 

for lowering the time and solvent usage for lipid extraction from microbial biomass. The 

lipid accumulation efficiency of B. cereus has been compared with other typical bacterial 

strains, namely R. opacus ATCC 51881 and P. aeruginosa ATCC 15442, as presented in 

Figure 6.2. 

 

Figure 6.1 The visualization of B. cereus cell by FESEM (a) before and (b) after EP 

treatment (red arrows indicate the cleavage of cells). 

It was observed that the B. cereus showed a higher biomass harvesting capacity 

as well as lipid accumulation, although the lipid content was higher in a commercial strain 

of R. opacus. This result revealed that the wild type bacterial strain isolated from 

wastewater could be more efficient in biomass and lipid accumulation from POME when 

compared to the commercial strains. This might be due to the greater tolerance of wild 

type bacterial isolate to the adverse environmental conditions of wastewater (Bala et al., 

2015). 
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Figure 6.2 The lipid accumulation capacity of several strains of bacteria cultured in 

50% POME. 

The lipid content accumulated by B. cereus was converted to FAME using a direct 

transesterification reaction. B. cereus can accumulate long chain fatty acids with 11 to 18 

carbon atoms (Figure 6.3). Among the different fatty acids, undecanoic acid (C11:0), 

pentadecanoic acid (C15:0), palmitic acid (C16:0), stearic acid (C18:0), oleic acid 

(C18:1) and linoleic acid (C18:2) were observed as the predominant fatty acids. Lee et 

al. (2010) reported that the linoleic, oleic, palmitic, and stearic acids are the most common 

fatty acids contained in biodiesel; hence, the lipids produced by B. cereus could be 

considered as a potential alternative to plant oils. In addition, Cea et al. (2015) reported 

that the lipid profile of Bacillus sp. generally contains a low degree of unsaturated long 

chain fatty acids (such as C18:1) and has the highest neutral lipid contents; therefore, the 

lipid products of these bacteria could be a promising raw material for biodiesel 

production. Finally, it can be concluded that the B. cereus cultivated in a low cost POME 

medium can accumulate lipids, which demonstrates its ideal biodiesel production 

properties and the similarity of its fatty acid composition to that of plant oils; thus, these 

fatty acids could potentially be used for producing high quality biodiesel. 
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Figure 6.3 Composition of lipid in terms of Fatty acid methyl esters, accumulated by 

B. cereus in POME. 

6.3 Lipid accumulation of L. starkeyi through the biodegradation processes 

The lipid contents of L. starkeyi cultured in POME are reported in Table 6.3. The 

experimental data show that the highest amount (21.29%) of intracellular lipids was 

obtained using the 50% dilution of POME. However, further dilution of POME (25%) 

did not show any significant enhancement. The minimum levels of biomass wt., lipid 

content and lipid yield were observed when using undiluted (100%) POME due to the 

higher amounts of inhibitors. 

Table 6.3 Lipid accumulation of L. starkeyi, cultured in different concentrations of 

POME. 

POME 

sample 

Dry biomass 

(g/L) 
Lipid (g/L) 

Lipid content 

(wt.%, dry weight 

basis) 

Lipid 

productivity 

(g/L/day) 

25% 6.60 ± 0.18 1.02 ± 0.11 15.45 ± 0.33 0.20 

50% 7.61 ± 0.23 1.62 ± 0.08 21.29 ± 0.82 0.32 

75% 6.73 ± 0.21 0.94 ± 0.10 13.97 ± 0.30 0.19 

100% 4.30 ± 0.11 0.32 ± 0.06 7.44 ± 0.25 0.06 



 145 

These results can be correlated with the growth profiles (Chapter 4, Figure 4.4) 

of L. starkeyi, showing similar effects of the dilution factor. Lipid accumulation in L. 

starkeyi is influenced by its growth and the C/N ratio (Yousuf et al., 2010). The higher 

amounts of lipid extracted from the 50% POME might be due to the cogent presence of 

the C/N ratio as described above. Louhasakul et al. (2016) found a lipid concentration of 

1.15 g/L for two-fold diluted POME using Yarrowia lipolytica. They were able to 

increase the lipid concentration up to 1.64 g/L for undiluted POME by adding a 

commercial N-source such as ammonium sulphate. However, in the present study, a lipid 

concentration of up to 1.62 g/L was obtained without the addition of any external or 

commercial nutrient sources. There are some other studies describing the use of POME 

as a substrate to produce microbial lipids, and their results are summarized in Table 6.4.  

Although the growth of L. starkeyi biomass was relatively low in this study 

compared to others with various yeast strains, which is reviewed in Table 6.4, the lipid 

content was quite high in most cases. The literature suggests that the accumulation of 

microbial lipids depends on cultivation conditions (Yousuf et al., 2010), as well as the 

physiology and the production of secondary metabolites (Beopoulos et al., 2009). This 

could explain the difference in lipid accumulation results from the present study.  

Moreover, lipid accumulation in yeasts and molds is affected by nitrogen and 

carbon sources, C/N ratio, temperature, agitation, and pH of the medium (Back et al., 

2016). However, some of these factors (C/N ratio, temperature and agitation) were not 

considered in this study and will be addressed in future studies to maximize lipid 

accumulation.  
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Table 6.4 Performance of oleaginous yeasts to produce microbial lipid from 

POME. 

Microorganisms 
Culture 

conditions 

Biomass 

(g/L) 

Lipid 

(g/L) 

Lipid 

content 

(wt%) 

References 

Y. lipolytica 
Two-fold 
diluted 
effluent 

3.79 ± 
0.04 

1.15 ± 
0.11 

30.34 ± 
1.45 

(Louhasakul 
et al., 2016) 

Y. lipolytica 

un-
diluted 
effluent 
+nitrogen 
source 

5.68 ± 
0.32 

1.64 ± 
0.03 

28.87 ± 
0.26 

(Louhasakul 
et al., 2016) 

Candida silvae 
POME 
(90%v/v) 

11.71 ± 
0.8 

1.85 
15.81 ± 
1.9 

(Marjakangas 
et al., 2015) 

Galactomyces 
geotrichum 

POME 
(90%v/v) 

10.92 ± 
0.5 

0.81 7.42 ± 1.4 
(Marjakangas 
et al., 2015) 

Lecythophora 
hoffmannii 

POME 
(90%v/v) 

13.01 ± 
0.5 

1.22 9.42 ± 1.3 
(Marjakangas 
et al., 2015) 

Graphium 
penicillioides 

POME 
(90%v/v) 

12.91 ± 
0.1 

2.37 
18.41 ± 
1.0 

(Marjakangas 
et al., 2015) 

L. starkeyi 
POME 
(50% 
v/v) 

7.61 ± 
0.23 

1.62 ± 
0.08 

21.29 ± 
0.82 

Present study 

It is important to note that the carbon substrate feedstock constitutes a major part 

of the production cost in the accumulation of microbial lipids, (Srinophakun et al., 2017). 

Moreover, in accordance with green energy, closed-loop system and zero-waste 

utilization principles, industrial waste should be exploited to produce value added 

products (Srinophakun et al., 2017) because the bioconversion of such wastes to lipids 

could reduce lipid production cost and, simultaneously, rid the environment of highly 

polluted wastes (Arous et al., 2016). Therefore, a wide variety of low-cost raw materials 

such as olive oil mill wastewater (Yousuf et al., 2010), agro industrial wastewater (Arous 

et al., 2016), winery wastewater (Salgado et al., 2016), and dairy industry wastewater 

(Pirozzi et al., 2013) have gained renewed attention as feedstock for microbial lipid 

production. The results of the present study suggest that POME can be a promising 

feedstock for large scale microbial lipid production.  
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Figure 6.4 The visualization of L. starkeyi cell by FESEM (a) before and (b) after EP 

treatment. 

The cell disruption during the lipid extraction process was visualized under the 

FESEM, as presented in Figure 6.4. It is clearly seen in the FESEM image that EP 

damaged the microbial cells during the lipid extraction process. Direct transesterification 

was conducted to analyse the composition of lipids in terms of FAME. The lipid-

composition profile (Figure 6.5) reveals that L. starkeyi mainly accumulated long-chain 

fatty acids with 16 and 18 carbon atoms. The predominant fatty acids were palmitic acid 

(C16:0), stearic acid (C18:0) and oleic acid (C18:1). Louhasakul et al. (2016) reported 

similar fatty acid content when they cultured the yeast species Y. lipolytica in POME. 

They found oleic acid (C18:1) as the most dominant fatty acid followed by linoleic acid 

(C18:2) and palmitic acid (C16:0). Although, Huang et al. (2011) observed the 

dominance of myristic acid (C14:0) when L. starkeyi was cultured in fish meal 

wastewater, but this accumulation occurred due to the supplementation of glucose and 

yeast extract. A similar pattern was observed with the fatty acids produced by Mortierella 

isabellina, where oleic acid (C18:1) was the predominant fatty acid followed by palmitic 

acid (C16:0) (Harde et al., 2016).  
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Figure 6.5 Composition of lipid in terms of Fatty acid methyl esters, accumulated by 

L. starkeyi in POME. 

Generally, fats and fatty acids from animal and plant sources are unacceptable to 

some sections of the society due to the conflict of food vs fuel. Therefore, it is quite 

advantageous that oleaginous microorganisms are capable of producing a wide range of 

polyunsaturated fatty acids, similar to plant oils, and could reduce pressure to use food 

sources (Pleissner et al., 2017). In this study, a potential microbial lipid production 

process is proposed for large scale production and easy recovery of fatty acids and 

biodiesel synthesis. In addition, the fatty acid profile shows high amounts of saturated 

fatty acids and mono-unsaturated fatty acids and low values of linolenic acid in the 

harvested microbial oils, indicating the system's suitability to produce high-quality 

biodiesel (Tsolcha et al., 2017). Therefore, the results of this study suggest that combining 

wastewater treatment with microbial biodiesel production can greatly lessen the financial 

pressure of biodiesel production and reduce environmental hazards. 

6.4 Lipid accumulation by the co-culture of B. cereus and L. starkeyi  

The biomass growth and lipid accumulation performance of B. cereus, L. starkeyi 

and their co-culture were studied in the 50% POME during 144 h of treatment and is 

presented in Figure 6.6. It is interesting to note that the highest biomass and lipid 
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accumulation were obtained for co-culture inoculum than the monocultures. In the 

monocultures, B. cereus achieved a higher biomass growth, but a lower amount of lipids 

compared to L. starkeyi.  

 

Figure 6.6  (a) Biomass production, and (b) lipid accumulation performance by 

different inoculums during 144 h of cultivation in the 50% POME. 

As can be seen from Figure 6.6a, the biomass production followed a similar trend 

for all inoculums (co-culture and monocultures) where they increased drastically during 

the first 72 h, and thereafter gradually increased until the end. However, they showed 

some incurving behavior after 96 h which could be interpreted as a tendency to reach a 

plateau. As depicted in Figure 6.6b, the lipid accumulation was considerably increased 

with the time. However, three different stages were found in lipid accumulation. In first 

stage (0-48 h), lipid accumulation was slow, can be called lag phase; lipid accumulation 

exponentially increased in the second phase (48-96 h); lipid accumulation reached a 

plateau in the third stage (96-144 h). Lipid accumulation reached a plateau in different 

time depending on the inoculums. The highest lipid of 1.46 g/L was produced on day 6 

by B. cereus, whereas L. starkeyi produced a maximum lipid of 1.62 g/L on day 5, and 

then decreased to 1.55 g/L. It was observed that the co-culture inoculum obtained 1.5 

times higher lipid accumulation compared to the monocultures. It is apparent that the 

maximum lipid production of 2.21 g/L was achieved by co-culture inoculum on day 5, 

thereafter gradually decreased to 2.11 g/L on day 6. The highest biomass and lipid 

accumulation achieved by B. cereus, L. starkeyi and co-culture inoculum are presented 

in Table 6.5. 
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Table 6.5 Total biomass and lipid accumulation of different inoculum in the 50% 

POME. 

Inoculum 

Dry 

biomass 

(g/L) 

Lipid 

(g/L) 

Lipid content 

(wt.%, dry weight 

basis) 

Lipid productivity 

(g/L/day) 

B. cereus 8.09 ± 0.36 
1.46 ± 

0.05 
18.04 ± 0.97 0.24 

L. starkeyi 7.61 ± 0.23 
1.62 ± 

0.08 
21.29 ± 0.82 0.32 

Co-culture 9.16 ± 0.41 
2.21 ± 

0.10 
24.12 ± 0.93 0.44 

The co-culture of B. cereus and L. starkeyi accumulated higher lipid compared to 

the single cultures could be ascribed to the synergistic interaction between B. cereus and 

L. starkeyi which substantially enhanced the growth and biomass production by the co-

culture (Cai et al., 2007). The synergistic interactions between these two microbes could 

have enhance their metabolic abilities hence a higher biomass growth was achieved by 

the co-culture than that of monocultures (El-Masry et al., 2004). Furthermore, the co-

culture inoculum would have reduced carbon and nitrogen earlier than monocultures, and 

subsequently, such nitrogen limitation facilitated faster lipid accumulation (Cheah et al., 

2018c; Chen et al., 2015) by the co-culture. 

The lipid accumulation was increased simultaneously with the increase in 

biomass production as a function of incubation time. However, the rate of lipid 

accumulation was slow during the first 48 h because the microorganisms utilize their 

metabolic energy to grow in nutrition rich condition rather that lipid accumulation. After 

day 4, the cell growth was observed to decrease and there was no significant enhancement 

in the biomass production. This might be resulted from the depletion of the nutrients in 

the culture medium. However, lipid accumulation was increased significantly at the same 

time, and reached a plateau on day 5. It is worth noting here that the lipid accumulation 

was higher and faster for the co-culture than the pure cultures as biomass concentration 

was higher. A decrease in lipid production after day 5, could be due to the degradation of 

storage lipids by microbes. This fact is well established that the oleaginous 

microorganisms usually seen to reserve lipids during the growth and nitrogen starvation 

phase and degrade it under carbon starvation conditions (Cheirsilp et al., 2011; Fakas et 
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al., 2007; Karim et al., 2019). In conclusion we could declare that, this mixed culture 

strategy led to significant improvements in growth and biomass concentration, and 

consequently, higher lipid production was achieved because the mixed culture inoculum 

effectively utilized a broad range of compounds from the POME wastewater and 

contributing to creation of carbon and nitrogen depletion stage earlier than monocultures, 

and subsequently, nitrogen limitation triggers the lipid accumulation (Cheah et al., 2018c; 

Chen et al., 2015). 

Table 6.6 Performance of co-culture to produce microbial lipids from wastewater. 

Strains 
Co-culture 

consortia 
Substrates 

Biomass 

(g/L) 

Lipid 

(g/L) 

Lipid 

content 

(wt.%) 

References 

Pseudomonas sp. 

on C. sorokiniana 

CY-1 

Microalgae-

bacteria, 1:1 

30% (v/v) 

POME, 5 

days 

2.04 0.33 16.04 
(Cheah et 

al., 2018c) 

R. gultinis and C. 

vulgaris 

Yeast-

microalgae, 

1:1 

Sugar cane 

plant 

wastewater 

(molasses), 

7 days 

4.63 2.88 - 

(Cheirsilp 

et al., 

2011) 

Scenedesmus 

obliquus with 

Pseudomonas sp. 

Microalgae-

bacteria, 2:1 

BG11 

medium, 10 

days 

2.96 0.68 21.10 
(Wang et 

al., 2015a) 

Rhizobium 

radiobacter and 

C. vulgaris 

Bacteria-

microalgae, 

0.3 

BG11 

medium, 12 

days 

- - 25.80 
(Wang et 

al., 2015b) 

B. cereus and L. 

starkeyi 

Bacteria-

yeast, 1:1 

50% 

POME, 5 

days 

9.16 2.21 24.12  
Present 

study 

The lipid accumulation performance of this study has been compared with some 

other co-cultures and is presented in Table 6.6. As displayed in Table 6.6, the efficiency 

of the co-culture (in the present study) is comparable with different co-cultures reported 

by some recent studies. The higher lipid accumulation the two species used in this study 

might have symbiotic mutualism (Cai et al., 2007). Therefore, yeast and bacteria co-

culture could be considered as effective inoculum for microbial lipid accumulation. 

However, Cheirsilp et al. (2011) achieved comparatively higher lipid accumulation (2.88 

mg/L) using yeast and microalgae co-culture and sugar cane plant wastewater (molasses) 

as feed. This might be due to the higher concentration of sugars (contained 62% of total 
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sugar) in the substrate. In contrast, POME is a complex substrate, that was used in our 

study without addition of any commercial nutrients. Moreover, the result reported in their 

study was achieved in an optimized condition.  

 

 

Figure 6.7 Composition of lipid in terms of Fatty acid methyl esters, accumulated by 

a co-culture of B. cereus and L. starkeyi in POME. 

The lipid accumulated by B. cereus and L. starkeyi was converted to FAME, and 

the long chain fatty acids, namely undecanoic acid (C11:0), pentadecanoic acid (C15:0), 

palmitic acid (C16:0), stearic acid (C18:0), oleic acid (C18:1) and linoleic acid (C18:2), 

were found to be predominant which indicates their potential as a biodiesel feedstock 

(Figure 6.7). It can be observed that the majority of fatty acids obtained in the co-culture 

were C16 and C18, which have been identified as best suited for biofuel production (Ojo 

et al., 2015). Biolipid produced by co-culture cultivated in POME are then suitable 

biodiesel candidate as it has great biodiesel properties with high percentages of C16:0 

and C18:1 obtained in the study. Higher percentage of C16 increases heating value and 

cetane number, meanwhile C18 exhibits higher oxidative stability with better storage 

capacity (Nur, 2014). Furthermore, C18:1 and C18:2 helps in mixing of fuel and air, 

reducing ignition delay period and thus improve combustion efficiency (Zhang et al., 

2018). Nevertheless, some polyunsaturated fatty acids (such as C20:2, C20:5) were 

obtained from the co-culture, which indicated its potential towards the production of other 
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bioproducts (Rodolfi et al., 2017). The economic feasibility could be further improved 

through biorefinery of expensive bioproducts like polyhydroxyalkanoates (PHA), 

polyhydroxy butyrate (PHB), pharmaceuticals, byproducts recycling, reuse of glycerol 

produced after transesterification (Cheah et al., 2018a) or incorporation of biogas 

production from residual lipid extracted biomass (Sapci & Morken, 2014).  

In conclusion, the co-culture of a bacteria and yeast was evaluated as an effective 

inoculum in terms of its intracellular lipid accumulation capability. The co-culture 

inoculum achieved significantly higher lipid accumulation (2.21 g/L) with a higher 

productivity (0.44 g/L/day) than that of monocultures. In monocultures, the yeast strain 

L. starkeyi was more efficient for lipid production than the bacterial strain B. cereus. On 

the other hand, B. cereus accumulated a significantly higher biomass (8.09 g/L) and lipid 

content (1.46 g/L) than the other bacterial strains, such as R. opacus and P. aeruginosa. 

The overall findings of this research work suggest that the co-culture inoculum could be 

a potential inoculum for enhancing lipid accumulation through the bioremediation of 

POME. Additional engineering design, research and optimization studies are required to 

enhance biomass production rates to levels sufficient for economic and sustainable lipid 

production through the remediation of POME and pursue both environmental resilience 

and an eco-friendly method for biofuel production.
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CHAPTER 7      

OPTIMIZATION OF YEAST AND BACTERIA CO-CULTURE FOR LIPID 

ACCUMULATION AND BIOREMEDIATION OF POME USING RESPONSE 

SURFACE METHODOLOGY 

7.1 Introduction 

In the present chapter, the optimization of some operational conditions such as 

pH, temperature, and time with co-culture inoculum compositions was performed using 

CCD to maximize the lipid production as well COD removal efficiency. The statistical 

model used to predict the performance of lipid accumulation and COD removal efficiency 

of the co-culture of B. cereus and L. starkeyi using RSM is discussed in this section. The 

data was analysed using Design Expert (Version-7.1.6). The functions were optimized 

for the lipid production performance and COD removal efficiency. 

7.2 Development of regression model analysis 

Under the experimental conditions of CCD, several experiments were conducted 

with a different combination of parameters to study the interactive effects of independent 

variables (Figures 7.1, A5 and Tables 7.1, 7.2, A2). The COD removal efficiency and 

lipid accumulation data were fitted using a quadratic model. The predicted data and 

experimental data were very close to each other and distributed symmetrically, indicating 

that the good agreement between actual and predicted data for both COD removal 

efficiency and lipid accumulation. This result ascribed that the applied models were 

acceptable to predict the responses (the COD removal and lipid accumulation efficiency).  
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Figure 7.1 Perturbation plot illustrating the interactions of the independent variables 

using different combination of parameters for a) COD removal efficiency and b) lipid 

accumulation. Where, A, B, C, and D are representing the inoculum compositions, 

medium pH, incubation temperature, and cultivation time, respectively. 
 

The interactive effect of inoculum composition, medium pH, incubation 

temperature, and cultivation time, on the COD removal and lipid accumulation 

performance over operation period are illustrated in Figure 7.1. The effect of responses 

can be observed by the variations in the variables that are varied away from the single 

reference point when one variable remains constant. The perturbation plot Figure 7.1b 

showed that, inoculum composition, medium pH and incubation temperature have 

significant impact on lipid production, where the effects of all the variables at the center 

point in the design space are compared.  

Table 7.1 Variables used in the fermentation of POME for COD removal and lipid 

accumulation. 

Variables 

Levels 

-2 -1 0 +1 +2 

Concentration of inoculum A (%), 

x1 

10 30 50 70 90 

pH, x2 5.5 6.0 6.5 7.0 7.5 

Temperature (℃), x3 27.5 30.0 32.5 35.0 37.5 

Incubation time (h), x4 70 80 90 100 110 
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Similar profile was observed in case of COD removal, (Figure 7.1a), a steep 

curvature in inoculum composition, ‘A’ curve, suggests that COD removal is sensitive to 

this factor.  The comparatively slightly-flat; B’ and ‘C’ curve shows slight lower sensitive 

than ‘A’ to COD removal. It is clear from the perturbation plot that inoculum composition 

has comparatively more significant factor to influence lipid yield as well as COD 

removal. The independent variables used for the COD removal and lipid accumulation 

are showed in Table 7.1. It was observed that the COD removal efficiency and lipid 

accumulation data were fitted using a quadratic model. The high R2 values (close to 1) 

for the model suggesting the experimental data were adjusted with the model (Ghafari et 

al., 2009).  

Table 7.2 Central composite design (coded values) to maximize the COD removal 

and lipid accumulation using a co-culture inoculum. 

Run No. x1 x2 x3 x4 y1 y2 
1 0.000 0.000 0.000 0.000 85 2.81 
2 -1.000 1.000 -1.000 -1.000 73 2.05 
3 0.000 0.000 2.000 0.000 80 1.97 
4 0.000 -2.000 0.000 0.000 74 1.76 
5 2.000 0.000 0.000 0.000 75 1.13 
6 -1.000 1.000 -1.000 1.000 78 2.18 
7 0.000 0.000 0.000 0.000 83 2.77 
8 -1.000 -1.000 -1.000 1.000 81 2.25 
9 1.000 1.000 1.000 1.000 82 1.58 
10 1.000 1.000 1.000 -1.000 75 1.14 
11 -1.000 -1.000 -1.000 -1.000 73 1.67 
12 -1.000 -1.000 1.000 -1.000 76 1.99 
13 -1.000 1.000 1.000 -1.000 80 1.14 
14 0.000 2.000 0.000 0.000 83 1.57 
15 0.000 0.000 0.000 0.000 84 2.8 
16 1.000 -1.000 1.000 -1.000 80 1.58 
17 1.000 -1.000 1.000 1.000 82 1.78 
18 -1.000 1.000 1.000 1.000 82 1.48 
19 1.000 -1.000 -1.000 -1.000 73 1.25 
20 1.000 -1.000 -1.000 1.000 78 1.55 
21 -1.000 -1.000 1.000 1.000 81 1.76 
22 0.000 0.000 0.000 0.000 82 2.71 
23 0.000 0.000 0.000 0.000 83 2.76 
24 -2.000 0.000 0.000 0.000 73 1.25 
25 0.000 0.000 0.000 -2.000 75 1.56 
26 0.000 0.000 0.000 2.000 86 2.89 
27 1.000 1.000 -1.000 1.000 79 1.25 
28 0.000 0.000 -2.000 0.000 70 1.37 
29 0.000 0.000 0.000 0.000 85 2.8 
30 1.000 1.000 -1.000 -1.000 73 1.16 

x1=Concentration of inoculum A (%); x2=pH; x3=Temperature (℃); x4=Incubation time (h); y1=COD 

removal (%); y2=Lipid accumulation (g/L).  



 157 

The empirical relationship between responses (COD removal efficiency and lipid 

accumulation) and the coded variables were analyzed using the equations given below, 

Equation 7.1, and Equation 7.2. 

COD removal efficiency (Coded)= 83.67 + 0.083 × 𝑥1+ 0.67 ×
𝑥2+2.08 × 𝑥3+ 2.58 × 𝑥4− 0.37 × 𝑥1 × 𝑥2+ 0.13 × 𝑥1 × 𝑥3+ 0.000 ×

𝑥1 × 𝑥4+ 0.13 × 𝑥2 × 𝑥3+ 0.000 × 𝑥2 × 𝑥4− 0.50 × 𝑥3 × 𝑥4− 2.27 ×
𝑥1

2−1.15 × 𝑥2
2−2.02 × 𝑥3

2−0.65 × 𝑥4
2 

 

7.1 

Lipid accumulation (Coded)= 2.78 − 0.14 × 𝑥1− 0.093 × 𝑥2+ 0.012 ×
𝑥3+ 0.19 × 𝑥4− 0.13 × 𝑥1 × 𝑥2+ 0.17 × 𝑥1 × 𝑥3+ 0.013 × 𝑥1 ×

𝑥4− 0.11 × 𝑥2 × 𝑥3+ 9.375𝐸 − 003 × 𝑥2 × 𝑥4− 0.022 × 𝑥3 ×
𝑥4− 0.41 × 𝑥1

2−0.29 × 𝑥2
2−0.29 × 𝑥3

2−0.15 × 𝑥4
2 

7.2 

The experimental and predicted values for COD removal efficiency and lipid 

accumulation are presented in Figure 7.2. As apparent from Figure 7.2, the predicted data 

and experimental data were very close to each other and distributed symmetrically, which 

indicating that the good agreement between actual and predicted data for both the COD 

removal efficiency and lipid accumulation (Figures 7.2a-b). This result ascribed that the 

applied models were acceptable to predict the responses (the COD removal and lipid 

accumulation efficiency). 

 

Figure 7.2 Maximum performance between predicted vs actual values (a) COD 

removal efficiency, (b) lipid accumulation. 
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7.3 Statistical analysis 

The ANOVA table of models for the COD removal efficiency and lipid 

accumulation are shown in Table 7.2. The F-values of the x and y axes were determined 

from the model in the case of COD removal efficiency (7.85) and lipid accumulation 

(10.28), which ascribes that the models are substantially accurate and significant. 

Moreover, the adj-R2 values were observed as 0.7678 and 0.8175 for COD removal 

efficiency and lipid accumulation, respectively. The higher values of adj-R2 indicate that 

the model was developed using adequate data hence the prediction of model was reliable 

to obtain accurate performance. Here it can be noted that the pred-R2 values for COD 

removal efficiency and lipid accumulation were observed as 0.3622 and 0.4591, 

respectively. In addition, the higher adeqaute precision values of 9.693 and 10.604 for 

COD removal efficiency and lipid accumulation respectively, indicate an adequate signal 

and therefore, this model can be used to navigate the design space. Nevertheless, the high 

R2 values (close to 1) for the model suggesting the experimental data were adjusted with 

the model. The higher R2 values for COD removal efficiency (R2, 0.8799) and lipid 

accumulation (R2, 0.9056) confirming the model successfully explained the relationship 

between variable parameters and operational conditions accurately. The R2 values for 

COD removal efficiency lipid accumulation indicate that 87.99% and 90.56% of the 

variability in response could be explained by these fitted models. 



 159 

7.4 Chemical oxygen demand removal efficiency 

 

Figure 7.3 Three-dimensional response surface plots showing the relationship 

between (a) pH and inoculum composition, (b) temperature and inoculum composition, 

(c) cultivation time and inoculum composition. 

The effect of targeted operational parameters such as inoculum composition, pH, 

temperature, and time on the COD removal efficiency are presented in Figures 7.3a-c and 

7.4a-c. As can be seen from the figures, the COD removal efficiency increased from pH 

of 6.0 to 6.5 and the highest COD removal was obtained at pH ~6.5. Likewise, the COD 

removal efficiency was improved by increasing the temperature from 30.0 ℃ to 32.5 ℃, 

and the maximum COD removal efficiency was achieved at 32.5 ℃. Nevertheless, further 

increasing in the pH and temperature substantially reduced the COD removal efficiency. 

Besides, the inoculum composition also significantly influences on the COD removal 

efficiency. The COD removal efficiency enhanced with the increasing concentration of 

inoculum A (B. cereus) from 30% to 50%, then started to decrease and further increased 

to 70%. Interestingly, the equal ratio of both microbes obtained highest COD removal 

efficiency. On the other hand, the COD removal efficiency enhanced with the function 

of cultivation time and reached the plateau after 90 h of operation.  
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Figure 7.4 Three-dimensional response surface plots showing the relationship 

between (a) temperature and pH, (b) cultivation time and pH, (c) cultivation time and 

temperature. 
 

ANOVA analysis for quadric model of COD removal efficiency is presented in 

Table 7.3. The P values of the co-efficients of the model indicate the significance (P < 

0.05). The P value of the model (0.0001) showed the model was very significant. The 

linear term temperature (x3: 0.0003), time (x4: < 0.0001) were also significant whereas 

the quadratic effect of inoculum composition (x1
2: <0.0001), pH (x2

2: 0.0142), and  

temperature (x3
2: 0.0002) were found to be very significant. However, the interactions of 

the four manipulated variables were not significant to COD removal efficiency.  
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Table 7.3 Analysis of variance (ANOVA) for quadric model of COD removal 

efficiency. 

 

Source Sum of 

Squares 

Degree of 

freedom 

(DF) 

Mean 

Square 

F-

Value 

p-value 

Prob > F 

Clarification 

Model 514.55 14 36.75 7.85 0.0001 significant 

x1-

Concentration 

of A 

0.17 1 0.17 0.036 0.8529  

x2-pH 10.67 1 10.67 2.28 0.1520  

x3-

Temperature 

104.17 1 104.17 22.24 0.0003  

x4-Time  160.17 1 160.17 34.20 < 0.0001  

x1x2 2.25 1 2.25 0.48 0.4988  

x1x3 0.25 1 0.25 0.053 0.8204  

x1x4 0.000 1 0.000 0.000 1.0000  

x2x3 0.25 1 0.25 0.053 0.8204  

x2x4 0.000 1 0.000 0.000 1.0000  

x3x4 4.00 1 4.00 0.85 0.3700  

x1^2 141.44 1 141.44 30.20 < 0.0001  

x2^2 36.01 1 36.01 7.69 0.0142  

x3^2 112.01 1 112.01 23.92 0.0002  

x4^2 11.44 1 11.44 2.44 0.1389  

Residual 70.25 15 4.68    

Lack of Fit 62.92 10 6.29 4.29 0.0608 not 

significant 

Pure Error 7.33 5 1.47    

Core Total 584.80 29     

 

 

 

 

 



 162 

7.5 Lipid accumulation capacity 

 

Figure 7.5 Three-dimensional response surface plots showing the relationship 

between (a) pH and inoculum composition, (b) temperature and inoculum composition, 

(c) cultivation time and inoculum composition. 

The interaction between dependent and independent parameters has been 

analysed with the 3D response curves. The lipid accumulation was varied by modifying 

operational parameters (i.e., inoculum composition, pH, temperature, and time) as 

presented in Figures 7.5a-c and 7.6a-c. It is apparently seen that the inoculum 

composition, pH, and incubation time significantly influenced lipid accumulation. The 

equivalent concentration (50:50) of yeast and bacteria seems to be an optimum ratio for 

obtaining maximum lipid production. Besides, the lipid accumulation increased with the 

augmenting temperature, but the temperature above 32.5 ℃ showed the descending trend. 

The lipid accumulation increased when raising the pH from 6.0 to 6.5; and the maximum 

lipid accumulation was obtained at pH ~6.5. However, further increment in pH negatively 

affected on the upward trend of lipid accumulation. Likewise, the incubation time 

maintained a positive correlation on lipid accumulation while the maximum lipid 
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accumulation was reached after 90 h of operation; but subsequently the lipid 

accumulation showed a quasi-steady fashion.  

 

Figure 7.6 Three-dimensional response surface plots showing the relationship 

between (a) temperature and pH, (b) cultivation time and pH, (c) cultivation time and 

temperature. 
 

ANOVA analysis for quadric model of lipid accumulation performance is 

presented in Table 7.4. The P values of the co-efficients of the model indicate the 

significance (P < 0.05). The P value of the model (< 0.0001) showed the model was very 

significant. The linear term inoculum composition (x1: 0.0146), pH (x2: 0.0423), and time 

(x4: 0.0027) were also significant whereas the quadratic effect of all four variables such 

as  inoculum composition (x1
2: <0.0001), pH (x2

2: < 0.0001), and  temperature (x3
2: < 

0.0001), and time (x4
2: 0.0079) were found to be very significant. Moreover, On assessing 

interactions between the manipulated experimental variables, the P values of cross-terms 

provide some insights, as they do regarding effects of each single variable by itself. The 

interactions of the inoculum composition and temperature (x1x3: 0.0208) was significant 

to lipid accumulation performance. 
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Table 7.4 Analysis of variance (ANOVA) for quadric model of lipid accumulation. 

Source Sum of 

Squares 

Degree of 

freedom 

(DF) 

Mean 

Square 

F-

Value 

p-value 

Prob > F 

Clarification 

Model 9.47 14 0.68 10.28 < 0.0001 significant 

x1-

Concentration 

of A 

0.50 1 0.50 7.62 0.0146  

x2-pH 0.21 1 0.21 3.15 0.0423  

x3-

Temperature 

3.504E-

003 

1 3.504E-

003 

0.053 0.8206  

x4-Time  0.85 1 0.85 12.87 0.0027  

x1x2 2.756E-

003 

1 2.756E-

003 

0.042 0.8406  

x1x3 0.44 1 0.44 6.67 0.0208  

x1x4 2.756E-

003 

1 2.756E-

003 

0.042 0.8406  

x2x3 0.18 1 0.18 2.71 0.1204  

x2x4 1.406E-

003 

1 1.406E-

003 

0.021 0.8857  

x3x4 7.656E-

003 

1 7.656E-

003 

0.12 0.7378  

x1^2 4.58 1 4.58 69.58 < 0.0001  

x2^2 2.31 1 2.31 35.02 < 0.0001  

x3^2 2.29 1 2.29 34.72 < 0.0001  

x4^2 0.62 1 0.62 9.36 0.0079  

Residual 0.99 15 0.066    

Lack of Fit 0.98 10 0.098 70.54 < 0.0001 significant 

Pure Error 6.950E-

003 

5 1.390E-

003 

   

Core Total 10.46 29     
 

Based on mathematical equations, individual parameters were optimized to get 

optimum performance of COD removal efficiency and lipid accumulation. The optimum 

parameters are shown in Table 7.5. According to Table 7.5, the maximum performance 

can be achieved while the inoculum composition, pH, temperature, and incubation time 

would be 50:50, 6.50, 32.5 ℃ and 90 h, respectively. Under these conditions, the model 

estimated that the maximum lipid accumulation efficiency would be 2.95 g/L while the 

maximum COD removal efficiency would be 86.54%. To justify the model prediction, 

an experiment was conducted in three replicates by following model given operational 

parameters. At optimized process parameters, we observed that the COD removal 

efficiency and lipid accumulation were 84.57% and 2.81 g/L respectively, with error 
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values (2.28 and 4.75, respectively) between predicted and experimental results. The 

validation confirmed a good agreement between predicted responses and experimental 

results. Hence, this model could be applied to predict the performance of co-culture 

inoculated reactor with varying operational conditions. 

Table 7.5 The best operational conditions for the process and experimental results 

to confirm optimization capability. 

Factors 
Desirabi

lity 

Response a 

COD removal (%) Lipid accumulation (g/L) 

x1 

(%) 
x2 x3 

(℃) 

x4 

(h) 
0.928 Predict

ion 
Actua

l 
Error 
(%) b 

Predicti
on 

Actua
l 

Error 
(%) b 

50 6.50 32.50 90 86.54 84.57 
± 

2.35 

2.28 2.95 2.81 
± 

0.32 

4.75 

a= Observed response value: mean± S.D. (n=3), b = [difference between predicted value and actual 

value/Predicted value] × 100 

7.6 Discussion 

The effect of operational parameters such as pH, inoculum composition, time, and 

temperature on the performance of lipid accumulation and wastewater treatment (COD 

removal) were optimized using RSM. Recently, the co-culture inoculums have gained 

attention from the researchers for enhancing lipid production because the collective 

output of co-culture is usually higher than that of the monoculture systems (Islam et al., 

2018a; Kim et al., 2016; Venkataraman et al., 2011). In the present study, different ratios 

of both microbes were investigated to have highest performance in the lipid accumulation 

and COD removal efficiency. However, among them, the equivalent concentration 

(50:50) of both microbes achieved the highest performance compared to other ratios. This 

might be due to the synergistic interaction between two microbes. Indeed, the ratio of 

inoculum greatly influences the microbial synergistic interaction as well as lipid 

accumulation. For instance, the higher biomass (2.04 g/L) and productivity (185.71 

mg/L/d) were attained by co-cultivation of C. sorokiniana CY-1 and Pseudomonas sp. 

with a ratio of 1:1 in the POME. At this inoculum ratio, lipid content (16.04%) was about 

two fold higher than other ratios of 2:1 or 1:2. Similarly, Cheirsilp et al. (2011) obtained 

higher lipid production (2.88 ± 0.16 g/L) and COD removal (79.0 ± 1.1%) using a co-

culture of microalga C. vulgaris and yeast R. glutinis in the ratio of 1:1 (Cheah et al., 

2018c). In another study, the ratio of 0.20–0.25 for bacteria and microalgae was observed 

as optimum culture conditions to obtain maximum lipid accumulation (Wang et al., 
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2015b). Therefore, it can be said that the inoculum composition significantly influences 

on the microbial growth and lipid accumulation.  

The initial pH of the fermentation medium is an important environmental factor 

for biomass formation as well as lipid production. This is because the initial medium pH 

found to have significant effects on the cell growth and products formation (Abdelhamid 

et al., 2019; Shoaib et al., 2018). It has been reported that the H+ concentration severely 

influences the growth and sporulation process of microbes (Lilly & Barnett, 1951). 

Besides, the external pH of the medium may affect the plasma membrane permeability; 

consequently, the change of the external pH affects the membrane osmosis towards the 

absorption of the different ions and nutrients from the surrounding medium (Shoaib et 

al., 2018). The effect of medium pH on the performance of lipid accumulation has already 

been reported in many studies (Abdelhamid et al., 2019; Cheirsilp et al., 2011; Shoaib et 

al., 2018). Generally, the microbes require a pH close to neutral for their optimal growth. 

In our study, it was observed that lipid accumulation improved with the increase in initial 

pH from 5.5 to 6.5, and then slowly decreased for further enhancement to 7.5. This could 

be due to the smaller biomass growth in increased medium pH. Because the consumption 

or breakdown of phenolic compounds of POME by L. starkeyi could leads to the 

formation of hydroxide ions (Islam et al., 2018c), and pH was increased as a function of 

the fermentation time. Consequently, the pH of the medium would have been reached to 

a basic condition faster and inhibited the microbial growth. In some other studies, it was 

shown that the acidity was also playing an inhibitory role in lipid accumulation as it 

negatively influences the microbial cell growth as well as the metabolism (Sadabad & 

Gholikandi, 2017). Zhao et al. (2017) showed that the maximum growth of Lactobacillus 

bacteria was at an initial pH of 6.5, however, pH below 5.0 was not favorable for the 

growth of bacteria. In the case of yeast, the growth was maximum at pH 6.0, but similar 

growth was observed at pH 5.5 (Zhao et al., 2017). Therefore, it is concluded that the 

neutral pH is imperative to achieve optimal microbial growth as well higher COD 

removal and lipid accumulation. 

Nevertheless, the incubation temperature significantly influenced on the biomass 

formation and lipid accumulation. The results of several previous studies indicated that 

growth of biomass as well as lipid accumulation was enhanced with increasing incubation 

temperature from 25 °C to 35 °C (Ali et al., 2017; Shoaib et al., 2018). This might be due 
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to the optimum growth temperature of (Abdelhamid et al., 2019). We found that the COD 

removal efficiency and lipid production increases with augumenting the incubation 

temperature from 27.5 ℃ to 32.5 ℃, and gradually decrease at incubation temperatures 

higher than 32.5 °C. Our results were in accordance with Zhao et al. (2017) that the 

optimum temperatures for both bacteria and yeast were observed at 28-32 °C, and they 

obtained the highest growth rate at 31°C using a co-culture of yeast and bacteria. In a 

recent study by Subhash and Mohan (2014), a temperature of 30 ℃ was found to be 

suitable for growth and lipid accumulation by oleaginous fungus A. awamori. The 

maximum lipid production (39.0 ± 1.43% lipid/dry biomass) was observed at 30 °C for 

P. brevicompactum NRC 829, while a lower biomass and lipid production was observed 

at increasing or decreasing incubation temperature (Ali et al., 2017). 

The incubation time had a great impact on the performance of biomass growth 

and lipid accumulation as well as COD removal. The fact that the COD removal 

efficiency drastically increased in the initial period of operation might be due to the faster 

growth of microbes. But, after a few days (3 to 4 days), the growth of microbes reached 

the stationary phase therefore the COD removal efficiency become quasi constant. The 

COD removal remained almost unchanged after four days, attributed to the fact that the 

growth of microorganisms was hindered due to the depletion of the nutrients in the culture 

medium. This is indicating that the consumable carbon source present in the effluent was 

limited, namely not all of COD could be consumed by the yeast and bacteria. Lipid 

production also raises with increases of incubation time in the initial period of operation, 

but it started decreasing after a few days of operation due to the degradation of storage 

lipids by microbes. This fact is well established that the oleaginous microorganisms 

usually seen to store lipids at initial stage especially during the lag/log and nitrogen 

limiting phase, and break it down under carbon limiting conditions (Cheirsilp et al., 2011; 

Fakas et al., 2007; Karim et al., 2019). In our study, we observed that the lipid 

accumulation and COD removal was enhanced with increase in time from 80 h to 100 h 

and obtained a maximum COD removal efficiency (~85%) and lipid accumulation (2.81 

g/L) at 90 h of incubation time. These results are congruent with Ali et al. (2017), where 

they reported that Aspergillus spp. obtained maximum lipid production after five days 

(120 h) of incubation. Likewise, a mixed culture of microalga C. vulgaris and oleaginous 

yeast R. glutinis showed highest biomass as well as lipid production after five days of 

cultivation in industrial waste, then slightly decreased in lipid production on day 7 
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(Cheirsilp et al., 2011). Ali and El-Ghonemy (2014) noticed that the Aspergillus sp. and 

Trichoderma viride NRC314 achieved maximum lipid production after five days 

incubation. Therefore, the COD removal efficiency and lipid accumulation were 

significantly dependent on the incubation time. 

To sum up, the statistical model suggests that the maximum lipid accumulation 

of 2.95 g/L and COD removal of 86.54%, could be achieved under the conditions of 

inoculum composition, 1:1; pH 6.5; temperature, 32.5 ℃; and incubation time, 90 h. An 

experiment was conducted by following optimum parameters given by the model to 

justify the accuracy of model predictions. We obtained less than 5% deviation between 

model predictions and real experiments results which apparently justify the uses of the 

proposed model. The results of the present study suggest that the performance of 

microbial lipid production and bioremediation could be improved using yeast bacteria 

co-culture inoculum in certain optimum conditions. However, further study needs to be 

conducted to develop a mechanistic model to know the insight of co-culture inoculum 

influences on lipid production and POME bioremediation. 
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CHAPTER 8          

CONCLUSIONS AND RECOMMENDATIONS 

8.1 Conclusions 

Important conclusions based on the objectives are presented below:  

Objective 1: To investigate the bioremediation efficiency of POME by B. cereus, 

L. starkeyi and their co-culture inoculum. 

The potential of POME bioremediation by B. cereus, L. starkeyi and co-culture 

inoculum was evaluated by using different POME concentrations. It was observed that 

the moderately dilute solution of POME (50%) showed higher microbial growth and 

offered a significantly higher degree of bioremediation. Furthermore, higher remediation 

was achieved using the co-culture inoculum in the 50% POME, especially COD and 

BOD, demonstrating removal efficiencies of 83.66% and 77.34%, respectively. 

Nevertheless, POME treated with co-culture inoculum obtained a higher GI value than 

the other samples (treated by pure cultures and untreated) due to the significant 

remediation of detrimental organics present in the POME.  

The process technology implications: These results obtained from objective 1 

suggest that co-culture of yeast and bacteria is a suitable inoculum to degrade the toxic 

components of POME and could improve the seed germination rate if treated POME is 

used for irrigation purposes. Moreover, the aerobically treated POME could be well 

utilized on an industrial scale for the betterment of agricultural crops with proper dilution. 

This diluted and treated by co-culture effluent could be used both for invigorating the 

seeds and for further irrigating crops or nurseries. Therefore, POME bioremediation by 

B. cereus, L. starkeyi and their co-culture inoculum would be an attractive option to 

achieve the environmental resilience. 

Objective 2: To study the efficiency of microbial lipid extraction using a novel 

EP technique compared to several conventional extraction techniques. 
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This study revealed that EP is a potentially viable technique for disrupting the 

microbial cell wall, which is a rate limiting factor for the lipid extraction step in biodiesel 

synthesis. The EP demonstrated a higher lipid extraction efficiency of 31.88% (wt.%) 

compared to the ultrasound (11.89%), Fenton’s reagent (16.80%), and solvent extraction 

(9.60%).  

The process technology implications: The results obtained from objective 2 

suggest that the EP technique could be a promising pretreatment techinique to overcome 

the limitations of the conventional technique such as greater chemical use, high retention 

time, and high energy input. This is a significant achievement from industrial and 

environmental point of view. Moreover, the analysis of lipid composition reported in this 

study suggests that the EP technique does not alter the extracted lipid profile, which is 

very promising for the direct transesterification of microbial lipid to biodiesel using wet 

biomass. Thus the steps for biomass drying could be avoided.  

Objective 3: To evaluate lipid accumulation performance of B. cereus, L. starkeyi 

and their co-culture through POME bioremediation. 

The co-culture inoculum was found to have potential for the highest biomass 

growth (9.16 g/L) and lipid accumulation (2.21 g/L), with a lipid content of 24.12% (dry 

weight basis) in the 50% (v/v) POME. The co-culture of B. cereus and L. starkeyi 

accumulated higher lipid compared to the single cultures because of the synergistic 

interaction between B. cereus and L. starkeyi which substantially enhanced the growth 

and biomass production by the co-culture.  

The process technology implications: The results achieved from objective 3 

suggest that POME can be a promising feedstock for large scale microbial lipid 

production instead of using commercial medium like glucose. Generally, fats and fatty 

acids from animal and plant sources are unacceptable, to some extent, due to the conflict 

of food vs fuel. Oleaginous microorganisms are capable of producing a wide range of 

saturated and polyunsaturated fatty acids, similar to plant oils, and could reduce pressure 

to use food sources.  

Objective 4: To optimize the yeast-bacteria co-culture for enhancing lipid 

production and bioremediation efficiency using response surface methodology (RSM). 
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The statistical model showed that a maximum lipid accumulation of 2.95 g/L and 

COD removal of 86.54%, could be achieved under the optimized conditions for inoculum 

composition, 1:1; pH 6.5; temperature, 32.5 ℃; and incubation time, 90 h. Furthermore, 

the predicted results were very close to experimental results (<5% deviation), hence the 

proposed model could be used to predict the lipid accumulation performance of a yeast 

and bacterium co-culture through the effective COD removal from POME.    

The process technology implications: The result of optimization study obtained 

from objective 4 suggest that the performance of microbial lipid production and 

bioremediation could be improved using yeast bacteria co-culture inoculum in certain 

optimum conditions. This finding will pave the way to develop a large-scale production 

process compatible with industrial development. Therefore, this study provides an 

alternative way to valorize the POME as a growth media for the production of microbial 

lipids suitable for biodiesel production and simultaneously provides a strategy to reduce 

wastewater pollution loads. 

8.2 Recommendations 

In the present work, the effect of the yeast and bacteria (B. cereus and L. starkeyi) 

co-culture was studied in a lab-scale; however, further research is required to evaluate 

the applicability of co-culture for a large scale POME wastewater remediation. POME 

was sterilized by autoclaving to inactivate other microbes present in POME as the target 

of this study was to evaluate the efficiency of several targeted microbes in terms of 

bioremediation and lipid accumulation. However, autoclaving is not economically 

feasible on a large-scale thus the next set of experiments should include raw, as-is, in-

sterilized POME as the feedstock as this will be the real feedstock in the real world.  

In this study, EP treatment was employed with a batch reactor in the lab-scale. 

Further study is required to engineer the EP circuit and placement of electrodes for a 

large-scale application that may entail flow between the electrodes. Moreover, a more 

precise and sophisticated EP circuit could be designed which allow real time monitoring 

of the voltage, frequency, current, pulse duration, etc.  

In the present study, the co-culture of a bacteria and yeast was evaluated as an 

effective inoculum to increase biomass production and intracellular lipid accumulation 
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capability. However, the more deeper insights is rquired to reveal the mechanism of 

synergistic relationships between yeast and bacteria by analyzing extracellular 

metabolites in the fermentation medium. For example, yeast can produce some organic 

acids (glycerol, propionic acid, pyruvic and acetic acids), glycidyl ether, and palmitic 

acid (may be inhibitory, reduce pH) and the contents of some amino acids (glycine and 

proline) which may be beneficial for lipid accumulation.  

The parameters of co-culture inoculum were optimized using RSM modelling 

tools, but the mechanistic model should be developed using differential equations and 

mathematical equations in future study. Moreover, only four parameters such as the 

inoculum composition, pH, temperature, and incubation time were studied here; but more 

parameters like aeration/shaking conditions, nutrients supplements etc. can be explored 

in the future study. 
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APPENDIX A 

FIGURES AND TABLES 

 

 

 

Figure A 1 Enhancement of pH during the treatment of POME.
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Figure A 2 Visualization of seed germination after 3 days on different POME medium 

a) control, b) raw (100% POME before treatment), c) 50% POME before treatment, d) 

50% POME treated by B. cereus, e) 50% POME treated by L. starkeyi, f) 50% POME 

treated by co-culture.
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Figure A 3 Viability of colony forming unit (CFU) reduces with EP treatment (2 cm 

electrode distance).



 209 

 

Figure A 4 Schematic of the EP treatment for lipid extraction from yeast cell.
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Figure A 5 Normal probability plot for the residuals from the (a) COD removal 

efficiency, (b) lipid accumulation output model. 

 

 

Table A 1 Wastewater characteristics of raw POME and 50% POME (before and 

after autoclaved). 

Parameter 
Raw POME 

(mg/L) 

50% POME 

Before 

Autoclaved 

(mg/L) 

After 

Autoclaved 

(mg/L) 

Biochemical oxygen demand 
(BOD) 

21600 ± 
3150 

16345 ± 1367 14821 ± 984 

Chemical oxygen demand 
(COD) 

52450 ± 
5798 

25752 ± 1648 23532 ± 762 

Total organic content (TOC) 8900 ± 780 3873 ± 256 3485 ± 234 

Total phenolic content (TPC) 2350 ± 670 1270 ± 195 1044 ± 87 

Ammoniacal nitrogen (AN) 96 ± 22 67 ± 13 65 ± 9 

Nitrite nitrogen (NN) 140 ± 32 84 ± 17 81 ± 12 

Total nitrogen (TN) 752 ± 103 343 ± 57 328 ± 18 

Total dissolved solid (TDS) 
19875 ± 
4795 

11402 ± 2573 19687 ± 873 

Total solid (TS) 
35250 ± 
12350 

16035 ± 4187 35085 ± 996 

Total suspended solid (TSS) 
15360 ± 
3275 

6830 ± 1054 14963 ± 651 

Oil and Grease (O & G) 4814 ± 2750 3857 ± 839 3523 ± 585 
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Table A 2 Central composite design (actual values) to maximize the COD removal 

and lipid accumulation using a co-culture inoculum. 

Ru

n 

No. 

Concentratio

n of inoculum 

A (%) 

pH 
Temperatur

e (°C) 

Incubatio

n time (h) 

COD 

remova

l (%) 

Lipid 

accumulatio

n (g/L) 

1 50.00 6.50 32.50 90.00 85 2.81 
2 30.00 7.00 30.00 80.00 73 2.05 

3 50.00 6.50 37.50 90.00 80 1.97 

4 50.00 5.50 32.50 90.00 74 1.76 

5 90.00 6.50 32.50 90.00 75 1.13 

6 30.00 7.00 30.00 100.00 78 2.18 

7 50.00 6.50 32.50 90.00 83 2.77 

8 30.00 6.00 30.00 100.00 81 2.25 

9 70.00 7.00 35.00 100.00 82 1.58 

10 70.00 7.00 35.00 80.00 75 1.14 

11 30.00 6.00 30.00 80.00 73 1.67 

12 30.00 6.00 35.00 80.00 76 1.99 

13 30.00 7.00 35.00 80.00 80 1.14 

14 50.00 7.50 32.50 90.00 83 1.57 

15 50.00 6.50 32.50 90.00 84 2.80 

16 70.00 6.00 35.00 80.00 80 1.58 

17 70.00 6.00 35.00 100.00 82 1.78 

18 30.00 7.00 35.00 100.00 82 1.48 

19 70.00 6.00 30.00 80.00 73 1.25 

20 70.00 6.00 30.00 100.00 78 1.55 

21 30.00 6.00 35.00 100.00 81 1.76 

22 50.00 6.50 32.50 90.00 82 2.71 

23 50.00 6.50 32.50 90.00 83 2.76 

24 10.00 6.50 32.50 90.00 73 1.25 

25 50.00 6.50 32.50 70.00 75 1.56 

26 50.00 6.50 32.50 110.00 86 2.89 

27 70.00 7.00 30.00 100.00 79 1.25 

28 50.00 6.50 27.50 90.00 70 1.37 

29 50.00 6.50 32.50 90.00 85 2.80 

30 70.00 7.00 30.00 80.00 73 1.16 
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